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CHAPTER 1 : BACKGROUND AND INTRODUCTION TO PRIOR ART 

The Role of Hydrogels as Tools for Regenerative Medicine 

Hydrogels are a keystone in the development of tools for regenerative medicine, both for their 

inherent biomimetic properties and their broad capacity for functional modification. Fundamentally, 

hydrogels are three-dimensional networks of insoluble polymers which are capable of absorbing and 

retaining large amounts of water1,2. They are formed when a solution of individual polymer chains is 

exposed either to a crosslinking agent which chemically bonds the chains together, or to environmental 

conditions that thermodynamically drive the polymer chains together to form reversible, physical bonds. 

Hydrogels can be classified into either naturally derived hydrogels, including gelatin, alginate, fibrin and 

hyaluronic acid, or synthetic hydrogels, including polyethylene glycol (PEG), polyvinyl alcohol (PVA), 

polyvinyl caprolactam and pluronic F-1271–4.  

Many members of this family of polymers share structural and chemical traits which make them 

particularly desirable when working in the field of regenerative medicine, such as biocompatibility, tunable 

viscoelastic structure, and high-water content. Biocompatibility is a particularly important consideration 

when creating medical devices, as exposing the host to toxic substances or provoking an immune response 

can lead to scarring, inflammation and rejection that render the intervention more harmful than helpful. 

Many natural and synthetic hydrogel polymers, including all those listed above, have demonstrated low to 

negligible levels of toxicity and immunogenicity when applied in vivo5. Polymers can be further 

functionalized with the chemical addition of peptide sequences, such as the ubiquitous RGD sequence, to 

promote cellular adhesion, growth and maturation6,7. Additionally, many of these polymers are 

bioresorbable or compatible with cellular remodeling, further increasing their potential for long-term 

interaction in the human body. However, many reagents used in the synthesis or derivation of polymers, 

including solvents, crosslinkers, initiators, emulsifiers and unreacted monomers, may still prove harmful to 

cells if they are still present in the gel even at low concentrations2. Depending on factors such as polymer 

charge, pH, hydrophilicity, average molecular weight, and crosslink density, hydrogels can have a physical 

structure ranging from firm and elastic to amorphous and viscous. By tuning combinations of these factors, 

the bulk properties of hydrogels can be tailored to specific applications, such as replicating the mechanical 
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stiffness of a tissue type to encourage cell proliferation8 or creating a 3D printable bioink with shear thinning 

properties9. A hydrogel’s high capacity for water serves several purposes: it offers a flexible reservoir of 

fluid at the site of application which is able to both provide hydration and absorb exudate, it typically reduces 

the polymer network’s glass transition temperature resulting in flexible or viscous behaviors2, and critically, 

it enables the gel to act as a medium in which solutes can be transported. Diffusion is the primary 

phenomenon which drives mass transport in a hydrogel and, similar to its mechanical properties, its 

transport properties are chiefly governed by the chemical characteristics and porosity of the polymeric 

network. These diffusive properties determine the rate at which critical solutes such as growth factors, 

therapeutic agents, vital nutrients and waste products can be exchanged between the gel and its 

environment.  

The ability to control the transport properties of a hydrogel is critical in the development of 

technologies for tissue engineering, drug delivery, bio-separations, therapeutic care and more; however, 

altering diffusivity via the polymer network faces major issues. First, it is extremely difficult to disentangle 

the effects that changing porosity has on both the diffusive and mechanical properties of a hydrogel; 

therefore, altering the average molecular weight of the polymer or the crosslinking density of the network 

may increase the rate at which a solute diffuses out of a gel, but it will also affect the stiffness and strength 

of that gel. Second, it is difficult to achieve nanopores in a polymer mesh greater than 100 nm10, which 

imposes a soft limit on the diffusivity possible within a solid hydrogel and still restricts transport as governed 

only by diffusion. By patterning features on the micrometer scale into hydrogel constructs, additionally 

transport pathways can be created, circumventing the diffusive limitation of hydrogel materials while 

retaining the biocompatibility and biomimetic mechanics which make them so desirable for medical 

applications. 

 

Structured Hydrogels 

Structured hydrogels are hydrogels that have been fabricated with micrometer scale features, or 

macropores, which enable mass transport in ways other than bulk diffusion through the polymer network. 

In addition to their transport properties, macropores are also able to guide and promote cell behaviors, 
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including invasion11, proliferation12, phenotypic expression13,14 and directional alignment15. In order to take 

advantage of these benefits for tissue engineering purposes, several factors need to be considered.  

One obvious, but non-trivial, factor is that any processing performed on a hydrogel must be safe 

for the cells it has been designed for. In cases where cells are encapsulated in the gel during crosslinking 

or post-processing that needs to be performed following cell seeding, many common reagents used in the 

production of structured hydrogels, including many crosslinkers, porogens, organic solvents, emulsifiers 

and stabilizers, become completely unfeasible10,16,17. Even innocuous components such as the NaCl used 

in salt templating (one of the most common methods of producing macropores) pose a risk to cell viability, 

as the leeching process results in damagingly high osmotic pressures. In cases where the gel is fabricated 

without cells and can undergo multiple washing steps, the removal of toxic components still needs to be 

handled with scrupulous care as their presence even at low concentrations can have a significant effect on 

cell viability18. Over the years many macropore patterning processes have been developed which preserve 

the viability of the cells; for example, microspheres formed from non-toxic, water-soluble polymers have 

been produced with tunable diameters and used to template macropores in cell encapsulating 

hydrogels16,19. Using polymer microspheres, the “inverse opal structure” has been applied to hydrogel 

templating which adds high degrees of interconnectivity and uniformity to the macropores by first packing 

degradable hydrogel spheres then pouring a different hydrogel matrix to gel in the negative space20. This 

method also highlights an inherent drawback with using evenly dispersed, isotropic porogens to produce 

macropores: a high degree of porosity means sacrificing large volumes of solid gel. This results in 

weakened mechanical properties and reduced density that make the gel impractical for tissue engineering 

purposes10,21.  

Anisotropic macropores address the mechanical weakness of structured hydrogels by introducing 

directionality and a high aspect ratio to the macropores, allowing for the pore network to traverse the gel 

volume while retaining a higher percentage of solid material. Anisotropic pores are also attractive because 

of the hierarchical structure they create. Unidirectional cryogelation produces macropores with a linear, 

aligned architecture, providing strength along the axial direction and a scaffold architecture useful for the 

cultivation of tissue types such as muscle and bone22–24. Still, cryogels remain fragile in the radial direction 

and are hostile to encapsulated cells which rupture or dehydrate during the freezing process. Sacrificial 
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templating provides a method to 

produce more complex pore 

architectures while retaining the 

viability of encapsulated cells, and 

employs technologies such as soft 

lithography, 3D printing, optical 

hardware, and electro-spinning to 

create the thin, fibrous templates that 

will become anisotropic channels in a 

hydrogel. These techniques will be covered in greater detail in following sections, but for now it is important 

to note that these technologies enable the production of a myriad of tissue engineered systems, with 

vascular tissue engineering as an area of particular focus. The human cardiovascular tree is a highly 

organized and efficient transport systems and the ability to reproduce its properties in a hydrogel is a 

technology that tissue engineers have been determinedly pursuing for decades.  

 

Background on Vascular Physiology  

The human circulatory system is a complex, branching network of blood vessels built to efficiently 

transport nutrients, remove waste and send signals throughout the body. These vessels are organized like 

a tree, beginning with the largest artery, the aorta, and gradually dividing into progressively smaller 

functional units: the arteries, arterioles, and capillaries (Figure 1). The size and density of these branches 

are governed by minimizing the energetic demand of maintaining blood flow while simultaneously meeting 

the metabolic requirement of the surrounding tissue. These observations were first published by Cecil D. 

Murray in her foundational 1926 paper, "The Physiological Principle of Minimum Work: I. The Vascular 

System and the Cost of Blood Volume," which describes how blood vessels will branch such that the cube 

of the diameter of the parent vessel (a0) is equal to the sum of the cubes of the diameters of the child 

vessels (a1, a2 … an) (Equation 1) 25.  

𝑎0
3 =  ∑ 𝑎𝑖

3𝑛
1 =  𝑎1

3 +  𝑎2
3 + ⋯ 𝑎𝑛

3     Eq.1.1 

Figure 1.1: Pore structures for solid and macroporous 

hydrogels. Made using Biorender.com 
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As blood is pumped away from the heart, it first encounters large elastic arteries (diameter = 1-

4mm), which easily expand to serve as both reservoirs and dampeners for pulses of blood26, before 

reaching smaller, more muscular arteries (d = 0.2-1mm). All arteries are multi-layered organs whose key 

structural features are the high amount of elastin and concentric smooth muscle cells found in the tunica 

media, which give the vessels their ability to contract and continue driving blood flow.27 Once the network 

has branched down to a feed artery, the flow will enter the microcirculation embedded in organ tissue and 

vascular functions begin to shift.  

The microcirculatory system is first composed of several orders of arterioles (d = 20-200 μm), then 

finally the capillary bed (d = 5-10 μm)18,20,21. Arterioles contain 1-2 layers of smooth muscle cells and are 

the primary controllers of hemodynamic resistance in the peripheral circulatory system, mainly determining 

the amount of blood flow a tissue receives28. The capillary bed is the end of the vascular tree and contains 

the smallest vessels in the body, which act as the point of solute exchange and chemical communication 

between the bloodstream and local tissue26. Structurally, capillaries are also unique within the vascular tree, 

as they are composed of only a single layer of endothelial cells and a basement membrane that may be 

invested with pericytes to act as support28. This structure presents a small resistance for solute flux into 

neighboring tissue while still allowing for some selective permeability. The combination of the capillaries’ 

minimized diameter and thin vessel wall enables their function as exchange vessels: they present a very 

large surface area for solute exchange while occupying a small fraction of the total tissue volume. This kind 

of vascular architecture is critical to 

supporting cell-dense tissues, which 

can only survive a few hundred 

micrometers away from a source of 

vital gasses and nutrients before 

diffusion can no longer match their 

consumption rate and the tissues 

necrose29–33. Combining these 

nutrient exchange sites with larger-

scale transport arteries allows cell-
Figure 1.2: Hierarchy of the microvasculature (Fleischer et al. 2020)  
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dense tissues to overcome their diffusion limitation and ensures access to a fresh source of nutrients. 

Additionally, the transluminal movement of fluid occurring at capillaries is what primarily drives interstitial 

flow in tissues which plays a critical role in regulating tissue function as well as driving angiogenesis34,35. 

The pressures and pathways of interstitial flow are significantly impacted by the architecture and distribution 

of exchange vessels. It is clear that when designing vasculature for tissue-engineered systems, the vessels' 

architecture, scale, and structure will play critical roles in performing the functions that they will need to 

recreate31,36.   

 

Motivation for Improving Tissue Engineered Systems with Artificial Vasculature 

The Development of Thick Artificial Organs for Transplant 

Perhaps the most significant application of microchannel networks in hydrogel platforms will be 

developing thick artificial tissues for transplantation. The US Department of Health and Human Services 

reports that there are currently over 100,000 people on the waiting list for a life-saving organ transplant and 

that, every nine minutes, another person is added to that list37. Though the national Organ Procurement 

and Transplant Network (OPTN) is seeing record-breaking numbers of donors, the gap between the supply 

of transplantable organs and the number of people who need them remains massive and is expected to 

grow even more with an aging global population38. The ability to engineer organs for transplant would be 

critical for addressing this need; however, current tissue engineering technology is unable to produce such 

candidate organs. 

 In general, cells within living tissue can only survive a few hundred micrometers away from a 

source of vital gases and nutrients: within this range the cells’ metabolic needs are met effectively by 

diffusion29–33. Beyond this range cells begin to starve, waste products build up, and the tissue becomes 

necrotic. This has traditionally limited development of engineered tissues to geometries where the thickest 

dimension does not exceed the diffusion limit, such as organoids and thin-walled organs39. In order to 

develop a greater diversity of artificial tissues, expand their thickness beyond a few hundred micrometers, 

and eventually develop fully transplantable organs, a microvascular network must be engineered to carry 

nutrients throughout.  
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Though the in-vitro creation of a fully functional kidney or liver is currently out of reach, techniques 

for fabricating transplantable tissues have been steadily growing in sophistication. Contemporary 

engineered tissues can be grouped by their geometries into flat, tubular, hollow-nontubular, and solid types, 

in order of increasing complexity39. Flat organs that are not significantly impacted by the diffusion limit of 

oxygen present the simplest tissue geometries to replicate. As a result, artificial skin was among the first 

engineered tissues to make the transition from a theoretical research product to a clinically available 

treatment40. Advances to tissue-engineered skin since then include combining keratinocyte-laden 

epidermal layers and fibroblast-laden dermal layers into a multi-layer skin graft and incorporating anti-

microbial scaffolding directly into the artificial skin39,41,42. Tubular organs share an equal amount of history 

and clinical promise. Tissue-engineered blood vessels have been around since Weinberg and Bell's first 

in-vitro vascular model in 198643. Now artificial vessels can be fabricated using autologous cell populations 

in molded biocompatible matrices and used to treat illness like end-stage renal and vascular disease33,44. 

Much like the previously mentioned artificial tissues, hollow non-tubular organs have been developed by 

fabricating specially shaped, biocompatible scaffolds seeded with autologous cells. This was demonstrated 

by the successful implantation of tissue-engineered bladders by Atala et al45. Across all levels of complexity, 

progress in three-dimensional (3D) engineered tissues has growth with advancements in adjacent fields, 

such as stem cell generation, genetic modification, immunomodulation, mechanobiology, and smart 

biomaterial creation46. Progress continues to push towards the development of large, solid artificial tissues 

and a critical step in that journey will be the development of a functional vascular system to support organ 

tissue. 

 

Prevascularization of Tissue Engineered Systems  

Even though tissue-engineered microvasculature is still in its infancy, it presents exciting 

possibilities for clinical and pharmacological applications. As mentioned earlier, overcoming the diffusion 

limitation of nutrients in tissue is an essential step towards creating artificial, transplantable, solid organs. 

Since the rate of angiogenic growth is only about 5 μm/hour, host vasculature cannot penetrate and perfuse 

constructs before their center becomes necrotic36,47. Some form of prevascularization is necessary in 

engineered tissue constructs to anastomose with host vasculature and fully supply the implanted tissue 



 8 

volume with necessary nutrients and mechano-chemical signals. Although not widely applied, some clinical 

methods of pre-vascularization have already been conducted. Many of these involve implanting the tissue 

construct into a highly vascular site, such as a muscle flap, allowing the host's body to act as a bioreactor 

to vascularize the construct, then excising it for implantation into the target site47. This method has shown 

effectiveness for vascularizing artificial bone but falls short when attempted with more cell-dense tissues 

because metabolic demand outpaces angiogenesis. Nonetheless, natural integration of host vasculature 

into the tissue construct is a very important step in developing these technologies for regenerative medicine. 

Toward this end, many of the same approaches used to encourage vascular development in bottom-up 

fabrication methods have likewise been applied to implanted tissue constructs, including using pro-

angiogenic scaffold materials, growth factors, and cell seeding.  

While this technology is still in early clinical development, many studies support the efficacy of pre-

vascularizing tissue engineered devices prior to implantation. In 2017, Stevens et al. published an 

hepatocyte and endothelial seeded gel: these tissue constructs responded to liver injury in host mice, grew 

over 50-fold in size, developed liver morphology, and significantly repaired liver function only when 

endothelial cells were initially patterned into rudimentary vascular chords48. Likewise, improved in situ 

functionality for pre-vascularized tissue engineered devices has been demonstrated in both artificial 

muscle49 and artificial skin50. In addition to improving artificial organ implants, artificial microvasculature 

could be used to treat areas of ischemic injury, which demand the restoration of blood flow on a microscopic 

level. Injuries such as severe burns, coronary microvascular disease, and diabetic wound healing would all 

benefit from quick restoration of microvascular function that a prefabricated capillary bed could provide, as 

demonstrated by the aforementioned artificial vascularized-skin graft50. Furthermore, pre-vascularization 

has been shown to accelerate anastomosis in fibrin constructs, supporting the theory that pre-vascularized 

artificial tissues will connect to host blood flow faster and establish perfusion sooner51.  

 

Improving Drug Testing Platforms  

Outside of the clinic, engineered tissues hold significant value as research tools and can be 

improved by integration with artificial vasculature. Cell culture on 2D substrates has historically offered very 

convenient and effective models for testing. However, these models often lack the cell-to-cell signaling and 
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genetic expression profile of similar cell types grown in a 3D architecture52. Live animal models, on the 

other hand, can bring a systems-level complexity to disease research, but this same complexity can make 

results difficult to draw conclusions from, and the inherent differences between animal and human biology 

have limited their translational value. By using cell lines derived from autologous stem cells and culturing 

them in a 3D architecture, organoid models and organs-on-chips offer tissue-specific structure, biochemical 

and mechanical cues, and cellular behaviors far more like that of their in-vivo counterparts, as demonstrated 

by models of kidneys53, retina54, liver55, and many other organ types52. Greater in-vivo similarity also means 

greater accuracy for drug efficacy profiling, as demonstrated by an organ-on-chip model of lung carcinoma, 

which found a difference of three orders of magnitude for the effective dosage of TGF-βR inhibitor between 

the 3D and 2D cultures56. Drug induced toxicity in critical organs, especially the liver, accounts for a large 

percentage of drug withdrawal from the market. Evaluations of liver organ-on-chips57 and organoids58 have 

already shown more similar metabolic and pharmacosensitive behaviors, which may dramatically improve 

future in-vitro drug toxicity evaluation.  

It is clear that developing more biomimetic models of human tissue has powerful applications in 

research settings and that the closer these organ models can come to resembling their natural counterpart, 

the more powerful these applications will be. Evidence repeatedly supports the microvasculature's critical 

role in producing more physiologically relevant in vitro microphysiological systems59,60. Microvasculature is 

important for supplying the parenchyma with nutrients, but organ-specific endothelial cells also contribute 

to the identity of the organ by guiding differentiation and phenotype expression with molecular queues61,62. 

For example, when cultured in concert with endothelial cells, pancreatic progenitor cells produced cell 

clusters exhibiting increased pancreatic maturity63. In another experiment, cardiac cells cultured on a pre-

vascularized substrate demonstrated more in vivo like excitation thresholds, cell striation, and cell-cell 

junctions64. The introduction of microvasculature to in vitro organ systems also opens up the potential for 

physiological communication between different organ niches, as shown in the impressive example by 

Glaser et al., where separate chambers containing the endosteal and perivascular niches showed functional 

interaction with shared vasculature65. Beyond the duplication of organs, integrated microvasculature also 

holds great relevance for tracking disease progression. Most notably would be tracking cancer-related 

angiogenesis, which is currently being explored in microphysiological settings66,67. Microphysiological 



 10 

devices stand to benefit a great deal from reliably fabricating microvasculature and integrating it into their 

existing systems.  

 

Modern Methods of Engineering Artificial Vasculature 

While large vascular grafts have been evolving for decades in both the lab and the clinic, small-

scale artificial vasculature remains in its infancy. This is because designing artificial capillaries presents a 

very different set of challenges compared to designing artificial arteries or veins. When making large 

artificial vasculature, it is most important to produce a device with high mechanical compliance and 

resilience, while remaining non-thrombogenic and well-integrated into the body44. For this purpose, many 

modern scaffold-producing techniques for vessel grafts, such as sheet rolling, electrospinning and molding, 

are excellent at producing single millimeter-scale tubes of extracellular matrix (ECM) that can be layered 

with multiple cell types. However, these same techniques fail when applied to producing the micro-scale, 

tortuous, and single-layered architecture of capillaries. Capillaries are hundreds of times smaller than 

arteries and primarily serve the purpose of solute exchange with local tissue as opposed to long-distance 

fluid and solute transport26; therefore, replicating these microfluidic and transmural transport properties 

becomes the primary design criteria.  

 

Bottom-Up Design 

In recent years, a diverse array of techniques have been developed to vascularize artificial tissues 

and can be broadly categorized as either "bottom-up" or "top-down" in their methodology. Bottom-up 

techniques use physical and biochemical cues to direct embedded cells to create microvasculature44. This 

process relies on either inducing vasculogenesis, in which endothelial or progenitor cells self-assemble into 

vasculature, or by inducing angiogenesis, in which new vessels are grown from extant vasculature. In both 

cases, bottom-up vascular devices are usually created using microfluidic systems, which provide precise 

spatiotemporal control over the cues that promote vascularization66,68,69. A popular design for these 

microfluidic devices involves parallel flow channels in a polydimethyl siloxane (PDMS) chip, surrounding a 

central fenestrated channel containing a hydrogel matrix to support the vessel formation (Figure 1.3). This 

architecture is especially important in angiogenic models; vessel budding can be stimulated on an 
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endothelialized channel wall by exposing the lumen to shear forces or to a chemical gradient orthogonal to 

the direction of flow66,70,71.  

In vasculogenic models, by contrast, endothelial cells are mixed directly into the hydrogel along 

with growth factors and supporting cell types, after which they naturally organize into vascular lumens and 

anastomose to form fresh media channels69,72. Some research groups have experimented with novel 

hydrogel materials as a means of better controlling bottom-up vascularization. In 2012, Chen et al.73 

demonstrated a photocrosslinkable gelatin-methacrylate polymer that exhibited tunable mechanical 

properties that controlled the extent of vasculogenesis in the gel. Other synthetic hydrogels have 

demonstrated control over the directionality of vessel formation by manipulating the spatial arrangement of 

RGD sites, peptide sequences essential for cell adhesion74 or matrix metalloproteinase cleavable cross-

links75. In addition to experimenting with material properties, researchers have also applied bottom-up 

vascular systems as tissue coculture models by mixing the cell type of interest into the hydrogel with the 

endothelial and supporting cells (Figure 1.4) 69,76. While these methods have seen a great deal of success 

in the context of microfluidic and organ-on-a-chip technologies, the approaches have not translated well to 

designing for thick tissues. These methods face a key design challenge: the self-assembly process occurs 

on a time scale of many days, rendering the core of thick tissue necrotic before perfusable vasculature can 

assemble and support it31,36. This conflict between the time-to-self-assemble versus the time-to-necrose 

Figure 1.3: Example of an angiogenic, organ-on-a-chip style microdevice with parallel, fenestrated 

organization. (Kim et al. 2015) 
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means that other techniques may be better suited for 3D vascular engineering, techniques which can 

produce fully perfusable networks quickly enough to support the surrounding tissue.  

 

Top-Down Design 

As opposed to bottom-up strategies relying on cells to self-vascularize the matrix, top-down 

strategies pattern vascular channels directly into the matrix and then endothelialize the channels. Because 

top-down approaches can generate matrices with fully perfusable circulatory systems in a matter of hours 

Figure 1.4: Integration of brain pericytes and astrocytes into a vasculogenic organ-on-a-chip.  (Kamm et 

al. 2018) 
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rather than days, these kinds of techniques show the most promise for producing thick tissue constructs. 

Micromolding techniques were used in early top-down methods, as established by the Tien Lab at Boston 

University, where a hydrogel matrix was poured around a removable needle, producing a straight, 

cylindrical channel in the matrix77. The simple architecture of these devices were expanded upon with the 

adaptation of traditional soft-lithography to vascular engineering. PDMS stamps and molds created could 

produce branching channels and vessel arrays in devices78–81.  The foundational 2007 paper by Golden 

and Tien used soft-lithography to create master PDMS molds, from which gelatin network meshes were 

produced and used to sacrificially mold channels80. While this was a significant improvement from straight 

channels that produced perfusable, cell-lined geometries (Figure 1.5A)82, the architecture of these systems 

was still limited to two-dimensions and produced square, non-physiological lumens. In order to create three-

dimensional vascular systems, new and more novel technologies are necessary.  

The adaptation of 3D printing technology to the field of tissue engineering has given rise to many 

techniques for producing three-dimensional vascularized tissue. In 2012, Miller et al. demonstrated the use 

of a sacrificial 3D-printed carbohydrate glass matrix, which was cast in a hydrogel matrix and then dissolved 

and flushed out, leaving behind a vacant network of interconnected, circular channels that could be seeded 

with endothelial cells (Figure 1.5B)83. Many similar methods would follow this approach, producing 

vasculature in tissue devices by 3D printing of a non-toxic, sacrificial template; casting said template in the 

choice matrix; non-destructively removing the template; and finally, seeding the empty circulatory system 

with cells. A tremendous amount of interest has been given to 3D bioprinting and sacrificial patterning as 

these methods offer potential for scalability, a great degree of control over the network architecture, and 

flexibility in the materials used, such as carbohydrates83,84, pluronic acid9,85, collagen86, alginate87,88, and 

polyvinyl alcohol89,90. Additionally, the bio-inks themselves can be laden with various cell types and directly 

printed in target geometries, as demonstrated by the Lewis Group in their pluronic F-127 and gelatin devices 

(Figure 1.5C)9,85. Despite these many attractive production qualities, the technology is limited by its feature 

resolution and has been unable to robustly produce lumen diameters under ~100 μm. This means that 3D-

bioprinting has, as of yet, been unable to faithfully reproduce the scale of microcapillary structures.  

To achieve an even finer degree of resolution, some research groups have applied optical 

technologies to vascular fabrication. Heintz et al. first showed a laser-based photodegradation process in 
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which pre-designed architectures of micro-channels were created in a poly(ethylene glycol) diacrylate 

(PEG-DA) gel by scanning a pulsed femtosecond laser along a pre-programed route (Figure 1.5D)91. 

Impressively, this method was able to closely match the average diameter (6 ± 1.3 μm) and the degree of 

branching and density in capillaries observed in an in-vivo tissue sample. Photodegradation has since been 

Figure 1.5: Artificial vasculature and channel networks made via top-down methods. A) Soft-lithography 

(Zheng et al. 2012). B) Carbohydrate-Glass Sacrificial Templating (Miller et al. 2012) C) 3D printed bio-inks 

(Kolesky et al. 2014). D&E) Laser based photo degradation (Heintz et al. 2016; Arakawa et al. 2017). 

A B 

C D 

E 
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applied to other matrix materials, such the complex PEG-conjugate made by Arakawa et al., which 

incorporated sequences that allowed for photodegradation, cell remodeling, and RGD-integrin binding 

(Figure 1.5E)92. Around the same time as Heintz, other groups explored higher power photo-ablative 

processes to sculpt microchannels in gels that required no special photodegradable side chains, such as 

native type I collagen93. Others have taken the opposite approach, using laser-scanning to photo crosslink 

the full matrix with channels running throughout94. While optical top-down techniques have produced 

channels with exceptional resolution and tortuosity, the process of seeding those channels has proven 

difficult. Channels with diameters as small as 3 μm have been fabricated, but only channels with diameters 

50 μm and larger have reliably been seeded with endothelial cells91,92. These top-down fabrication methods 

also face a critical issue regarding the scalability of their processes: the methods have a fabrication distance 

limited to the working distance of the lenses and the depth of penetration of light into the matrix. These 

limitations restrict the fabrications to a z-height of only a few hundred micrometers36. This limitation will only 

become more limited if optical methods are applied to highly-light-scattering cell-laden matrices. The laser 

scanning process itself is also very time-intensive, which can prove impractical when attempting to fully 

vascularize a thick tissue. Finally, the processes require very expensive laser systems and special optical 

hardware, such as a femtosecond laser or confocal microscope, which limits the accessibility of the 

methods. These innovative methods offer precise control when fabricating artificial vasculature, but there 

still remains a gap to producing these structures in a biomimetic and scalable fashion. 

 

Addressing the Need for Capillary-like Microchannel Patterning: Thermoresponsive Microfiber 

Templating  

In this dissertation I will demonstrate the development of a top-down, sacrificial, template-patterning 

approach capable of producing dense, capillary-like channels for regenerative medical devices. This 

method uses solvent spinning to process the thermoresponsive polymer Soluplus® into a sacrificial 

microfiber mesh, which is then employed to pattern a hydrogel matrix. This approach offers a tunable 

method to create microchannel networks with three-dimensionality, tortuosity, density and high-connectivity 

in a manner that is both scalable and inexpensive. 
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Soluplus 

Soluplus® (BASF) is a polyvinyl caprolactam–polyvinyl acetate–polyethylene glycol graft 

copolymer originally developed by BASF to act as a matrix for pharmaceutical solid dispersions that also 

increases the solubility of its hydrophobic payloads95,96. The polymer exhibits very low toxicity for human 

cells and a temperature-dependent solubility at approximately body temperature: qualities which make it 

an ideal material for fabricating sacrificial microfiber templates95. Soluplus’ rheological properties in water 

have been thoroughly characterized and are defined by a lower critical solution temperature (LCST) of 37-

40 °C at high concentration96,97. Below the LCST, it becomes more energetically favorable for a Soluplus 

polymer to adopt an unfolded configuration, form hydrogen bonds, and increase its solubility in water. Above 

the LCST, the molecule collapses and forms micelles which either precipitate out of solution or aggregate 

as a larger, stronger gel. Other polymers also exhibit LCST behaviors at this temperature range, including 

polyvinyl caprolactam, from which Soluplus derives its thermo-thickening behavior, and poly N-isopropyl 

acrylamide (PNIPAM), which has been extensively used for biomedical applications98. However, Soluplus 

outperforms both in terms of physical robustness99 and, after experimental trials, was more readily 

processed into practical forms. Soluplus has a low glass transition temperature and melt viscosity which 

make it ideal for hot-melt extrusion97,100, but in order to form our three-dimensional microfiber networks 

Figure 1.6: A) Chemical structure of Soluplus B) Temperature dependent rheology of Soluplus solutions 

at increasing concentrations. The point at which the storage modulus (closed circles) crosses over the loss 

modulus (open circles) represents the sol-gel transition temperature indicative of the LCST. (Salah et al. 2018) 

A B 
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Soluplus was processed via solvent spinning, as detailed in the methods section of later chapters. The 

processability and mechanical robustness of Soluplus shows an exciting potential for multi-scale fabrication 

methods in which solvent spun fibers form the micro-scale vessels and hot-melt extrusion prints the 

templates for the meso-scale vessels. By exploiting the properties of Soluplus, it is possible to produce rigid 

sacrificial microfiber templates that are able to maintain their geometry in water above physiological 

temperatures and then become soluble when cooled.  

 

Original work and Applications 

Developing a means to fabricate complex, three dimensional, microchannel networks in hydrogels 

is a keystone in the creation of thick artificial organs, more physiologically relevant tissue models, and more 

translatable drug testing. However, the small scale and complex architecture that enables the channels to 

function effectively as transport vessels also make them exceptionally difficult to fabricate. Conventional 

methods of producing structured hydrogels rely on isotropic dispersions of porogens that remove large 

percentages of gel volume or harsh processing methods that are inviable for encapsulated cells. Bottom-

up techniques are unable to self-assemble vessels before necrosis sets in, and top-down methods either 

suffer from limitations of resolution or scalability. To bridge this gap in artificial vascular fabrication methods, 

I have applied thermoresponsive microfiber templating to produce microvessels in a hydrogel scaffold with 

non-toxic materials. Briefly, the Soluplus microfiber meshes are embedded in a hydrogel matrix at a 

temperature higher than Soluplus’ LCST, then dissolved and removed by perfusing with room temperature 

aqueous solvent, leaving behind a capillary-like lumen. In Chapter 2 I endothelialize these channels using 

human umbilical vein endothelial cells (HUVECs) and culture them for weeks at a time. Endothelialized 

microchannels were also cultured within hydrogels containing suspended fibroblasts, which remained 

viable at 14 days post-seeding, thereby demonstrating their potential for integration into more complicated 

artificial tissue systems. In Chapter 3 I leverage the highly anisotropic geometry of the microchannels to 

modify the transport properties of hydrogel drug excipients. By patterning interpenetrating polymer 

hydrogels with full-thickness microchannel networks, I created devices with accelerated drug-release times 

and no reduction in total payload. Initial data suggests that patterned interpenetrating hydrogels loaded with 

therapeutics can be used to effectively treat partial-to-full thickness burn wounds. In chapter 4 I conclude 
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by summarizing the results of my experiments, discussing their meaning in the context of furthering the field 

of regenerative medicine, and addressing the future challenges and directions of the research. 
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CHAPTER 2 : FABRICATION OF ENDOTHELIALIZED CAPILLARY-LIKE MICROCHANNEL 

NETWORKS USING SACRIFICIAL THERMORESPONSIVE MICROFIBERS 

Adapted from: Rector, J. A.; McBride, L.; Weber, C.; Grossman, K.; Sorets, A.; Ventura-Antunes, L.; Holtz, 

I. K.; Young, K.; Schrag, M.; Lippmann, E. S.; Bellan, L. M. Fabrication of Endothelialized 

Capillary-like Microchannel Networks Using Sacrificial Thermoresponsive Microfibers. 

Biofabrication 2024. https://doi.org/10.1088/1758-5090/ad867d.  

 

Introduction 

The field of tissue engineering is focused on solving a diversity of medical challenges, including the 

growing demand for major organ transplants, the need for patient-specific medical care, and the 

development of more physiologically relevant platforms for drug testing31,101. Meeting these challenges 

requires overcoming the critical hurdle of effectively vascularizing thick engineered tissues. In general, cells 

within living tissue can only survive up to approximately 200 micrometers away from a source of vital gases 

and nutrients: within this range the cells’ metabolic needs are met effectively by diffusion 29–33. Beyond this 

range cells begin to starve, waste products build up, and the tissue becomes necrotic. This has traditionally 

limited development of engineered tissues to geometries where the thickest dimension does not exceed 

the diffusion limit, such as with organoids and thin-walled organs 39. In order to develop a greater diversity 

of artificial tissues and expand their thickness beyond a few hundred micrometers, a microvascular network 

must be engineered to carry nutrients throughout. Furthermore, to effectively support artificial tissues that 

may be candidate for transplantation, it will be important to also recapitulate the scale, architecture, and 

function of different kinds of vessels present in the human vascular tree 31,36,102.  

Blood vessels are hierarchical and multi-functional, branching from largest to smallest and varying 

greatly in purpose along the way. In this hierarchy capillaries are unique: they are the smallest vessels in 

the body with diameters measuring roughly 10 μm, they often form dense, tortuous networks, and they 

possess vessel walls composed of only a thin basement membrane and a single layer of endothelial cells 

26,28. These features support the capillaries’ function as the exchange vessels for the body. They present a 

large surface area for solute exchange while occupying a small volume in the tissue and have vessel walls 

https://doi.org/10.1088/1758-5090/ad867d
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that present a small resistance to solute flux while still possessing some selective permeability. When 

attempting to recapitulate transport processes between the circulatory system and parenchyma, it is critical 

to design with the architecture of microvasculature in mind. 

Techniques for engineering artificial vasculature can either be “bottom-up”, in which cells are 

instructed to self-assemble into vasculature, or “top-down”, in which channels are fabricated directly into a 

hydrogel matrix and endothelialized in subsequent steps. Bottom-up techniques have been demonstrated 

to produce complex, perfusable microvasculature 51,68,72,73; however, these techniques remain unsuitable 

for thick tissue engineering as the self-assembly of vessels requires multiple days, rendering the core of 

the tissue necrotic before perfusable vasculature can fully form and support it 31,36. Top-down approaches 

have been more successful for vascularizing thick engineered tissue, as the entire volume of the construct 

can be perfused shortly following fabrication; however, these technologies still face limitations when it 

comes to patterning complex microvasculature. 3D-printing of sacrificial templates has become a popular 

approach for top-down methods, as this technique offers programmable control over the vessel network 

design and flexibility in choice of materials, including hydrogel inks 9,85–89,103, carbohydrate glass 83,84 and 

PVA90. However, when it comes to fabricating microvessels, 3D-printing methods have struggled with 

producing networks that include channels with diameters under 100 μm and network architecture with 

complexity in the z-direction. Other top-down approaches have employed optical patterning systems to 

produce the channels via photoablation 93, photodegradation 91,92,104, or photo-crosslinking 94. While these 

methods offer an exceptionally fine degree of control and small feature sizes (some producing features as 

small as 10 μm 92) they also require expensive laser systems and optical hardware. More critically, these 

methods face issues when scaling up to fabricating larger tissues, including limited optical working distance 

and impractical amounts of time to fully pattern volumes at the centimeter-scale or larger.  

Once the channels are fabricated there remains the difficult task of culturing an endothelium on the 

channel walls. Modern methods of vascular engineering have made impressive strides in producing such 

living channels: optical techniques have created endothelialized channels as small as 45 μm in diameter 92 

and recently an inkjet printing method produced endothelial-lined vessels with diameters of 30 μm 105. 

These are impressive achievements in vascular fabrication but still fall short of the scale of human 

capillaries. Importantly, both endothelialized networks cited above possess planar architecture and sharp, 
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angular edges; a more biomimetic vessel network will need to possess a complexity similar to that of natural 

capillary beds, including tortuous channel paths, circular lumens, and 3D architecture. To date, current top-

down methodologies have been unable to produce artificial endothelialized microvasculature that replicates 

the physiological size and architecture of human capillaries in a scalable manner.  

Sacrificial microfibers are relatively unexplored in top-down vascular engineering outside of 3D-

printed contexts. Electrospinning has been used to create microfiber meshes with diameters less than 4 

µm from a variety of degradable biomaterials, however the two-dimensional geometry of the fiber mats and 

the harsh chemicals used to process them limit the application of electrospinning in patterning 

microchannels for thick tissue constructs. Sacrificial sodium alginate microfibers with diameters ranging 

Figure 2.1: Advantages of Solvent-Spun Soluplus® Microfiber Patterning. Soluplus® is a thermoresponsive 

polymer which can be processed into fibers with diameters at the capillary scale, while remaining mechanical 

strong enough to be manipulated and positioned in tissue culture systems.  The solvent spinning process is able 

to take this polymer and produce large quantities of microfiber meshes with a tortuous, 3D architecture and round 

lumens. These meshes are then embedded and removed from the system without harsh, cytotoxic processes, 

enabling the patterning of thick artificial tissues with endothelialized microvasculature. Illustration made using 

Biorender.com. 
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from 4-20 µm have been produced using microfluidic platforms, but such hydrogel fibers lack the 

mechanical stability to create complex 3D networks prior to embedding 106,107.  

In this paper, we demonstrate a top-down sacrificial-template-patterning approach capable of 

producing dense, endothelialized, capillary-like channels for tissue-engineered devices. This method uses 

solvent spinning to process the thermoresponsive polymer Soluplus® into a sacrificial microfiber mesh, 

which is then employed to pattern a hydrogel matrix. This approach yields a unique combination of 

advantages and is used here to form microvascular networks capable of supporting thick tissue volumes 

seeded with cells (Figure 2.1). We expand on the previous work by Lee et al. 108 by seeding the channels 

with Human Umbilical Vein Endothelial Cells (HUVECs), thereby forming an endothelium on a capillary-like 

microchannel network. The endothelium’s function as a barrier is demonstrated via a dextran permeability 

assay. Key characteristics of the vascular architecture are quantified by image analysis to demonstrate its 

similarity to natural capillary beds. We also demonstrate the ability to produce endothelialized 

microvasculature within a fibroblast-laden hydrogel and to sustain the coculture for multiple weeks. These 

results outline a method for producing engineered tissues possessing living vascular networks with 

architecture approaching that of native capillaries.  

 

Materials and Methods  

Cell Culture  

All cell types were cultured at 37oC and 5% CO2 in T175 flasks according to ATCC primary cell 

culture protocol 109 and passaged until an appropriate population size had been achieved. HUVECs were 

cultured in endothelial cell media (EC media) that was formulated using Dulbecco’s modified Eagle Medium 

(DMEM/F12; Themo Fisher) supplemented with 5% fetal bovine serum (FBS), 10 mM L-glutamine, 0.75 

U/mL Heparin, 50 μg/mL ascorbic acid, 15 n g/mL IGF-1, 5 ng/mL VEGF, 5 ng/mL FGFb, 5 ng/mL EGF, 1 

μg/mL cortisol, and 100 U/mL pen/strep (All media supplements acquired from Sigma Aldrich or Peprotech). 

Human normal dermal fibroblasts (HNDFs) were cultured in DMEM supplemented with 5% FBS, 5 ng/mL 

FGFb, 10mM L-glutamine, and 100 U/mL pen/strep. Media was changed every 1-2 days and cells were 

split and passaged into new T175 flasks upon reaching 80-90% confluency. 0.25% Trypsin (Gibco) was 

used to detach cells. Cells were then spun down in a centrifuge (Sorvall Legend X1; Thermo Fisher) at 
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120g for 5 minutes, counted and then used to seed new flasks at ~1 million cells/flask. Cells were not used 

for experiments beyond the 9th passage for either cell line. Cells grown in all microchannel gels were 

perfused using the media employed for culture of HUVECs in flasks and media in the perfusion circuit was 

refreshed every 1-2 days. 

 

Microfiber Production  

Sacrificial microfiber templates were produced by spinning a volatile solution of Soluplus® (BASF), 

a polyvinyl caprolactam–polyvinyl acetate–polyethylene glycol graft copolymer, out of custom rotary 

chamber 95,97,110. The polymer solution was made by combining Soluplus® at a 50% w/v ratio with a mixture 

of ethanol and chloroform (7:3), and allowing it to completely dissolve over 2-3 days. To produce the fibers, 

200-400 μL of this solution was loaded into the chamber and spun out of side-facing ports at 3000-3200 

rpm and onto a collection container (Supplementary Figure A1-A). Fibers were left in a fume hood for 20 

minutes to completely dry and then moved to a desiccation chamber until needed for device fabrication.  

Microfiber production was varied by adjusting the w/v ratio of Soluplus® solution to 50%, 55%, 60%, 

and 65%. Motor speed was altered in each case to produce fibers with the potential for embedding in a 

hydrogel. Fibers were then mounted under cover slip on a microscope slide and imaged on both a widefield 

microscope and a stereoscope. Brightfield images of fibers were binarized and skeletonized using FIJI to 

extract feature values. 

 

Fabrication of PDMS Frames  

Silicone elastomer and curing agent (Sylgard 184; Dow Corning) were mixed at a 9:1 ratio and 

degassed using a vacuum chamber for 10 minutes. A 40x22x20 mm tissue embedding mold (Thermo 

Scientific) was prepared by inserting three 16G needles through the walls of the mold and across its width, 

such that 3 evenly spaced, parallel channels were created. Degassed PDMS was poured to a height of 1 

cm in each mold and then set in an 80 ⁰C oven for 2 hours to cure. The needles and molds were then 

removed, producing a PDMS block with three channels. This block was cut down and used to make three 

individual PDMS frames that were each bonded to a thin PDMS base. The fabrication process is detailed 

in Supplementary Figure A2 with visual aids.  
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Fabrication of Microchannel Gels  

To establish a point of fluidic connection, a 1/16”, polypropylene, luer-to-barb fitting (Cole-Parmer) 

was inserted into a circular port on the previously fabricated PDMS frames. A length of 1/32” PTFE tubing 

(Cole-Parmer) was then inserted into both the luer-lok connector and the opposite port in the PDMS, so 

that about 1mm of tubing was protruding into the frame to form a large-inlet channel. A layer of Soluplus® 

was then lightly painted onto the exposed tubing and side-walls of the PDMS device using a thin wooden 

dowel coated in the Soluplus® solution. A small section of Soluplus® microfibers was then cut and inserted 

into the frame, ensuring that connections were established between the fiber cluster and the regions painted 

with Soluplus®. Fiber-laden frames were prepared in batches and allowed to dry for at least 20 minutes in 

a fume hood. In groups of three, fiber-laden frames were plasma treated in a Harrick Plasma Cleaner on 

high power at 700-800 mTorr for 20 minutes to ensure sterility and increase wettability of fiber surfaces. 

Immediately after plasma treatment, devices were moved to a biohood. Sterile solutions of 0.1 g/mL gelatin 

(Sigma-Aldrich; gel strength 300, Type A) in EC-media and 0.1 g/mL microbial transglutaminase (mTG; 

#1203-50, Modernist Pantry) in 1x PBS were kept at 40 ⁰C in a water bath. The two solutions were mixed 

at a 9:1 ratio until homogeneous and then immediately dispensed into the plasma treated, fiber-laden 

frames. For fibroblast co-culture experiments, a 0.12 g/mL gelatin solution, a suspension of 1x107 

fibroblasts/mL, and a 0.1 g/mL mTG solution were combined at a ratio of 8:1:1 and then dispensed into 

frames. For permeability assays, gels were prepared with a 0.05 g/mL solution of gelatin in order to make 

any observable changes more pronounced. Gels were then moved into a cell culture incubator to crosslink 

overnight. Once fully crosslinked, devices were removed from incubation and allowed to cool to room 

temperature inside a biohood (~5 minutes), causing the Soluplus® to undergo a gel-to-sol transition as it 

cooled below its lower critical solution temperature. Devices were then perfused with 200 μL of EC media 

to clear liquified Soluplus® from the channels. This was performed using a 200 μL micropipette: the tip was 

pressed into the barb of the device and gentle pressure applied to drive flow through the channels. Devices 

were then returned to the incubator with a layer of media on the gel surface to prevent dehydration until 

seeding.  
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Microchannel Seeding  

HUVECs were cultured in flasks until 70-90% confluent and then detached, spun down and 

resuspended in fresh EC media at a concentration of 1x107 cells/mL. For each microchannel gel, a 200μL 

pipette tip was loaded with 100μL of cell suspension and inserted into the barb such that a seal was formed 

between the pipette tip and barb inner wall. Steady pressure was then applied to inject the cell suspension 

into the barb and large inlet-channel of the device, allowing it to flow into the channels without rupturing the 

gel. The full 100 μL was injected over 1-2 minutes. Devices were placed into individual petri dishes and 

returned to the incubator to allow cells to adhere for 15 minutes. Devices were then taken from the 

incubator, flipped over in their petri dish and returned to the incubator for an additional 15 minutes, so that 

cells adhere to the other half of the inlet-channel. Following this, devices were oriented such that the luer-

lok inlet was facing downward and then placed into a 50 mL falcon tube of media to allow remaining 

unattached cells in the inlet-channel to fall out of the device; this step was needed to avoid cell aggregates 

clogging the microchannel network. Falcon tube tubes containing devices were incubated for another 2 

hours before devices were then removed and attached to perfusion circuits. 

 

Microvascular Gel Perfusion 

To determine the connectivity of microchannel networks, they were perfused with 1 mg/mL 

Rhodamine B (#132315000, Thermo Fisher Scientific) in 1x PBS using a syringe pump (New Era Pump 

Systems). A low-magnification video of the dye reaching different parts of the microchannel gel was taken 

of the Rhodamine B perfusion. Microchannels were also perfused with a dispersion of two colors of 

fluorescent microbeads to collect microscopic video of flow in different regions of the microchannel gels. 

This dispersion was prepared using a 1:100 dilution of 0.02 μm, red FluoSpheres (#F8786, Invitrogen) and 

a 1:2000 dilution of 2 μm, green Fluospheres in 1x PBS. The smaller microbeads appeared as a 

homogeneous fluorescent liquid and highlighted the volume of the microchannels, while the larger 

microbeads appeared as discrete particles that could be tracked flowing through the channels. Particle 

tracking was performed in FIJI in order to extract estimations for flow rates in channels.  

For extended culture of endothelial cells in microchannels, a perfusion circuit was adapted from the 

work of O’Grady et al.111 to pump fresh media into the gel during incubation. The perfusion circuit consisted 
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of a deep-welled petri dish containing a bath of EC media, a microchannel gel in its PDMS mold, and gas-

permeable tubing. A custom-built peristaltic pump drove media from the media bath, through the tubing 

circuit, and into the microchannel gel, which rested in the same media bath. Calibrations were performed 

to relate the pump motor speed setting to the time-averaged flow rate at the inlet.  

 

Channel Architecture Characterization  

In order to visualize the channel architecture of the microvascular gels, channels were perfused 

with a 2.5% w/v gelatin + mTG (9:1 ratio) solution that was prepared with a 1:10 dilution of 0.04 μm 

FluoSpheres with AlexaFluor-488 labels (#F8845, Invitrogen). Both the hydrogel devices and the 

fluorescent bead-gel solution were kept at 40 ⁰C prior to perfusion. Gels were then incubated for 1h to allow 

the bead-laden gel to crosslink in channels. Gels were then removed from their PDMS frames and imaged 

with a Zeiss Z1 Lightsheet Microscope. Image stacks were acquired in the z-direction with 50% overlap 

between images to optimize data collection. Multiple regions of interest were imaged from each device to 

gain a representative set of channel architecture data. Image stacks were filtered, resized and thresholded 

into binary matrices using FIJI. These image stacks were then fed into a MATLAB script, where the binary 

matrices were skeletonized and the resulting architecture characterized. This MATLAB script was modified 

from its original version written to characterize vasculogenesis in iPSC derived endothelial cultures 112–114. 

 

Immunohistochemistry 

Cell-laden microvascular gels were perfused with 4% paraformaldehyde (PFA; #J19943.K2, 

ThermoFisher Scientific) for 5 minutes at 50 μL/min and then immersed in 4% PFA for an additional 5 

minutes. Devices were then perfused with 0.1% Triton-X (#A16046.AE, ThermoFisher Scientific) in 5% goat 

serum (#50062Z, Life Technologies) to permeabilize cells. Devices were perfused with pure 5% goat serum 

for 10 minutes at 50 μL/min to clear out remaining triton and PFA before being submerged in 5% goat 

serum for 48 hours at 4⁰C to block non-specific binding sites.  

HUVECs were stained with 6 μM Hoechst 33342 (#62249, Thermo Scientific) to identify nuclei and 

a 1:20 dilution of phalloidin conjugated to AlexaFluor-488 (#A12379, Invitrogen) to identify actin, thereby 

highlighting the entirety of cell bodies. Solutions of Hoechst and phalloidin were perfused into devices at 50 
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μL/min for 20 minutes to stain cells. In some devices, cells were also labelled with AlexaFluor-647 

conjugated primary antibodies to target specific surface proteins (VE-Cadherin: #ab272346, Abcam; 

PECAM-1: #49940S, Cell Signaling Technology). For both antibodies, 100μL of a 1:10 dilution of antibody 

in blocking buffer was injected into the device and submerged in just enough blocking buffer to cover the 

gel in a 50 mL centrifuge tube. Tubes were wrapped in tin foil and devices allowed to incubate at 4⁰C for 

48h with antibody. Following this, stained gels were removed from their PDMS frames and incubated for 

24 hours on a rocking plate at room temperature in 1x PBS with 0.02% sodium azide (#014314; 

ThermoFisher Scientific) to clear blocking buffer and unbound stain from the gel.  

Mouse brain tissue clearing, staining and imaging was performed by Alexander Sorets and Lissa 

Ventura-Antunes. Adult C57BL/6J male mice were euthanized by ketamine (450 mg/kg)/xylazine (50 

mg/kg) overdose and perfused with cold DPBS-/- with heparin (10 U/ml) to clear material from the 

vasculature. Next, the brains were extracted and fixed by immersion in 4% PFA for 3-5 days. All mouse 

protocols were approved by the Institutional Animal Care and Use Committee at Vanderbilt University. 

Standard CLARITY protocols were performed to delipidate the brain and create a 3D image of the mouse 

brain vasculature. In brief, brains were embedded in a polyacrylamide hydrogel (4% Acrylamide, 0.05% 

Bis-Acrylamide, 0.25% VA-044 initiator in PBS) for two weeks at 4°C. After complete permeation, the 

hydrogel was polymerized by incubating the samples at 37°C for four hours. The brains were then incubated 

in the clearing solution (200 mM boric acid, 4% w/v SDS, pH 8.5) for 4-8 weeks at 37°C. The sample was 

then washed overnight in PBS containing 0.1% Triton-X and then incubated in same buffer containing lectin-

fluorescein (0.5 mg/ml, FL-1171) to stain vessels. After two days in lectin, the wash step was repeated and 

then the brains were immersed in a refractive index matching solution (68% Thiodiethanol) overnight. The 

brains were imaged by light-sheet Z1 (Zeiss) using 20x objective illumination and processed with Imaris 

software (version 9.9.0, Bitplane, USA). 

 

Dextran Permeability Assay 

Barrier functionality of the endothelial monolayers was evaluated by dextran permeability assay. 

Assays were performed on both acellular (nude) channels and endothelialized channels (cultured for 7 

days) to compare the permeability of channel walls with and without an endothelial monolayer. All devices 
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were connected via silicon tubing to a syringe pump (NE-300; New Era Syringe Pumps) and imaged through 

a glass bottom petri dish (#P35G-1.5-14-C; MatTek). For each device, a region of interest was located prior 

to dextran perfusion, to minimize the time between dextran first reaching the region and the beginning of 

imaging. Channel regions that were horizontally oriented and isolated from other neighboring channels 

were identified so that a wide, one-dimensional diffusion profile could be captured. Prior to removal from 

perfusion circuits, endothelialized channels were perfused for 20 minutes with a 5 µM solution of Calcein 

Red AM (21900; AAT Bioquest) to enable visualization of the HUVECs and ensure complete cell coverage 

of the region of interest. At time zero, channels were perfused with a 0.5 mg/mL solution of 500 kDa 

Dextran-FITC (#FD500S; Millipore-Sigma) in DMEM at 10 μL/min. Confocal microscopy images were 

acquired every 1 minute for at least 30 minutes. Imaging was started prior to dextran reaching the channel 

to capture the early, and most critical, time points. Time series images were registered in FIJI to eliminate 

any artifacts due to drift. Permeability values were then extracted from the time series using a MATLAB 

script written by Polachek et al. 115 (our imaging methods closely matched those used in this paper). 

 

PI-DAPI Viability Assay  

We found that a traditional Calcein AM live stain made individual cell bodies very difficult to quantify, 

especially in the case of contiguous endothelial monolayers. To circumvent this issue, we used a multi-step 

staining and imaging process which used propidium iodide (PI) to quantify the dead cells and DAPI to 

quantify every cell then used these values to derive a percent of viable cells.  

EC-HNDF co-culture microvascular gels were removed from their PDMS frames and cut in half 

using a fresh razor blade. These halves were submerged in a combination of 5 μM Calcein AM (# C3100MP, 

Invitrogen) and 4 μg/mL PI (#P3566, Life Technologies) in 1x PBS and incubated for 20 minutes. Gel halves 

were then rinsed twice using warm PBS and placed into a 24-well plate such that the cut-side could be 

imaged. Dead cells appeared as red fluorescent puncti. Multiple z-stacks of 100 μm thickness were 

acquired with a 10x objective for each gel. To ensure that cells damaged from the cutting were not included, 

image acquisition began no less than 200 μm into the gel. Following imaging of Calcein+PI-stained gels, 

the samples were fixed in a bath of room-temperature 4% PFA for 10 minutes. Fixed samples were rinsed 

with 1x PBS and then transferred to a bath of 0.1% Triton-X and agitated on a rocker plate for 1 h. Samples 
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were washed once again in 1x PBS and allowed to sit overnight in PBS + 0.02 % sodium azide. Samples 

were then stained with 1 μg/mL DAPI for 30 minutes on a rocker plate at room temperature. Samples in 

wells were finally rinsed twice with 1x PBS and then submerged 1x PBS + 0.02% sodium azide until ready 

for imaging. The same region of interest was identified and matched to previous image sets by aligning the 

channel features visible by using the pseudo-brightfield image produced by the microscope’s TPMT. These 

ROIs were imaged again, this time capturing the blue, fluorescent nuclei of all cells.  

Using FIJI, z-stacks were flattened into z-projections. The red channel from a PI image stack and 

the blue channel from a DAPI image stack of the same sample were then co-registered to each other to 

ensure the same sample volume was used for quantification. Automated cell counts were performed, 

totaling the number of blue and red particles. With the total number of cells and the total number of dead 

cells, a percentage of viable cells was calculated for each ROI.  

 

Imaging and Image Processing of Endothelialized Microchannels 

Brightfield imaging was performed using a Zeiss Z.1 Observer. Lightsheet imaging was performed 

using a Zeiss Z1 Lightsheet. Confocal imaging was performed with a Zeiss LSM710 confocal microscope. 

Images were taken using an array of Zeiss objectives: Fluar 5x/0.25, EC-Plan Neofluar 10x/0.3, LD-Plan 

Neofluar 20x/0.4, and Plan-Apochromat 20x/0.8. Projections of z-stacks, image overlays, and composites 

were created using the freely available image processing software ImageJ and software packages included 

in the ImageJ expansion, FIJI. 

 

Results and Discussion 

Fabrication of the Artificial Microvascular Hydrogels  

Fabrication of the artificial microvascular devices began with the creation of sacrificial microfiber 

meshes. We needed a material that was non-toxic, soluble in both aqueous and volatile organic solvents, 

and could be removed from the channels without disturbing the hydrogel matrix. We began by testing 

multiple thermoresponsive polymers, including Pluronic F-127, poly(N-isopropylacrylamide), 

polyvinylcaprolactam, and Soluplus®, a polyvinyl caprolactam–polyvinyl acetate–polyethylene glycol graft 

copolymer. Of these four, Soluplus® performed best: it produced the most mechanically robust microfibers, 
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demonstrated negligible toxicity to cell cultures, and most importantly, showed temperature-dependent 

solubility in water 95,97,110. At high concentration, Soluplus® exhibits a lower critical solution temperature 

(LCST)-like behavior at 32-37OC: below this temperature it becomes more favorable for Soluplus® to adopt 

an unfolded configuration, form hydrogen bonds, and become much more soluble in water 96,97. By 

exploiting these properties, we were able to produce sacrificial microfiber templates that could maintain 

their geometry at physiological temperatures and then dissolve when cooled to room temperature.  

Although this method of template fabrication forfeits fine control to gain scalability and three-

dimensional complexity, fiber production can still be qualitatively tuned to produce variable features. The 

factor that made the highest impact on the resulting fiber features was the weight/volume percentage of 

Soluplus® in the volatile spinning solution. By varying the w/v% from 50-65% and then adjusting the motor 

speed to produce viable fibers, we were able obtain a range of median fiber diameters from 12.8 µm to 26.8 

µm and median branch lengths from 45.6 µm to 88.1 µm (Supplementary Figure A3, Table A1).  

Soluplus® fibers were spun and embedded into a gelatin-mTG matrix held within a PDMS frame 

(Figure 2.2A-C; Supplementary Figure A1). These hydrogel devices were cooled to room temperature to 

trigger the liquification of the hydrate d Soluplus® microfibers (Figure 2.2D). This method successfully and 

repeatably produced dense microchannel networks, extending in three-dimensions in their hydrogels 

(Figure 2.2E).  

We perfused microchannel gels with Rhodamine B and found that the channels were highly 

interconnected with dye visible throughout the branching network and extending from inlet to outlet 

(Supplementary Video A1). Perfusion of channels with a dispersion of fluorescent microbeads allowed us 

to both confirm the connectivity of our channel network and characterize the range of flow rates present in 

Figure 2.2: Schematic of fabrication process for microvascularized hydrogel devices. (A) Microfibers are 

solvent spun, (B) loaded into PDMS frames, (C) embedded in mTG-gelatin, (D) cooled below LCST to dissolve, 

and (E) flushed out of crosslinked hydrogel. Microvascularized hydrogels can then be (E) seeded with ECs and 

(F) attached to perfusion. 
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the microchannels (Supplementary Figure A1-E; Supplementary Videos A2-4). For an inlet flow rate of 25 

µL/min across 4 microchannel gels, we found that the middle 80% of flow rates in channels ranged from 

0.32-4.70 mm/s (n=28). Individual flow rates were also used to calculate the shear stress experienced by 

cells on a channel wall; the middle 80% of this ranged from 0.03-0.32 Pa (n=28). Natural capillaries have 

flow rates typically ranging from about 0.5-1.5 mm/s and experience internal shear stresses from about 1-

2 Pa 116–120. Comparing the values from our microchannel gels to natural capillaries, we are achieving flow 

rates of similar order of magnitude, and exposing channels to shear forces far below levels at which 

endothelial barrier function begins deteriorating (4 Pa) 118.  

 

Characterization of Artificial Microvascular Architecture  

In order to capture the architecture of our artificial microvessels, devices were perfused with a 

suspension of fluorescent microbeads in a thin gelatin-mTG solution. This allowed the fluorescent solution 

to be perfused through all fluidically viable channels and then solidify to retain the channels’ shape. We 

employed 40 nm Fluorospheres because they appear as a homogeneous fluorescent region at lower 

magnification and diffused slowly enough that they would show well-defined channels walls if imaged on 

the day of perfusion. 

Channels filled with crosslinked fluorescent gelatin solution were imaged via lightsheet microscopy. 

Multiple regions of interest were captured per device as z-stacks with dimensions of approximately 1.7mm 

length and width by 0.5-1.5 mm depth. We found that 3D reconstructions of the z-stacks bore a strong 

resemblance to human microvasculature121. After processing, image stacks were inspected by manually 

measuring and comparing the channel diameters from pre and post processed images: if the comparison 

showed an error of less than 10% or 4 μm, then it was approved for architecture characterization. Visual 

inspection of skeletonized channels shows complete and connected skeleton networks that faithfully follow 

channel architecture (Figure 2.3A).  
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To quantify microchannel network architecture, we extracted channel diameter, branch length, 

tortuosity, channel volume fraction, and the portion of the gel within 200µm of a channel from each dataset 

(Table 2.1). Channel diameter is a key feature to evaluate our architecture, as it indicates the scale of 

features that this method can produce. Branch length shows the average length of a vessel segment 

between two branch points, which helps define the degree of connectivity within the network. Tortuosity is 

calculated here as the total path length of a vessel segment divided by the linear distance between its two 

endpoints. The tortuosity gives a point of reference for how much the paths of the artificial vessels resemble 

Figure 2.3: Characterization of the engineered microvascular architecture. A) A skeletonized microchannel 

network with entire channel volume overlayed in grey. The heatmap displays the diameter of the channel 

associated with each skeleton voxel. Units for all axes and heatbars are in μm. B) Sample histograms of 

architectural features extracted from one ROI in a single device. The diameter histogram shows a distribution of 

skeleton voxels, and the tortuosity and branch length histograms show a distribution of branches. C) Box and 

whisker plots of architectural features extracted from multiple devices. Black bars show the interquartiles of 

individual regions of interest, with circles showing the median. Blue rectangles show the interquartiles for the 

compiled data of all regions of interest in each device, with red line showing the median and whiskers showing 

1.5x the interquartile range, containing approximately 95% of data points. 
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that taken by natural blood vessels. Channel volume fraction tells us how much space is occupied by the 

vessel network and the portion of the gel within 200 µm of a channel tells us what percentage of the ROI 

exists within a range that could be supported by diffusion from the channel network. Together, these 

features help characterize the density of the channels in the gel and give an approximation of how much 

surrounding tissue this network could support in a cell-dense environment. Feature values were computed 

for each individual ROI of a microchannel gel and then averaged together to produce a mean value 

representative of the whole sample. The “whole sample means” were then averaged together to produce a 

final value representing the average feature value across all samples (n=6). Histograms of channel features 

show that most feature values are distributed lower than the mean, therefore we also include the median 

to better represent the most common value for each (Figure 2.3B, Table 2.1). Standard deviations for each 

feature were calculated as both intra-device, or the standard deviation between ROIs in a single device, 

and inter-device, or the standard deviation between different devices. It is worth noting that not all the same 

image stacks were suitable for extracting density features, as some also captured large regions devoid of 

channels that would be inappropriate to include in the ROI for volumetric calculations. Because of this, 

density features were quantified using a subset of image stacks that described volumes bound by channels 

on all 6 sides (n=5). As a point of comparison to our artificial architecture, lightsheet microscopy data 

obtained from capillary beds of mouse brain cortex were processed using the same scripts in FIJI and 

MATLAB to obtain the same features for natural tissue (Table 2.1, n=6). In choosing this we considered 

that mice are extensively used as neurovascular models for disease 122. Others have also found that murine 

and human cerebral capillaries possess topologically similar anatomical networks, and differ in geometric 

scale by a factor of less than 20% 123. Considering these factors, we believe that mouse cortical capillaries 

present a reasonable target for comparison. 

Table 2.1: Feature Quantification of Engineered Microvascular Architecture 

FEATURE MEDIAN AVERAGE INTRA-DEVICE 
STDDEV 

INTER-DEVICE 
STDDEV 

MOUSE 
CORTEX 

Channel Diameter (µm) 21 26 ± 17 ± 4 7.3 ± 2.8 

Branch Length (µm) 112 214 ± 180 ± 32 98 ± 71 

Tortuosity (1) 1.21 1.32 ± 0.36 ± 0.03 1.35 ± 0.36 

Channel Volume Fraction (%) 2.0 3.0 ± 0.05 ± 1.6 2.5 ± 0.9 

Portion of Gel within 200µm of a 
Channel (%) 

69 78 ± 4.8 ± 10 100 ± 0 
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Features extracted from the 6 microchannel gels describe a complex network of microvascular-like 

channels. Overall, the artificial vessels fabricated from microfiber templating possessed an average 

diameter of 26 ± 17 μm and a median of 21 μm. This represents a smaller scale of feature than is currently 

being created by contemporary templating techniques and can be done at larger scale than optical 

techniques. Looking at the distribution of channel diameter from a single ROI, we can also see the presence 

of channels with diameters on the scale of human capillaries, with about 10% of skeleton voxels associated 

with a channel diameter ≤10 μm (Figure 2.3B). It is worth noting that our method was able to produce 

channel networks with a higher percentage of ≤10 μm channels; however, we chose to embed fiber meshes 

with slightly larger average diameters in order to better facilitate EC seeding. Additionally, the average 

tortuosity of vessel branches, 1.32 ± 0.36, matches remarkably closely with that of the mouse cortex 

capillaries, 1.39 ± 0.42. This indicates that the paths of the individual artificial vessel branches closely 

resemble those taken by biological capillaries. The average artificial channel branch length had a mean of 

214 ± 180 μm and a median of 112 μm; this average is close to the average measured in mouse brain 

capillaries, 145 ± 90 μm, and while the standard deviation is somewhat large, it still shows similarity within 

an order of magnitude. Channel density is perhaps the feature most in need of improvement: despite having 

an average diameter 4x larger, the mouse capillaries still occupy a larger average volume fraction, 

indicating the presence of a much larger total capillary length per tissue volume. That said, with the objective 

of eventually supporting cell-dense engineered tissues, having nearly 80% of the ROI’s volume within the 

200 μm diffusion limit is a promising result. Since the density of channels in a hydrogel is currently controlled 

by manual packing of fiber meshes, this is a feature that can be theoretically improved with few changes to 

the method. 

Despite the microfiber templates forming chaotically via solvent spinning, there was a high degree 

of similarity between features from each device. Box and whisker plots of diameter, branch length, and 

tortuosity show not only a tight grouping of regions of interest within each device (indicated by the solid, 

vertical, black bars) but a tight grouping of the medians between all devices (indicated by the horizontal red 

bars) (Figure 2.3C). This is supported by the small inter-device standard deviations, several of which were 

smaller than the average intra-device standard deviation. This indicates a high degree of repeatability for 

the patterning technique, despite taking advantage of a chaotic fabrication process. 
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 Endothelialization of Artificial Microvascular Channels 

HUVECs were seeded into the artificial microchannels to form a contiguous endothelial monolayer. 

To assess EC viability and observe cell behavior, endothelialized devices were regularly perfused with a 

5μM Calcein AM and imaged via confocal microscopy. Viable HUVECs were observed to adhere and 

spread over the first 24 hours; following this, they were observed proliferating, migrating, and joining 

together to form a monolayer around the circumference of the channel lumen (Figure 2.4, Supplementary 

Figure A4, Supplementary Video A5). EC monolayers in artificial microchannels could regularly be 

maintained and remain viable for over 3 weeks. In addition, HUVECs cultured in our artificial microchannels 

were found occupying channels smaller than 13 μm in diameter (Figure 2.5). Contemporary microvascular 

engineering has demonstrated individual, isolated, endothelial-lined straight channels with diameters 

approaching those of capillaries, such as those produced by Zhao et al.’s double templating method124. 

Similarly in 2021, Zheng et al. applied electrohydrodynamic inkjet printing to reduce the scale of their 

endothelialized, 3D bioprinted channels to as small as 30 μm. While these publications present some of 

the smallest, live, artificial vessels to date, the geometry of their channels remain limited to either individual 

segments of to a single plane of construction. The data presented here show that our thermoresponsive 

Figure 2.4: Montage of HUVEC-lined channels, stained with Calcein AM. HUVECs spreading in channels at 

days 1, 9, and 17 post-seeding. Scale bars are 250 μm.  
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templating technique is capable of producing 

living channels that not only approach the scale of 

natural capillaries, but also posses a three-

dimansional, interconnected, and tortuous 

architecture.  

To further evaluate the health and 

functionality of the EC monolayers, IHC staining 

was performed at 14 days post-seeding (Figure 

2.6, Supplementary Video A6). Images of 

HUVECs stained for phalloidin support our 

previous assertions that HUVECs are proliferating 

in channels after seeding to cover channel 

surfaces and form a contiguous monolayer 

(Supplementary Figure A5, Supplementary 

Videos A7,8). Additionally, a cross-section of an 

Figure 2.5: HUVEC-lined channels, stained with 

Calcein AM and imaged with 20x objective. Channels 

imaged at day 21 post-seeding. Arrows indicate channels 

with diameters (μm) of 1) 12.6, 2) 19.8, and 3) 14.2.  

Figure 2.6: IHC stained HUVECs lining artificial microvessels. Devices were fixed at day 14 post-seeding. For 

both images, blue signal shows cell nuclei and green signal shows actin. The red signal shows the presence of 

PECAM-1 (left) and VE-Cadherin (right). 
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IHC stained channel confirms full circumferential coverage of the channel wall (Supplementary Figure 2.6). 

The cell-to-cell junction proteins PECAM-1 and VE-Cadherin were both observed at endothelial junctions 

across the cell-covered channels (Supplementary Figure 7). The presence of these junction proteins 

indicates formation of a healthy EC monolayer. 

 

Endothelial Barrier Functionality 

An important function of the vascular endothelium is to create a selectively permeable barrier 

between the bloodstream and tissue; therefore, we evaluated the ability of our endothelialized 

microchannels to create such a barrier. This was done using a dextran permeability assay, in which a 

solution of 500 kDa dextran-FITC was perfused into the microchannels and observed diffusing through the 

channel wall into the surrounding gel matrix. (Figure 7A). The fluorescence intensity for both regions were 

integrated for each point in a time series and used to calculate permeability with Equation 1, based on a 

derivation of Fick’s First Law where P is the permeability, r is the radius of the channel, Ichannel is the constant 

integrated fluorescence intensity inside the channel, and dIgel/dt is the change in the fluorescence intensity 

of the surrounding gel over time 115,125. 

  

𝑃 =
2𝑟

𝐼𝑐ℎ𝑎𝑛𝑛𝑒𝑙
∗

𝑑𝐼𝑔𝑒𝑙

𝑑𝑡
     Eq.1 

For this analysis to be valid, it is assumed that the fluorescence intensity is directly proportional to 

the concentration of fluorophore, that the thickness of the optical slice imaged is much less than the radius 

of the vessel, and that the concentration of fluorophore in the gelatin matrix is negligible compared to that 

inside the channel (true at early timepoints). With these assumptions in place, a linear fit can be applied to 

the relevant window of dextran diffusion and a value for dIgel/dt can be extracted (Figure 2.7B). Values for 

the remaining variables are simple to measure and the permeability is straightforward to calculate. 
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Microchannels with HUVEC cultures at day 7 showed increased barrier functionality for 500 kDa 

FITC-dextran as compared to nude microchannels. Qualitative comparison of confocal images shows a 

brighter hydrogel region near the nude channels after 30 minutes of perfusion compared to the 

endothelialized channel gels (Figure 2.7A). This shows a higher concentration of dextran diffusing out of 

the channel over the same period, and thus a higher permeability when no endothelium is present. 

Quantification of permeability values for each channel wall type confirms this, as the average permeabilities 

for nude and endothelialized channels were 1.7 ± 1.0 x 10-6 cm/s and 0.4 ± 0.1 x 10-6 cm/s respectively 

(Figure 2.7C). Welch’s t-test performed on the two groups of permeability data yielded a p-value of 0.003. 

The endothelium cultured in our patterned microchannels significantly reduces the permeability of the 

channel wall to 500 kDa dextran and thus possesses barrier properties characteristic of a functional 

capillary wall.  

Figure 2.7: Permeability Artificial Microchannels to 500 kDa dextran-FITC. A) Diffusion of 500 kDa dextran-

FITC from nude and endothelialized microchannels over 30 minutes. 500 kDa dextran-FITC is shown as green 

and HUVECs labelled with Calcein Red AM are shown as red. Scale bars in all images are 50 µm. B) Example 

plot of integrated fluorescence intensity within the gel surrounding the channel over time. Curve fits were based 

on early time points to approximate a linear relationship between intensity and time. C) Permeability of nude 

channels versus that of channels with an endothelial lining. 
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Microvascularized Fibroblast Co-culture 

For our microchannel fabrication method to have broad, practical application, it will need to be able 

to produce vascular structures within cell-laden hydrogels. To demonstrate this, we patterned HUVEC-lined 

microchannels in gelatin hydrogels seeded with Human Normal Dermal Fibroblasts (HNDFs). Fibroblasts 

were employed as the cell type to seed in the matrix because they are a common cell found throughout the 

parenchyma of the body and have previously been used to demonstrate the utility of microvasculature 

within a gel108,126. Our artificial microchannel gels were prepared identically to previously described 

methods, but with the addition (during the fiber embedding step indicated in Figure 3C) of HNDFs to the 

gelatin-mTG mixture to a final concentration of 106 cells/mL. Channels were then cleared, seeded with 

HUVECs, and connected to peristaltic perfusion as previously described. After a week of culturing, confocal 

images of green fluorescent protein expressing HUVECs (GFP-HUVECs) and red fluorescent protein 

expressing HNDFs (RFP-HNDFs) showed well defined niches for each cell type, with GFP-HUVECs 

spreading throughout microchannels and RFP-HNDFs well dispersed in the gel matrix (Figure 8A).  

After two weeks of culture, HUVEC-HNDF cocultures were assayed for cell viability. A traditional 

live-dead assay uses Calcein AM to stain for viable cells; however, we found that individual cell bodies were 

Figure 2.8: Cocultures of HUVECs and HNDFs in microvascular hydrogel devices. A) GFP-HUVECs (green) 

localized to microchannels and RFP-HNDFs (red) to gelatin matrix. Image collected at day 7 post-seeding. B) 

Viability assay of HUVEC-HNDF coculture at day 7 post-seeding. Image shows an overlay of live-dead stain 

taken pre-fixation and DAPI stain taken post-fixation for a single region of interest: PI (red) shows dead cells, 

Calcein AM (green) shows live, and DAPI (blue) shows nuclei of all cells. 
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very difficult to quantify as the entire cell body was stained and would frequently overlap with a neighboring 

cell or with cells in image layers above or below: this was especially true in the case of contiguous 

endothelial monolayers in microchannels. To circumvent this issue, we used a multi-step staining and 

imaging process which used PI to quantify the dead cells and then DAPI to quantify total cells (Figure 2.8B, 

Supplementary Figure A6). Using these two values, a percentage of living cells could be easily calculated. 

Co-culture gels were cut in half so that viability could be assessed for cells directly supported by nearby 

channels. After 7 days post-seeding HUVECs and HNDFs in 3D microchannel co-cultures collectively 

showed a viability of 90 ± 2% (n = 6), with fibroblasts displaying spreading behavior (Figure 2.8B). The 

distinct viabilities of endothelial and fibroblast cell populations were calculated by manually masking the 

microchannel areas on the z-projections of the original image stacks: these were found to be 92 ± 2% (cells 

in the microchannel region, i.e. HUVECs) and 89 ± 2% (cells outside the microchannel region, i.e. HDNFs) 

respectively. In another round of co-culture experiments, HUVECs and HNDFs showed a collective viability 

of 87 ± 6% (n = 6) after 14 days of culture.  

 

Conclusions and Future Outlook 

Current top-down methods to engineer microvascular structures struggle to reliably produce large 

volumes of microvessels with architecture mimicking that of natural capillary beds. By leveraging the simple 

processability, thermoresponsive solubility, and cytocompatibility of Soluplus®, we created sacrificial 

templates capable of patterning large volumes of interconnected microchannels within cm-thick gelatin 

hydrogels. Characterization of these microchannels reveals that they exhibit an architecture with 

parameters approaching those of natural capillary beds, including an average diameter of 26 ± 17 μm, and 

a branch length and tortuosity closely matching those of mouse cortex capillaries. Further, we were able to 

culture a contiguous endothelial monolayer in said microchannels which remained reliably viable for over 

21 days, exhibited cell-to-cell junction proteins at 2 weeks post-seeding, and significant barrier function at 

1 week post-seeding. When our endothelialized microchannels were co-cultured with fibroblasts 

encapsulated within the gelatin matrix, we observed well defined niches for both cell populations and 

measured an overall viability of 87 ± 6% at 14 days post seeding.  
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While the endothelial networks exhibit an impressive degree of channel coverage and a healthy 

physiology, it is worth noting that not all of our channels became endothelialized. The random nature of the 

fabrication process inevitably yields a small number of fluidic “dead-ends” which receive no flow and thus 

do not become seeded with ECs. While these channels have been observed across microchannel gels, 

they constitute a very small proportion of vessel branches and are thus not expected to have a significant 

impact on co-cultures vascularized by our method.  

Future work will involve the development of more sophisticated vessel architectures and co-culture 

systems. 3D-printing methods have already proven adept at creating larger vascular architecture; the 

integration of small fiber meshes with 3D-printed branches presents exciting opportunities for patterning 

multi-scale vascular architecture. In theory, any hydrogel could be applied to our fabrication method, as 

long as the gel can be cast at a temperature above the LCST of Soluplus®, crosslink at that temperature, 

and then retain the patterned channels following cooling and removal of the fibers. Fibrin is a natural 

polymer which meets these criteria and has been extensively used in both wound healing and scaffold for 

artificial vasculature127,128. PEG has been modified with a range of functional groups to yield tunable 

mechanical properties, photosensitive side-chains, and the presentation of relevant biomolecules 4,129. 

Other potential hydrogel systems include: alginate, gelatin-methacrylate, hyaluronic acid, and poly(vinyl 

alcohol) to name a few4,129–131. Each of these could be integrated with our system to control additional 

factors in a disease model or therapeutic device.  

 Angiogenic sprouting models are of high interest to tissue engineers. With the integration of growth 

factor gradients, controlled matrix stiffness, or modified ECM materials, our microvessel production method 

has potential to be applied to such studies 132–134. Further, the highly vascular tissues of the body, including 

the brain, heart and liver, present valuable targets for co-culture models using our artificial microvessels. 

The results presented here represent a step forward in both the patterning of microchannels and 

the culturing of endothelial cells within them. Our patterning method resulted in channel networks with a 

feature size, degree of complexity and channel density that modern top-down techniques, such as 3D 

bioprinting and optical fabrication, struggle to produce. By producing thick tissue cultures with 

endothelialized microvasculature, it is our goal to produce platforms for more physiologically relevant 
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disease models and move towards a viable approach to making large-scale tissue replacements in 

regenerative medicine. 
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CHAPTER 3 : IMPROVED PROPERTIES OF INTERPENETRATING HYDROGELS AS DRUG 

EXCIPIENTS USING SACRIFICIALLY-PATTERNED MICROCAPILLARY CHANNELS 

Introduction 

In most cases the first choice for delivery a drug is via a systemic method, meaning that it is 

administered to the entire body with the goal of eventually reaching and treating the target site. These 

methods, including oral consumption and intravenous injection, are ubiquitous and easily implemented, but 

indirect and imprecise, which can lead to a number of complications. Systemically maintaining therapeutic 

levels of a drug often requires frequent administration and high dosages, which can result in undesirable 

off-target effects, toxicity, patient non-compliance, and inefficient wastes of drug mass3. To combat this, 

researchers have devoted much attention to improving drug targeting and directed drug delivery. Hydrogels 

are a natural choice to develop new drug excipients and have been a focus of such research for the past 

several decades. Their water-filled polymeric structure is similar to that of the extracellular matrix which 

forms the bulk of soft tissue structure in the body, and allows the gel to absorb, retain and release soluble 

compounds. Furthermore, a hydrogel’s capacity to transport solutes is largely determined by the mesh size 

of its polymer network, which can be tuned by controlling the concentration, exposure time and mechanism 

of crosslinking. The natural biocompatibility of many hydrogel materials, both naturally derived and 

chemically synthesized, means their ability to controllably release solutes can be directly applied to targets 

in vivo while avoiding provoking inflammation and immune responses5. Taken together, hydrogels are 

highly-tunable, biocompatible materials that offer control over the release of drugs in a therapeutic context. 

Modification of a hydrogel’s mass transport properties while maintaining desirable mechanical and chemical 

properties would facilitate its implementation as an advanced drug-delivery vehicle. 

Hydrogel-based wound dressings in particular would benefit from having tunable release rates 

while remaining mechanically robust. Such dressings have a hydrophilic mesh structure that allows them 

to absorb wound exudate, maintain a moist environment, create a barrier against the environment while 

remaining oxygen permeable, conform to wound geometry, and effectively adhere to the wound site (Figure 

3.1)135,136. The wide range of biocompatible polymers  provides a palette of materials that benignly interact 
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with damaged dermal tissue or even promote tissue granulation and healing136. A plethora of hydrogel-

based wound dressings have already become commercially available, with collagen and alginate based 

dressings forming the majority of products137. For treating injuries such as full-thickness burn wounds, 

extended release of inflammation suppressing therapeutics to the damaged site can decrease burn 

severity, as was demonstrated in previous work by White-Dzuro et al138. Controlling the rate of release will 

be crucial to developing a effective treatments, however, isolating that property is not a simple task.  

Since the diffusivity of a hydrogel is primarily governed by the size of the nanopores in its mesh, 

altering this is a common strategy to change a hydrogel’s drug release rate. The mesh size of a hydrogel’s 

network also significantly impacts the stiffness and strength of that gel, which leads to an intrinsic problem: 

increasing the diffusivity also weakens the gel. This is particularly an issue when it comes to applications 

like medicated wound dressings, which need to be tough enough to survive the impact and shear forces 

that come with regular locomotion. Also important to note is that it is difficult to achieve nanopores in a 

polymer mesh greater than 100 nm in size10, which imposes a soft limit on the diffusivity possible within a 

solid hydrogel and still restricts transport as governed only by diffusion. Structured hydrogels, or hydrogels 

that have been fabricated with macropores on the scale of micrometers, can solve this issue by creating 

domains in the hydrogel in which solutes can move by means other than bulk diffusion. This can also 

preserve the biocompatibility and biomimetic mechanics which make the hydrogel so desirable as a medical 

material. Many conventional methods of fabricating structured hydrogels produce uniform dispersions of 

Figure 3.1: Common polymers used for wound dressing applications evaluated for their major strengths. 

Zöller et al. 2025.  
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isotropic pores, including porogen templating, gas foaming, bicontinuous emulsion templating, and 

cryogelation10,21. While each method has its own ways of tuning the size and density of pores, their uniform 

distribution means that creating connected pore networks requires sacrificing large portions of solid gel. 

This once again compromises the mechanical properties of the gel and reduces the total volume into which 

drug can be loaded10,21. Building on these techniques, methods of producing anisotropic macropores and 

reinforcing polymer networks have been developed which attempt to fabricate continuous transportation 

channels while preserving gel strength. 

Anisotropic pores address the mechanical weakness of structured hydrogels by introducing 

directionality and a high aspect ratio to the pores, allowing for the pore network to traverse the gel volume 

while retaining a higher percentage of solid material. Unidirectional cryogelation produces pores with a 

linear, aligned architecture, providing strength along the axial direction, but leaving  the gel fragile in the 

radial direction10,139. Sacrificial templating provides a method to produce more complex pore architectures 

using soft lithography, 3D printing, optical hardware, or electro-spinning to create the thin, fibrous precursor 

that will become anisotropic channels in a hydrogel10,140. However, these methods tend to struggle with 

producing channels with three-dimensional complexity which limits their applicability.  

I have patterned networks of microchannels in hydrogels using thermoresponsive microfiber 

templating.  These networks can act as anisotropic pores, which modify the release properties of hydrogels. 

The channels are modeled after capillary beds, with the intent of allowing a high degree of fluidic access to 

the interior of the hydrogel while occupying a relatively small volume. The channel fabrication is based on 

previous work utilizing Soluplus, which is solvent spun into 3D fiber meshes, embedded in hydrogel, and 

then liquified by lowering its temperature below its LCST141. The result is a simple, nontoxic, scalable 

method of creating interconnected channels on the scale of tens of micrometers throughout hydrogel 

volumes. To demonstrate the flexibility of the technique and its applicability with other contemporary 

techniques to improve hydrogel properties, the channels have been patterned in an interpenetrating 

hydrogel (IPgel) network. IPgels take advantage of two independent crosslinking reaction pathways in order 

to create polymer networks which are interwoven through each other without covalently bonding together142. 

This method of fabrication takes advantage of the qualities of two polymer materials and reinforces the 

structure of the hydrogel. This overlapping of polymer matrices also tends to reduce the average pore size 
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of the polymer mesh, which can lead to poor diffusivity and thus makes such gels ideal candidates for our 

approach to increase large molecule drug release rate. We have patterned microcapillaries in a 10% w/v 

gelatin – 1% w/v alginate IPgel, taking advantage of the combined materials’ strength while rescuing 

potential losses in release rate. In addition, gelatin-alginate IPgels have already seen some success when 

used to engineer improved wound dressings and burn treatments143. In applying this microcapillary 

patterning technique to fabricating drug excipients it is my goal to enable the development of hardier, 

medicated hydrogels with tunable transport properties.  

 

Materials and Methods 

Microfiber Production  

Sacrificial microfiber templates were produced by spinning a volatile solution of Soluplus (BASF), 

a polyvinyl caprolactam–polyvinyl acetate–polyethylene glycol graft copolymer, out of custom rotary 

chamber 95,97,110. The polymer solution was made by combining Soluplus at a 100% w/v ratio with a mixture 

of ethanol and chloroform (7:3). This mixture was placed on a rocker plate for 24h to completely dissolve 

the Soluplus. To produce the fibers, 200-400 μL of this solution was loaded into the chamber and spun out 

of side-facing ports at 3000-3200 rpm and onto a collection container (Supplementary Figure 1A). Fibers 

were left in a fume hood for 20 minutes to completely dry and then moved to a desiccation chamber until 

needed. 

 

Interpenetrating Hydrogel Preparation 

IPgel samples were prepared by sequentially crosslinking a solution of gelatin and sodium alginate 

dissolved in saline. The uncrosslinked IPgel solution was prepared with 0.1 g/ml gelatin (Sigma-Aldrich; gel 

strength 300, Type A) and 0.01 g/ml sodium alginate (Thermo Fisher, B25266.36) in 0.9% w/v saline (0.05% 

sodium azide was added as a preservative). Dry components were mixed and added to saline warmed to 

60 ºC and continuously mixed with a stir bar. After all components were dissolved and the solution appeared 

transparent, the warm gel solution was vacuum filtered through a 0.2 µm filter to remove particulates. This 

gel solution was kept refrigerated at 4 ºC until used for sample casting. 
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Standard 96-well plates were used to cast IPgel samples. A coating of 20% w/v Soluplus solution 

was applied to all the wells in a single row using a thin wooden dowel. A coated 96-well plate was then 

inverted to drain excess solution and left in a fume hood to dry. For microcapillary patterned samples, 

additional steps were performed to prepare the wells. Approximately 2 mg of Soluplus fibers were cut, 

weighed and then inserted into a dry, Soluplus-coated well. Plates containing fiber clusters were vapor 

welded by placing a 96-well plate in a bell jar with a glass dish (80 mm diameter x 40 mm tall) containing 

10ml of ethanol and pulling vacuum. Vacuum was applied for 3 minutes before closing the jar valve and 

exposing the plate to ethanol vapor for 18 minutes. Following this the valve was opened and the fiber laden 

plate was retrieved and allowed to dry in a desiccation chamber for 24 hours before being used to cast 

IPgels. 

Uncrosslinked gel solution and 0.1 g/ml microbial transglutaminase (mTG; #1203-50, Modernist 

Pantry) in saline were warmed to 55 ⁰C in a water bath and a Soluplus coated 96-well plate was kept at 55 

⁰C on a heated plate. These solutions were degassed in an ultrasonic bath for 5 minutes prior to gel casting 

and then returned to the water bath for an additional 5 minutes to come back up to temperature. While this 

gel was degassing, prepared 96-well plates were treated in a Harrick Plasma Treater on high power at 700-

800 mTorr for 5 minutes to improve their wettability. Gel and mTG solutions were mixed at a 9:1 ratio until 

homogenous and then immediately dispensed into the prepared wells, each well receiving 200 µl. The plate 

was then transferred to a 37 ⁰C incubator and allowed to crosslink for 1 hour. Cryogels were transferred to 

37 ⁰C incubator for 30 minutes to initiate crosslinking and were then transferred to a -20 ⁰C freezer for 2 

hours. A plate of gels was then brought to a workbench and 100 µl of saline solution was dispensed into 

each well to begin dissolving the Soluplus coating along the well wall. Gel samples were gently removed 

from their wells using a thin metal spatula and transferred to a bath of 50 mM CaCl2. Gels were cut to a 

uniform height and repeatedly compressed in the CaCl2 bath using a pair of flat tipped forceps. Gels were 

then incubated on a rocker plate at room temperature for 1 hour to allow calcium ions to fully penetrate the 

gel and continue washing out Soluplus. At this point both hydrogel polymer species were crosslinked. The 

gels were transferred to a 50 ml falcon tube of saline and agitated on a shaker-plate overnight to finish 

crosslinking and remove excess crosslinker. For microcapillary patterned gels, vacuum was also pulled on 

open falcon tubes of gels in saline for 30 minute intervals to remove all air bubbles from channels.  
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Loading Hydrogels with Fluorescent Molecules 

Fluorescent molecules of increasing molecular weight were loaded into IPgels to evaluate the effect 

that the microcapillaries had on their release kinetics. The molecules selected to model drugs of varying 

sizes were: Rhodamine B (ThermoFisher, #132315000), 10kDa Dextran-Texas Red (ThermoFisher 

Scientific; #D1828), and Human IgG-AlexaFluor 594 (Jackson ImmunoResearch; #009-580-003). The 

hydrodynamic radius of each molecule is listed with corresponding source from the literature. Fluorescent 

molecules were incorporated into solutions of uncrosslinked gel, saline and CaCl2 at concentrations of 5 

µg/ml, 100 µg/ml, and 40 µg/ml respectively. Fabrication of gels followed the previously outlined procedure. 

 Rhodamine B Dextran-Texas Red IgG-AF594 

Molecular Weight (kDa) 0.479 10 150 

Hydrodynamic Radius (nm) 0.57 [144] 2.3 [145] ~6 [146] 

Concentration in Gel (µg/ml) 5 100 40 

 

Fluorescence Recovery After Photobleaching (FRAP) 

Samples for FRAP were prepared by mixing fluorescently tagged molecules into free saline or 

gelatin-alginate solution prior to crosslinking. For saline samples, ProLong coverslip sealant (Invitrogen) 

was painted onto each side of a piece of cover glass and allowed to dry until tacky, at which point it was 

attached to a glass slide. Fluorescent saline solution was placed at one end of the slide and wicked under 

the coverslip via capillary action. After loading the fluorescent saline, each end was sealed with coverslip 

sealant. For gelatin-alginate samples, the gel solution was mixed with mTG as described earlier and 10 µL 

of the mixed mTG-gel solution was pipetted onto a glass slide. A coverslip was added on top of this and 

the sample was placed in a 37 °C incubator to crosslink for 1 hour. 50 mM CaCl2 was then added to one 

side of the slip and wicked around the gel via capillary action. The sample was then sealed and allowed to 

fully crosslink overnight. This process produced samples with thicknesses of less than 10 µm, which allowed 

for uniform bleaching throughout the thickness of a sample.  

Samples were imaged on a Zeiss LSM710 confocal microscope using a 40x/1.1NA water-

immersion objective. A circular region of 17 µm (40 px) in diameter was drawn onto the field of view, 

Table 3.1: Fluorescent Molecules for Drug Release Modeling 
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designating the bleaching area. The bleaching region was scanned at full laser power with both the 405 nm 

laser and the 561 nm laser to bleach the area as quickly as possible. Following bleaching a time series of 

images were taken which observed the diffusion of fluorescent molecules back into the bleached area. 

Bleaching times and acquisition parameters were adjusted for each molecule-medium pair in order to best 

capture recovery times147. 

Time series image stacks were processed in FIJI to extract the fluorescent intensity of two ROIs at 

each time step: one over the bleached region and one control region which received no bleaching. 

Fluorescence data sets were then processed in MATLAB and fit to a first order diffusive model (Equation 

3.2) to extract a time constant representative of the diffusion of the fluorescent molecule in the medium of 

choice.  

 

Drug Release Assay 

24-well plates were modified with custom inserts which divided each well into two sections. The 

inserts were designed in Fusion 360 and 3D printed on a Sonic Mini 8K 3D printer. All inserts were washed 

in EtOH, cured in a UV chamber and then washed again in 70% EtOH to remove any uncured resin. The 

insert acted as a gate which sequestered a drug-loaded gel to one half of the well while allowing the saline 

bath to freely pass between both sides. Using a custom plate definition on a BioTek Synergy H1 UV-Vis 

plate reader, measurements could be taken from the empty side of the well and used to represent the 

concentration of the whole well without worry of interference from the gel itself. The subdivided sample 

locations within each well yielded uniform data and each location gave a representative measurement of 

the entire well if the plate was shaken by the plate reader prior to reading. 

On the day of the experiment, a 24 well-plate was prepared with each well receiving 1.5 ml of room 

temperature saline and a 3D-printed insert. One gel would be removed from a sample group, cut in half, 

and imaged at its cross section in order to ensure uniform distribution of drug model within the gels. 140 µl 

of fluorescent saline solution from the falcon tube containing the gels was added to a well on the plate to 

act as a positive control. Gels were then removed from their falcon tubes and dipped into saline to remove 

excess model drug. Gels were placed on weighing paper to gently dry and then weighed on a mass balance. 

Gels were then quickly transferred to their respective wells and moved to the plate reader to begin 
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measurements. The plate reader was programmed to take readings every 10 minutes for the first 24 hours 

and every 30 minutes for the following 120 hours. Plates were shaken for 1 minute prior to taking readings. 

Data showing the release of fluorescent molecules over time was analyzed using GraphPad Prism software. 

 

Initial Results and Discussion 

Fabrication of Microcapillary Patterned Interpenetrating Hydrogels 

The fabrication of  microcapillary IPgel samples was adapted from previous work with the same 

Soluplus microfiber patterning method141. In brief, dry Soluplus polymer was dissolved into a volatile 

solution of ethanol and chloroform and then spun at high speed to produce three-dimensional microfiber 

networks. These fiber networks were then packed into the wells of a standard 96-well plate which had been 

coated with a thin layer of Soluplus. The fibers were then vapor welded using ethanol in a vacuum chamber. 

This improved interconnectivity amongst fibers, created attachment points between the fiber cluster and 

the well walls, and provided robustness to the fiber skeleton so that it would better retain its shape during 

gel casting.  

Polymer crosslinking of the interpenetrating hydrogel was performed in two steps. Enzymatically 

crosslinking the gelatin was performed first, as the process occurs on the timescale of minutes which is 

slow enough that the mixture still flows during gel casting. All materials were kept above Soluplus’ LCST 

during the casting process so that the 

fibers would remain insoluble and 

retain their geometry during 

crosslinking. Polymer solution and 

crosslinker were initially heated to 55 

ºC and after fiber embedding the gels 

were incubated for 1 hour at 37 ºC. 

While a higher temperature does drive 

Soluplus’ behavior further into the 

hydrophobic domain, if the embedded 

fibers are incubated at too high a Figure 3.2: Photos of interpenetrating hydrogel samples 

patterned with microchannel networks. Scale bars are 1 mm. 
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temperature, they will lose structural integrity and sink. This can be seen in the bottom right image of Figure 

3.2, which shows an embedded fiber network that had begun to sag during crosslinking. I speculate that as 

the temperature increases, molecular mobility increases within the viscous Soluplus gel and the network 

loses tensile strength that fights its negative buoyancy. This was discovered after attempting to incubate 

the gels at 50 ºC to increase the crosslinking speed of mTG and improve fiber embedding.  

In the second crosslinking step, the 96-well plate of gels was retrieved from the incubator and gels 

were immediately transferred to a room temperature bath of 50 mM CaCl2. Calcium substitution is a classic 

method for crosslinking liquid alginate that is simple, rapid and independent of the newly formed covalent 

bonds of the gelatin network. Gels were repeatedly compressed in the calcium bath using forceps; this step 

drove flow through the channel network, displacing Soluplus with CaCl2 solution. This was critical to 

consistently producing functional microcapillary networks. Gels were kept in calcium solution for 1 hour to 

allow calcium ions to fully penetrate and uniformly crosslink the gels. At this point both gelatin and alginate 

polymer meshes had been crosslinked, forming an interpenetrating polymer network. Samples were then 

transferred to a saline bath and agitated overnight to allow any remaining crosslinker to either react or wash 

out and for polymer chains to relax into a stable state. The process resulted in samples of interpenetrating 

hydrogels with uniform geometry and microcapillary networks running throughout the full volume (Figure 

3.2). 

 

Diffusion Coefficient of Fluorescent Molecules in IPgel vs Free Solution  

The microcapillaries patterned into the IPgels will only have a significant effect on their release 

kinetics if the drug can diffuse much faster in free solution than in the polymer matrix. From here it is 

reasonable to assume that the drug would diffuse outward from channels at a greater speed than from the 

bulk IPgel. As previously discussed, diffusion of a hydrophilic drug through a hydrogel is primarily 

determined by the relative size of the hydrodynamic radius of the drug versus the size of the nanopores in 

the polymer mesh3,148. To evaluate the viability of our drug delivery system as it applied to the release of 

drugs of varying molecular weights, I examined the relative diffusion of three fluorescent molecules of 

increasing size in saline and in bulk IPgel.  
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Fluorescence recovery after photobleaching (FRAP) was performed to extract the diffusion 

coefficients of Rhodamine (0.48 kDa), Dextran conjugated to Texas Red (10 kDa) and an IgG conjugated 

to AlexaFluor 594 (150 kDa) in the two mediums. Samples were photobleached and imaged on a laser 

scanning Zeiss LSM710 confocal microscope. Fluorescence recovery times are sensitive to the relative 

durations of the bleaching period versus the recovery period: for practical application, the bleaching time 

should be kept to less than 1/10th of the half-recovery time147. Working within the capabilities of the Zeiss 

LSM 710, the bleaching period was kept as small as possible while also reducing the average intensity of 

the ROI below at least 70% of its initial intensity. This was easily achievable for measuring diffusion of IgG, 

but for measurements of Rhodamine and 10 kDa Dextran, especially in free solution, this relative bleaching 

time had to be compromised to effectively bleach the ROI. FRAP is most effective at determining diffusion 

coefficients in the range of (0.01-10)x10-7 cm2/s149 and Rhodamine and 10 kDa Dextran both push the upper 

bounds of this range in free solution. Despite this limitation, I believe that applying a wide range of molecular 

weights and evaluating them in an equivalent fashion can reveal useful information about the diffusion 

behaviors of molecules of varying size in a gelatin-alginate IPgel. Average intensity values for both the 

region of interest and the surrounding area were extracted for each frame of the time series using FIJI and 

then analyzed using MATLAB (Figure 3.3A). Recovery curves were normalized to the lowest intensity value 

detected, as well as the maximum plateau value eventually reached. Differences in the average intensity 

Figure 3.3: FRAP performed on fluroescent molecules 

in IPgel and Saline. A) Fluorescence recovery curves of 

each molecule following bleaching. B) Diffusion 

coefficients of molecules in IPgel and saline. Scale for y-

axis is logarithmic. *denotes p<0.05 
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over time were also subtracted from ROI values to account for bulk fluorescence changes to the entire scan 

area. As the target molecule increases in molecular weight, fluorescence recovery curves show a larger 

difference in recovery rate between saline and IPgel (Figure 3.3A).  

Normalized intensity data was fit by least squares regression to a simple first order diffusion 

equation, where I(t) is the fluorescent intensity at time t, I0 is the maximum intensity, K is the rate constant, 

and b is the initial intensity at time zero. After normalization, b = 0 for all data sets. Rate constants were 

extracted from best fit models and used to find the time at which recovery reached half maximum, 𝑡1/2 

(Equation 3.4). Using the Soumpasis equation (Equation 3.5), where 𝑟𝑅𝑂𝐼  is the radius of the bleached 

region of interest, the diffusion coefficient could be determined (Table 3.2)150. The diffusion of molecules in 

saline was also compared to estimations of diffusion in water which was calculated using the Stokes-

Einstein equation (Equation 3.5), where D0 is the Dc in water, kB is the Boltzmann constant, T is the 

temperature in kelvin, η is the viscosity of water at T, and rhd is the hydrodynamic radius of the molecules 

as found in the literature151–154.  

 𝐼(𝑡) = 𝐾𝑡 + 𝑏            Eq. 3.1 

𝐼(𝑡) = 𝐼∞ ∗ (1 − 𝑒−𝐾𝑡) + 𝑏      Eq. 3.2 

𝑡1/2 =  
−ln (0.5)

𝐾
           Eq. 3.3 

𝐷 = 0.224 ∗
𝑟𝑅𝑂𝐼

2

𝑡1/2
             Eq. 3.4 

𝐷0 =  
𝑘𝐵∗𝑇

6𝜋∗𝜂∗𝑟ℎ𝑑
                    Eq. 3.5 

The extracted diffusion coefficients further illustrate the trend originally seen in the recovery curves. 

Rhodamine B, the smallest molecule, showed no significant difference in its diffusion coefficients between 

free solution and IPgel, whereas 10 kDa Dextran and IgG showed approximately a 3x and 40x decrease in 

their diffusion coefficients (Figure 3.3B). The measured Dc of IgG in saline, 1.29e-7 cm2/s, closely 

approximates similar values for the free IgG reported in the literature, 2-6e-7 cm2/s151,152,155–157. It is also 

close to the calculated Dc from the Stokes-Einstein equation, 3.6e-7 cm2/s. This demonstrates the validity 

of our photobleaching protocol for IgG. These results show promising diffusive behaviors that our 

microcapillary networks can take advantage of. By introducing pathways that increase an antibody’s 

diffusive speed up to 40x, large molecule biologic immunotherapeutics like Infliximab show the highest 
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potential for increasing their release rate from a hydrogel system. For Rhodamine B and 10kDa Dextran, 

the measured diffusion coefficients are less than their calculated Stokes-Einstein values and corresponding 

diffusion coefficients found in the literature (Table 3.2). FRAP is most effective at determining diffusion 

coefficients in the range of (0.01-10)x10-7 cm2/s149, which means that for 10kDa Dextran (Dc = 7-12 x 10-7 

cm2/s) and Rhodamine (Dc = 35-45 x 10-7 cm2/s) their diffusion speeds were potentially faster than could 

be accurately captured by our confocal system. This is reflected in bleaching protocol discussed earlier, 

where bleach times less than 1/10th the half-recovery time could not be achieved for rhodamine in either 

medium and for 10kDa Dextran in saline. Therefore, it is more appropriate to view the values derived from 

these experiments as lower limits for the actual Dc which is likely greater than could be measured by our 

system (Table 3.2). Despite this limitation, these measured Dc values remain instructive within the context 

of their own experiments. As expected, the diffusion of Rhodamine B was unhindered by the polymer matrix, 

represented by its similar Dc value in both IPgel and saline. From this we can infer that the nanopore size 

is too large to have a meaningful effect on molecules with hydrodynamic radii of similar size to Rhodamine 

B (0.57 nm). While not as dramatic as IgG, 10 kDa Dextran also showed a significant decrease in diffusive 

speed. This decease of at least 3x, indicates that drugs of similar size could also have improved release 

rates in our system 

 

Drug Release Assay 

For drug release characterization both solid and microcapillary patterned IPgels were prepared with 

40 µg/ml IgG-AF594 pre-mixed into uncrosslinked solution and monitored in saline baths over time with a 

BioTek Synergy H1 Plate Reader. Each gel was sequestered to one half of a well using a 3D printed gate 

Table 3.2: Diffusion Coefficients of Fluorescent Molecules in IPgel and Saline extracted from FRAP. 
Values derived from experiments that required a non-ideal bleaching time are treated as lower limits for 

possible Dc and are listed as ≥(measured value). FRAP values in saline are compared to values obtained 
from Stokes-Einstein calculation and values from the literature. Dc is reported in cm2/s (x107). Number of 

samples (n) is listed with each. 

 FRAP IPgel FRAP Saline Stokes-Einstein Literature 

 Dc n Dc n D0 Dc 

Rhodamine B ≥2.1 6 ≥2.9  5 38 35-45 [198] 

10kDa Dextran-TXred 0.51 ± 0.6 8 ≥1.4  6 9.5 7-12 [199,200] 

IgG-AF594 0.035 ± 0.8 8 1.3 ± 0.03 4 3.6 2-6 [147,148,151–153] 
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and measurements were taken from the other half following agitation (to homogenize the concentration of 

IgG in the saline bath). This method allowed for direct reading of fluorescent intensity in the saline baths as 

gels released their payloads without disruption from drawing aliquots as samples. Fluorescent intensity 

readings were taken every 10 minutes for the first day and then every 30 minutes for the next 5 days. The 

fluorescent readings for each sample were normalized to the sample mass to account for differences in 

total payload. The resulting data show extremely tight variation amongst samples, with over 98% of mass-

normalized data points showing a variation of less than 5% (Figure 3.4B). Both the raw data and the mass-

normalized curves show that the addition of microcapillaries to IPgels increased the rate of release of 

fluorescent IgG (Figure 3.4A,B). Looking at the fraction of total drug released from the solid and 

microcapillary samples, the difference between them peaked at 900 minutes, when the microcapillary 

samples released 14% more of the total payload. The microcapillary samples had also maintained a greater 

difference in total release of at least 10% from 190-2760 minutes, making up the vast majority of the first 2 

days. Early days of treatment are important in rescuing the progression of burn wounds, thus it is 

encouraging to see this steady increase in delivery over a timeline commensurate with burn wound 

treatment.  

Payload release data were fit to models of drug release using GraphPad Prism. Depending on 

many factors, including sample geometry, hydrogel swelling, and polymer-solute interactions, 

interpenetrating hydrogels can exhibit a wide range of release behaviors158–160, so several models were 

applied in order to gather the most information. We began with the assumption that the IPgel excipient 

could be modeled by simple first-order release kinetics (Equation 1): one of the most broadly applicable 

models, but one which assumes that diffusion is dominated by a singular Dc which defines a homogeneous 

material. From this model we see a decrease in the half-max time, t1/2, of nearly 40% from 1066 minutes 

from solid samples to 655 minutes for microcapillary samples (Table 3.3). First-order kinetic modeling 

yielded R2 values of 0.970 and 0.968, which indicate a fairly appropriate fit; however, the models appear to 

follow an average curvature which fails to match the actual curvature of either data set and then plateau 

early (Figure 3.4C). This merited further investigation into the mechanisms of release, which could be found 

by applying the Ritger-Peppas model. The Ritger-Peppas model (Equation 3.6) is a simple power law 

relationship which is able to generally describe the mechanism of release of drugs from a polymeric system, 
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where M(t)/M∞ is the fractional amount of drug released by the system over time t, KR is the release 

constant, n is the characteristic diffusional exponent, and b is the burst release161. 

𝑀(𝑡)

𝑀∞
= 𝐾𝑅 ∗ 𝑡𝑛 + 𝑀0     Eq. 3.6 

Applying the Ritger-Peppas Power Law to the early release period (Figure 3.4D), when M(t)/M∞ is 

less than 0.6, the value of n indicates whether the system is dominated by Fickian diffusion (0.43< n <0.5 

for cylinders), matrix-based zero-order kinetics such as swelling release (n = 1), or anomalous release 

which combines both aspects (0.5< n <1). When fit to early times, the n-values for the solid and 

microcapillary IPgels were 0.46 and 0.45 respectively. This indicates that the mechanism of release is 

almost entirely dominated by standard Fickian diffusion for both systems. The analysis so far has defined 

a system that is inadequately modeled by simple first order kinetics yet is characterized predominantly by 

Fickian diffusion.  

A better fit for our data was obtained by applying the Weibull model, a semiempirical model used 

primarily to compare the drug release profiles of matrix systems (Figure 3.4E, Equation 3.7)162,163. In this 

model, a is the scale parameter which defines the timescale of release and b is the form factor which defines 

the shape of the curve; as with previous models M(t) is the amount of drug released at time t, M∞ is the 

plateau of maximum possible drug released and M0 is the burst release. 

𝑀(𝑡) = 𝑀∞ − (𝑀∞ − 𝑀0)(𝑒−𝑎𝑡𝑏
)    Eq. 3.7 

Although criticized for its lack of theoretical foundation, the Weibull model’s application to drug 

release data has been thoroughly studied and found to accurately describe the curvature of drug release 

Table 3.3: Best-Fit Values for Release Modeling of IgG from IPgels. 

Best-fit Constants Units First Order Release Weibull Model 

  Solid Microcapillary Solid Microcapillary 

M∞ AFU/g 28.32 29.17 32.97 30.83 

M0 AFU/g 7.69 8.57 0.00 0.46 

K 1/minutes 0.00065 0.00106 - - 

t1/2 minutes 1066 655 - - 

a - - - 0.030 0.036 

b - - - 0.48 0.51 

R2 - 0.970 0.968 0.993 0.995 
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for varying diffusion limited mechanisms164–166. Another advantage this model offers is that it is capable of 

modeling the complete set of data, as opposed to the Ritger-Peppas model which must rely on the first 60% 

of the release curve to give appropriate results. It has even been demonstrated that the form factor b of the 

Weibull function is linearly correlated with the characteristic diffusional exponent n of the Ritger-Peppas 

model and can be used to discern information about the release mechanisms and matrix structure at 

play164,167. For drug release in solid and microcapillary patterned IPgels, their respective b values were 0.48 

and 0.51 (Table 3.3). These values indicate that diffusion is occurring that differs from normal first order 

release as described by Fick’s first law; this agrees with the findings from previous models. Because the 

form factors of each curve are close in value and occupy the same form domain, this means that the 

timescale factors can be directly compared. The a value increased by 20% from 0.030 in solid gels to 0.036 

in microcapillary gels, once again demonstrating that the presence of these patterned channel networks 

has a significant effect on the release rate of IgG from the gel. 

 

Conclusions and Future Outlook 

Hydrogel technologies stand to benefit from new fabrication techniques capable of creating networks 

of anisotropic pores. Such channel networks have the potential to modulate the release kinetics of the 

hydrogel without sacrificing large volumes of solid matrix, thus retaining drug-loading volume and 

mechanical strength. We have developed a fabrication protocol using thermoresponsive microfiber 

templating that is capable of patterning three-dimensional volumes of gelatin-alginate interpenetrating 

hydrogel with such microcapillary networks. FRAP was used to demonstrate a 40x reduction in the diffusion 

coefficient of IgG in IPgel versus saline, and a 3x reduction in diffusion coefficient of 10 kDa Dextran. These 

results show that the creation of a fluidic network in a reinforced gel, such as the IPgel used here, can 

provide pathways for accelerated diffusion that may increase the release rate of loaded drugs even without 

convection driven transport. This was tested in IPgels loaded with IgG-AF594 that were fabricated with and 

without microcapillary networks. Gel samples were placed in saline baths which had their fluorescent signal 

strength read over time to measure the amount of fluorescent IgG released. At least 10% more payload 

was delivered by microcapillary gels for the vast majority of the first 2 days of release. The data were 

modeled by first-order release kinetics, the Ritger-Peppas Power Law and the Weibull model to compare 
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the release profiles of solid hydrogels versus microcapillary hydrogels. The results of modeling describe a 

release behavior of similar curvature between samples, but of differing timescales. Both samples showed 

drug-release that was dominated by diffusion but could not be adequately defined by simple Fickian 

diffusion. Microcapillary gels showed a 40% decrease in half-max time as compared to solid gels according 

to first-order approximations, and a 20% increase in timescale factor according to Weibull modeling. 

A primary goal of this work is to develop a means to modulate transport properties without 

compromising mechanical properties. While accelerated release rates using microcapillaries has been 

demonstrated, mechanical strength comparable to solid gels or better than contemporary microporous gels 

still needs to be demonstrated. In the context of application to wound dressings, the hydrogel’s resilience 

would be best evaluated via compression, shear, and penetration tests. The ultimate properties of the gels, 

the stress and strain at which the gel structurally fails, will be of primary interest as this is illustrative of the 

hydrogel’s ability to survive the daily locomotion of the patient. Evaluating the effect that the microcapillary 

fabrication has on the elastic modulus of the gel would also be valuable to evaluate, as many modern 

methods of macropore fabrication can significantly impact this. In particular cryogelation has a 

concentrating effect, where polymer is pushed into unfrozen domains where it crosslinks into a more dense, 

stiff, and sometimes brittle matrix22,168.  

While the inclusion of microcapillaries has a demonstrable effect on the release rate of large 

molecules from IPgel systems, further evaluation of transport properties and evolution of current methods 

is needed to clarify the effects at play. Empirically determining the size and distribution of the nanopores of 

the gelatin-alginate IPgels would provide highly useful information on molecular motility in the gel as it 

relates to molecular size. Modern methods to measure hydrogel porosity include scanning electron 

microscopy (SEM), stimulated emission depletion (STED) microscopy, atomic force microscopy 

(AFM)169,170. Evaluation of diffusion coefficients of smaller target molecules may also be better handled by 

means other than FRAP, such as NMR spectroscopy171. Regarding the release profiles observed, while we 

have elucidated some aspects of the release behavior, the data still present a complex behavior that makes 

attribution of the effect of microcapillaries hard to quantify. A more fruitful approach may be to scale back 

to a single-polymer hydrogel system, which could be accurately modeled by simple first order diffusion. 

After characterizing the effects that microcapillaries have on a simple hydrogel system, reinforcing 
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structures like interpenetrating matrices can be reintroduced to fulfil the mechanical requirements of wound 

dressing applications.  

 This project is still in its nascency and needs much more development before meaningful 

conclusions can be drawn regarding the application thermoresponsive microfiber templating on drug 

delivery. The presence of microcapillaries does open up pathways which increase the release rate of large 

payload molecules, but the practical application thereof is still in question. Looking again at the simple first-

order model for drug release, the overall half-release time was reduced by 40%, but this is all still in the 

time regime of hours and the dosage delivered only increased by 14% at its maximum. Theoretically the 

release rate could be increased further with the addition of more fibers and the fabrication of a denser 

microcapillary network, but creating a network too dense also risks the same structural weaknesses present 

in contemporary methods of macropore fabrication. That said, these issues are ones of implementation and 

do not negate the fundamental value of a new method of fabricating highly anisotropic pore networks in 

hydrogels. While the current results have not yet achieved the goals set out by the project, there remains a 

great deal of demonstrable potential in thermoresponsive patterned microcapillary drug excipients.  
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CHAPTER 4 : CONCLUSIONS 

Summary 

Hydrogels are a material uniquely suited to applications in regenerative medicine. Their water-filled 

polymeric structure is similar to the ECM that composes the scaffolding of human tissue, giving them their 

characteristic viscoelastic mechanics and ability to transport water-soluble molecules. These properties are 

also related to many hydrogels’ high degree of biocompatibility, especially those derived from biological 

polymers like collagen. Both natural and synthetic hydrogels can be modified in a myriad of ways, mixing 

and combining the broad selection of available polymers, tuning their synthesis to produce variable 

mechanical and diffusive behaviors, and chemically adding functional groups to enable novel crosslinking 

strategies, cellular stimulation, or drug release mechanisms. The macroscale architecture of hydrogel 

devices also has a massive impact on their final properties, which is why so much attention has been given 

to developing new fabrication strategies that use hydrogels as the foundational material.  

One such strategy has been the generation of micrometer scale cavities, or macropores, in the 

hydrogel which can modulate both the transport and mechanical properties of the final gel without 

significantly altering the polymer matrix. However, modern methods of fabricating such features face 

limitations. Isotropic macropore generation often rely on harsh methods of synthesis or require sacrificing 

large volumes of solid gel in order to achieve an interconnected structure. Anisotropic macropore 

fabrication, in particular top-down methods, are still limited by any combination of feature size, lumen 

geometry, scalability, interconnectivity or 3D complexity. Such limitations restrict the potential for hydrogel-

based technologies, especially with regards to patterning microvasculature in engineered tissues.  

To address this, I have leveraged the properties of the polymer Soluplus to develop a templating 

technique which produces capillary-like channels in thick hydrogel volumes. Soluplus is designed to be 

easily processible and can be solvent spun into 3D clusters of microfibers which are nontoxic and 

mechanically robust enough to survive manual manipulation and gel casting. Critically, Soluplus has an 

LCST of approximately body temperature, which can be exploited to gently remove fibers from a crosslinked 

hydrogel matrix without harming embedded cells or leaving behind harmful residue. My research has 

focused on applying this technology to hydrogels in order to overcome transport limitations while remaining 
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applicable to tissue engineering purposes and retaining fundamental design properties of the hydrogel 

matrix. 

The development of thick artificial tissues is currently hampered by a lack of functional vasculature. 

Without this, cells further than a few hundred micrometers away from a source of vital gasses and nutrients 

are unable to survive. In Chapter 2 I develop the early stages of a functional vascular network by patterning 

hydrogels using sacrificial, thermoresponsive templates to form tortuous, 3D microchannel networks. The 

qualities of the channels’ architecture were thoroughly characterized and found to be approaching those of 

natural capillaries. An endothelial monolayer was cultured within these channels which remained viable for 

over three weeks and exhibited functional barrier properties. Endothelialized microchannels were also 

cultured within hydrogels containing suspended fibroblasts, which remained viable at 14 days post-seeding, 

thereby demonstrating their potential for integration into more complicated artificial tissue systems. 

Drug delivery vehicles could also benefit from the highly anisotropic geometry of the microchannels, 

as they allow fluidic access to the full volume of the hydrogel while sacrificing very little solid material. This 

work was motivated by the development of improved medicated dressings for full-thickness burn wounds 

which have previously been demonstrated to show positive responses to drug-loaded interpenetrating, 

microchannel patterned microgels. By patterning interpenetrating polymer hydrogels with full-thickness 

microchannel networks, I created devices in a simple, non-toxic fashion with accelerated drug-release times 

but similar matrix structures.  

 

Limitations 

Thermoresponsive microfiber templating relies on the stochastic process of solvent spinning in 

order to produce large volumes of fibers with roughly homogeneous distributions of diameter, 

interconnectivity and branch length. This process is able to create consistent architectures of fibers within 

the same batch, but it requires a good deal of experience to be able to reproduce fibers of similar quality 

between batches. The fabrication process is sensitive to the viscosity of the Soluplus solution, which can 

change significantly as the volatile solvents evaporate out. This can be corrected by altering the spin speed 

and volume of solution injected, but relying on this makes reproducing results difficult, especially without 

firsthand training. The current fiber spinning system has been sufficient for the results presented here, but 
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future projects using this technology would benefit immensely from increasing the reproducibility of fiber 

quality, potentially through iterating further on the design of the spin head or by trying new combinations of 

volatile solvents.  

A key aspect of this method is its scalability; methods that can produce large volumes of channels, 

such as 3D bioprinting, struggle with producing features below 50 µm and methods that can produce 

features on the micrometer scale, such as photoablation and photocrosslinking, are limited by working 

distance and lengthy process times. Thermoresponsive microfiber templating fills this gap by producing 

microscale features for hydrogel structures up to 1 cm3, but faces its own challenges when it comes to 

embedding. The tension created by microfiber-microfiber connections and microfiber-wall connections is a 

key element in preserving the geometry of the fibers, as they need to be able to resist displacement caused 

by the surface-tension of the liquid gel pushing the fibers during embedding or by the buoyant forces moving 

fibers after embedding. As the volume of hydrogel expands it will become more important to have steady 

anchor points throughout the system, which could be provided through integration of larger diameter 

polymer templates with the smaller scale microfibers. Successfully addressing this limitation also presents 

an exciting opportunity to evolve this technique into one which patterns multi-scale vasculature. 

 

Future Directions 

Multi-scale Artificial Vasculature 

The development of multiscale artificial vasculature is an important milestone on the path to solid 

artificial organs. As previously discussed, the replication of form is critical to the replication of function in 

the cardiovascular system, thus the expansion of artificial vasculature into large tissue volumes will not only 

require capillary-like vessels which interface with local tissue, but a hierarchy of convective artery and vein-

like vessels to efficiently transport supportive fluid throughout the structure. The work demonstrated here 

has made progress towards addressing the need for these capillary vessels, so their integration with larger 

vessels is a natural next step.  

While 3D printing has struggled with producing channels appropriate for exchange vessels, it has 

excelled at producing channels of a size suitable for resistance and transport vessels44,172,173. Soluplus has 

been thoroughly characterized for hot melt extrusion174,175, with particular interest shown in adapting it 
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towards fused deposition modeling applications176. It follows that Soluplus could be used to 3D print meso-

scale and solvent-spin micro-scale vessel architecture, then fuse the two structures via a method such as 

vapor welding. Producing these multi-scale vascular templates is a very achievable next step which further 

expands the possible dimensions of tissue engineered structures.  

Recent work in vascular engineering has explored hybrid approaches which combine both top-

down and bottom-up strategies to produce artificial vasculature31,44,177. Such hybrid methods apply top-

down techniques to fabricate a channel network with the aim of supporting seeded cells long enough to 

stimulate microvascular production by angiogenesis or vasculogenesis. Most current demonstrations of this 

use fairly simple architectures, two straight channels flanking a central region of encapsulated vascular 

progenitor cells, reminiscent of their planar, microfluidic counterparts 178–180. By turning to work done with 

vascularizing organoids, we can find bottom-up methods which have already been applied to a more three-

dimensional context. Endothelial cells, pericytes, and stromal cells, collectively known as the stromal 

vascular fraction (SVF), have been extracted from adipose tissue and were found to self-assemble into 3D 

microvasculature when incorporated into organoids181. By digesting the same adipose tissue for a shorter 

amount of time, it is also possible to retrieve whole microvascular fragments (MVFs), which demonstrated 

comparable morphology and improved angiogenic sprouting in their organoids as compared to their SVF 

counterparts182,183. Other groups have begun with organoids composed of iPSCs which were then co-

differentiated into endothelial tubes and supportive pericytes, which then self-assembled into a perfusable 

capillary network enveloped in a basement membrane184. As demonstrated with HNDFs, encapsulation of 

the SVF, MVFs or iPSCs is plausibly compatible with thermoresponsive vascular patterning, which could 

result in thick, highly biomimetic multi-scale vascular structures.  

 

Integration of Tissue-Specific Endothelial Cells and Perfusion with Whole Blood 

A key aspect of tissue engineering is selection of cell type. HUVECs were chosen for 

endothelializing our thermoresponsive patterned microchannels because of their hardiness and extensive 

history in vascular engineering research. When our patterned vessels are applied to tissue-specific models, 

it will be more appropriate to use endothelial cells native to that tissue type. Currently, organ-specific 

primary endothelial cells are difficult to obtain, exhibit high variability, have reduced proliferative capacity, 
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and are sensitive to changes in microenvironment177,185. By contrast, iPSCs can be cultured into much 

larger quantities and then differentiated into the desired cell type; protocols for differentiation have 

advanced such that tissue-specific subtypes are now reliably producible186,187. For example, brain 

microvascular endothelial cells (BMECs) derived from iPSCs have been produced by several groups in 

order to better model physiology of the blood-brain-barrier69,188,189. Endothelial cells native to capillaries are 

also smaller on average than HUVECs and thus will be more easily seeded into channels with diameters 

less than 20 µm. In addition to the use of tissue-specific endothelial cell types, the initial layering of pericytes 

and basement membrane proteins may provide support to endothelial cells which has been demonstrated 

in other models to stabilize the endothelial monolayer, improve vascular function, and increase cellular 

longevity190,191.  

 Most models of blood vessels, including our own, are supported by perfusion with a standard cell 

culture media supplemented with FBS and growth factors. While this has proved sufficient for culturing 

endothelial monolayers, cell culture media differs significantly from natural blood both in composition and 

viscosity. Populations of red blood cells, immune cells and platelets compose nearly 50% of whole blood 

volume which gives blood its shear thinning properties and a viscosity 2-5x greater than FBS supplemented 

culture media186,192. Better matching the viscous behavior of whole blood will be crucial for both replicating 

the in vivo shear forces which heavily inform endothelial behaviors and the transmural pressures which 

drive interstitial flow. As artificial microchannels more closely replicate the organic architecture of blood 

vessels, it will also be important to test perfusion with more blood-like media as tortuous geometries are 

more vulnerable to premature thrombosis193,194. It should also be remarked that any tissue engineered 

device that is being designed for clinical translation must be designed to integrate with the host’s own 

vascular system. Lots of attention has been given to improve ways in which these devices may be 

anastomosed directly into living blood vessels or may encourage angiogenic growth from host tissue into 

artificial scaffold36,51,177,195, but not as much consideration has been given to whether the artificial 

microchannels are suitable to flow blood through. In-vitro evaluation of whole blood perfusion will allow 

researchers to identify points of failure, such as thrombogenesis or damaging shear forces, before the 

devices are applied to living subjects.  
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Integration of Artificial Microvasculature with Parenchymal Tissue 

Chapters 2 and 3 establish a solid foundation for areas in which thermoresponsive microfiber 

patterning can be applied, therefore the most meaningful evolution of these projects will be in the direction 

of practical application. I have demonstrated that endothelialized microchannel networks can be created in 

cell-encapsulating hydrogel constructs. The next step is to apply them to specific tissue models and 

demonstrate their ability to produce more biomimetic results. In 2021, Kinstlinger et al. published a protocol 

for building an open-source, 3D printable chamber suitable for sterile perfusion cultures196. Regardless of 

the specific tissue model which we pursue, adapting this chamber into the current workflow could be useful 

for reducing reagent consumption, preventing contamination and increasing image quality. If the work is 

adopted by other labs, as is the hope of the authors, this may also make experimental results more 

replicable and directly comparable. 

Models involving microvascular function and disease states, such as models of angiogenesis and 

ischemia, are perhaps the most readily available targets for this technology, but models of highly 

vascularized tissues including the brain, heart and liver, present valuable targets for co-culture models 

using artificial microvessels. A great deal of work has already been done to develop human-derived cerebral 

organoids and organ-on-chip models197, owing to the insight that in vitro investigation of brain models lends 

to a number of major disorders both developmental, such as microcephaly, and psychiatric, such as 

schizophrenia. In addition, the neurovascular unit has been found to be a highly integrated system, with 

vascular properties factoring into tissue organization, neural plasticity, and the pathophysiology of many 

neural disorders188,197–199. This has made the intersection of vascular and neural tissue engineering, an 

area of great scientific interest and a powerful application of artificial microvasculature. As demonstrated 

by Grebenyuk et al., integration of a perfusable network can allow organoids to grow far beyond their typical 

limits and allow multiple individual organoids to integrate into a single millimeter-scale tissue mass200. By 

seeding clusters of organoids onto thermoresponsive fibers just prior to scaffold casting it may be possible 

to achieve similar growth while also improving on Grebenyuk’s method with natural architecture and a 

functional endothelium.  
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Completing Work on Microchannel Drug Release Vehicle 

While the initial experiments have shown a demonstrable effect on drug release behaviors, there 

is still a great deal more work to complete for the application of thermoresponsive microfiber patterning on 

drug delivery systems. The mechanism of release is conclusively dominated by Fickian diffusion, but some 

mystery still remains on how the nature of the interpenetrating polymers and microchannels are contributing 

to this release behavior. Simplification of the system to a single polymer matrix should clarify this. The 

release behavior also needs to be compared against those of other porous gels found in the literature, such 

as porogen templating, cryogelation and gas foaming, to determine if this release behavior is unique 

compared to established methods. Furthermore, the system still needs thorough mechanical testing to 

evaluate the effects that the microchannels have on the hydrogel’s mechanical strength as compared to 

solid gels and other contemporary means of macropore fabrication. For evaluation as a wound dressing, 

the ultimate properties of the bulk hydrogel should be evaluated using compression201–203, shear204,205 and 

indentation testing206,207, for which there are already established protocols. Following this, application of 

drug loaded microchannel gels to the treatment of burn wounds still presents an appealing target and can 

be evaluated by live animal studies.  

 

Conclusion 

Hydrogels are receiving a massive amount of research dedicated to developing their synthesis, 

fabrication and application as technologies for regenerative medicine. A key aspect of this research has 

been creating new means to tailor their transport properties to suit their application as cellular scaffold, drug 

vehicle, wound dressing or otherwise. By patterning three-dimensional microchannel networks into thick 

hydrogel volumes, I am attempting to overcome diffusive transport barriers while preserving the physical 

structure of the gel and retaining the most solid matrix possible. These findings represent early steps in the 

development of thick artificial tissues and the advancement of hydrogels as regenerative technologies. 
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APPENDIX A: CHAPTER 2 SUPPORTING INFORMATION 

Supplementary Video Captions 

Supplementary Video 1: Rhodamine B channel perfusion. Macroscopic video taken of a microchannel-patterned 

hydrogel being perfused with 1 mg/ml Rhodamine B in 1x PBS.  

 

Supplementary Video 2: microbead perfusion – inlet. Microscopic video of microchannels perfused with a two-

color fluorescent microbead dispersion (0.02 µm diameter Red, 2 µm diameter Green). Region of interest contains 

the large inlet channel branching to smaller middle channels. 

 

Supplementary Video 3: microbead perfusion – middle. Microscopic video of microchannels perfused with a two-

color fluorescent microbead dispersion (0.02 µm diameter Red, 2 µm diameter Green). Region of interest contains 

the middle of the microchannel network. 

 

Supplementary Video 4: microbead perfusion – outlet. Microscopic video of microchannels perfused with a two-

color fluorescent microbead dispersion (0.02 µm diameter Red, 2 µm diameter Green). Region of interest contains 

the large outlet channel that microchannels feed into. 

 

Supplementary Video 5: Live endothelial-lined microchannel. 3D reconstruction of microchannels lined with 

Calcein-AM stained, live HUVECs. Image stack acquired at day 7 post-seeding using lightsheet microscopy.  

 

Supplementary Video 6: IHC stained channel 1 (VE-Cadherin). Video shows focal plane moving through a z-stack 

of IHC stained endothelial microchannels. Cells fixed and stained 14 days post-seeding. Images acquired using 

confocal microscopy. 

 

Supplementary Video 7: IHC stained channel 2 (VE-Cadherin). 3D reconstruction of IHC stained endothelial cells 

in microchannels. Cells fixed and stained 14 days post-seeding, showing VE-Cadherin junctions (red). Z-stack 

acquired using lightsheet microscopy. 

 

Supplementary Video 8: IHC stained channel 3 (PECAM-1). 3D reconstruction of IHC stained endothelial cells in 

microchannels. Cells fixed and stained 14 days post-seeding, showing PECAM-1 junctions (red). Z-stack acquired 

using lightsheet microscopy. 

 

 

Supplementary Data 

Supplementary Table A1: Features of Soluplus Microfibers Spun at Increasing Percentages 

FEATURE  50% W/V 55% W/V 60% W/V 65% W/V 

Median Diameter (µm) 12.8 17.0 18.9 26.8 

Average Diameter (µm) 16.5 ± 11.3 19.8 ± 12.3 23.6 ± 16.5 32.3 ± 22.7 

Diameter Range (µm): 
5th-95th Percentile 

5.6 - 39.3 6.0 – 44.7 6.3 - 54 10.0 – 74.3 

Median Branch Length (µm) 45.6 73.7 82.2 88.1 
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Supplementary Figure A1: Sacrificial Soluplus® Microfiber Templates: A) Motor-driven rotary chamber for 

microfiber spinning. Soluplus® solution was loaded into the top port of the chamber and then spun out the side-

facing ports at high speed to produce microfiber meshes. B&C) Macroscopic images of microfibers loaded into 

PDMS mold prior to gelatin casting. Fibers are fused to both the PTFE tubing protruding from the barb-inlet and 

points on the sides of the PDMS mold using Soluplus® solution. D) Brightfield image of microfibers taken using a 

10x/0.3 lens. E) Widefield fluorescence image of channel network produced after removal of Soluplus® 

microfiber template from crosslinked gelatin matrix. Channels were perfused with 0.02 µm FluoSpheres 

(AlexaFluor-605) to visualize the cleared architecture, and 2µm Fluospheres (AlexaFluor-515) to visualize flow. 
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Supplementary Figure A2: Construction of PDMS Frames: A) Materials for constructing the initial mold for 

PDMS bricks, including: 40x22x20 mm tissue embedding mold, 3D-printed jig, and 16G needles. B) Assembly of 

mold for PDMS blocks. Jig is fitted around the tissue embedding mold and needles are inserted through evenly 

spaced holes in the side of the jig. Degassed PDMS + curing agent is then poured to a hight of 1 cm. C) Cured 

block of PDMS in jig assembly. D) PDMS block with jig assembly removed. E) PDMS block cut and trimmed to 

produce three smaller blocks, one for each channel produced by needles. The interiors of each of these were 

removed using a #17 and #18 X-acto blade to cut the width and length of the interior block, leaving behind a 

rectangular frame of PDMS with circular ports on two opposite faces. To complete the molds, a base was added 

to these PDMS frames by bonding thin piece of PDMS to the bottom of the ring using uncured PDMS mixture as 

the bonding agent. F) Fully assembled mold for gelatin and fibers, including luer-lok to barb fitting and PTFE 

tubing.  



 IV 

  

Supplementary Figure A3: Tuning of Soluplus Microfiber Fabrication. A-D) Brightfield images of Soluplus 

microfibers spun at increasing weight per volume percentages: acquired using a 5x/0.16 lens. Scale bars are 200 

µm. E-H) Macroscopic images of Soluplus microfibers spun at increasing weight per volume solution 

percentages. Scale bars are 2 mm.  

Supplementary Figure A4:  Cross-section of a Live Endothelialized Microchannel. HUVECs lining the full 

circumference of microchannel interior at day 7 post-seeding. Live cells are stained with Calcein-AM (green). 

Image acquired via lightsheet microscopy. 



 V 

  

Supplementary Figure A5:  Higher magnification images of IHC-stained Endothelial Channels. Z-

projections of image stacks of IHC-stained endothelial microchannels acquired with confocal fluorescence 

microscopy: actin (green), PECAM-1 (A,C; red) or VE-Cadherin (B,D; red) and nuclei (blue). Images A-C were 

acquired using a 20x/0.4 lens, and Image D was acquired using a 10x/0.3 lens.  
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Supplementary Figure A6:  Split Fluorescent Channels of Co-Culture Viability Assay. Z-projections of 

image stacks of HUVEC-HDNF cocultures acquired with confocal fluorescence microscopy: composite (A,E), 

dead cells (B,F; red), live cells (C,G; green), and nuclei (D,H; blue). Images A-D were acquired with a 5x/0.25 

lens and images E-H were acquired with a 10x/0.3 lens. 


