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[bookmark: _Toc98254492]CHAPTER 1: INTRODUCTION

Portions of this chapter were published as reviews in Cellular and Mechanical Bioengineering1 and Clinical and Experimental Metastasis2 and as a book chapter in Current Topics on Membranes3.

[bookmark: _Toc98254493]Breast cancer metastasis
Cancer is the second leading cause of death in the United States with breast cancer being the most commonly diagnosed cancer among women4. Breast cancer malignancy stems from the ability of cancer cells to metastasize to other organs in the body. The five-year survival rate of patients with breast cancer localized to the breast is 99 percent; however, if the cancer spreads to a distant part of the body, this five-year survival rate drops to 26 percent, highlighting the inability to treat metastatic cancer with current therapies5. Current cancer therapies, including chemotherapy, radiation, targeted therapy, and immunotherapy, treat cancer as a homogenous disease and target individual cancer hallmarks, including sustained proliferation, genomic instability, and altered cancer cell metabolism6,7. The inability to treat metastatic cancer with current therapies is highly attributed to heterogeneity within a single tumor.
[bookmark: _Toc98254494]Intratumor heterogeneity
Tumors are made up of a heterogeneous collection of cells, including cancer, stromal, and immune cells, and a dynamic extracellular matrix (ECM) with broad variations in architecture and stiffness8. Cancer cells within a single tumor are heterogeneous with distinct genetic and phenotypic traits. These traits are regulated by both intrinsic factors, such as cell lineage, genetic instability, and epigenetic modifications, and extrinsic factors imposed by the tumor microenvironment (TME)7,9. While it is known that tumors are mechanically diverse and tumor cells can vary in metabolic and migratory states10, the direct impact of intratumor heterogeneity on cancer progression is poorly understood.
[bookmark: _Toc98254495]Components of the breast tumor microenvironment
Fibroblasts are one of the most abundant stromal cells in the TME11. Cancer-associated fibroblasts (CAFs) located in the TME mediate cancer cell invasion and metastasis through ECM remodeling12. CAFs secrete soluble factors and directly remodel the matrix to generate tracks, tunnels, and aligned fibers which cancer cells can sense and use to invade away from the primary tumor13. It is currently hypothesized that a large portion of CAFs in the TME are derived from fibroblasts adjacent to the primary tumor that have been transformed to a more contractile, activated state that remodels the ECM14. While the mechanisms that cancer cells use to transform fibroblasts are poorly understood, microvesicles (MVs) have recently been implicated in cancer cell-mediated fibroblast activation15–17. 
[bookmark: _Toc98254496]Cell-cell mechanical communication in cancer
Communication between cells in the TME enables cancer progression and metastasis. While cell-cell communication in cancer has primarily been examined through chemical mechanisms, recent evidence suggests that mechanical communication through cell-cell junctions and cell-ECM linkages is also an important mediator of cancer progression. Cancer and stromal cells remodel the ECM through a variety of mechanisms, including matrix degradation, matrix cross-linking, matrix deposition, and physical means. Cancer cells sense these mechanical environmental changes through cell-matrix adhesion complexes (CMACs) and subsequently alter the force landscape within the microenvironment. This communication permits cancer cells to communicate with each other but and communication between stromal and cancer cells in the TME. 
[bookmark: _Toc98254497]Mechanical communication through the ECM
Cancer cells mechanically communicate with neighboring cells without direct cell-cell contact by exerting forces through the matrix. Cells bind to the matrix through cell-matrix adhesion complexes (CMACs), composed of integrin ECM receptors that bind ECM ligands, including collagen and fibronectin, and adaptor molecules that link integrins with the actin cytoskeleton (Figure 1.1)18–24. Cells in contact with the ECM also receive mechanical signals from the surrounding matrix through these CMACs. More specifically, integrins within CMACs sense both the chemical composition of the surroundings (i.e., which ECM ligands are present) and the mechanical properties of the surrounding matrix (i.e., ECM stiffness)22,25. The composition of ligands in the ECM dictates which signaling pathways will be activated based on integrin signaling; the spatial architecture of ECM fibers determines the stability and size of the CMACs20,26–28. Specifically, the chemical composition and physical properties of the ECM can regulate integrin-mediated cytoskeletal assembly and tyrosine phosphorylation to generate different types of adhesions with different downstream pathways29. The transmission of mechanical signals from the ECM is additionally dependent upon matrix mechanical properties. Different ECM proteins, including collagen I and fibronectin, can transmit or inhibit mechanical forces depending upon matrix tension, subsequently regulating downstream signaling events30. 
Cells within the TME transmit mechanical forces by directly altering the mechanical landscape of the surrounding matrix through numerous mechanisms including physical reorganization, matrix degradation, cross-linking, and deposition (Table 1.1). Matrix remodeling alters the local mechanical properties surrounding cells, resulting in direct changes to cell behavior as well as altering mechanical communication between cells within the matrix.
[image: ]
[bookmark: _Toc95035812][bookmark: _Toc95036145][bookmark: _Toc95035424]Figure 1.1. Cellular transmission and reception of mechanical signals. Transmission of intercellular mechanical signals through adherens junctions and cell-matrix adhesion complexes. Cancer cells transmit intercellular signals to neighboring cells through two mechanisms. Cancer cells can directly transmit forces to adjacent cells through cell-cell adhesions, specifically adherens junctions, or cancer cells can transmit forces to cells without direct contract through CMACs. Briefly, cellular contractility pulls on the ECM through CMACs which provides tension in ECM fibers resulting in aligned ECM fibers. Other cells in contact with the matrix sense these changes through their CMACs resulting in phenotypic changes. 

Physical Remodeling
Cells transmit forces through the matrix by reorganizing their actin cytoskeleton controlled by activation of Rho GTPase and Rho-associated protein kinase (ROCK) signaling31–37. Activation of ROCK, downstream of Rho GTPase, results in the phosphorylation of myosin light chain (MLC)35,38,39. This pathway promotes the contraction of actin fibers which pull on the ECM through CMACs and transmit traction forces through the ECM (Figure 1.1)40–43. These cell-generated contractile forces are used by cancer and stromal cells to remodel the ECM in two ways: deformation and fiber alignment. Physical deformation of the matrix is used by invading cancer cells to maneuver dense ECM without using matrix degrading proteases, and has been shown to be dependent on cell contractility through the ROCK pathway44. However, cancer cells also physically deform collagen fibers with protease activity present. Thus, physical deformation and matrix degradation can be used in concert. Additionally, stromal cells physically deform the matrix to assist in cancer cell migration. It was recently shown that CAFs are able to deform the basement membrane to promote cancer cell invasion45.
Physical alignment of collagen fibers has also been shown to enhance cancer cell invasion. Collagen fibers aligned normal to the tumor boundary were identified as a tumor-associated collagen signature (Figure 1.2)46. In these regions of aligned fibers, groups of cancer cells migrating away from the tumor boundary were observed, indicating local invasion through collective cell migration. The alignment of collagen fibers into bundles parallel to the contractile force exerted by cancer cells provides contact guidance for migrating cancer cells and enhances migration persistence in the direction of the aligned collagen47,48. Additionally, this alignment of fibers has been shown to facilitate long range cell-cell communication. Mammary acini can interconnect by aligning collagen fibers that coordinate and accelerate the transition of acini to an invasive state114. More recently, mechanical signaling resulting from ECM fiber alignment was shown to promote cancer cell protrusion frequency, persistence, and lengthening along the alignment axis to promote migration efficiency, thus facilitating metastatic cell invasion through the ECM during metastasis (Figure 1.2)50,51. Physical remodeling provides contact guidance for invading cancer cells, longer distance force transmission, and a method to deform and reorganize the ECM, resulting in a protease-independent mechanism of traversing the ECM.

Table 1.1. Players, mechanisms, and implications of ECM remodeling in cancer. Cancer cells, CAFs, and EVs are the major players involved in cancer ECM remodeling. All three players have large roles in ECM degradation through the release of MMPs, leading to altered ECM topography and the generation of tracks in the ECM. Additionally, cancer cells, CAFs, and EVs have all been implicated in matrix deposition of various proteins, leading to matrix stiffening. Cancer cells, CAFs, and EVs are involved in matrix crosslinking to stiffen the matrix through TG2 and LOX. Lastly, both cancer cells and CAFs are highly involved in physical remodeling of the ECM, both through actomyosin contractility and CMACs.

[image: ]
Matrix Stiffening
Cancer and stromal cells transmit mechanical signals to the matrix in the forms of matrix crosslinking and matrix deposition, resulting in increased ECM stiffness in cancerous tissue compared to healthy tissue52. Enzymatic crosslinking can alter the structural integrity of the ECM without greatly altering the overall organization and composition of the proteins in the matrix. The two main enzymes responsible for ECM crosslinking in the TME are lysyl oxidase (LOX) and tissue transglutaminase 2 (Tg2) (Table 1.1). LOX is an extracellular copper-dependent enzyme, secreted from a variety of cells including fibroblasts and endothelial cells, that can crosslink collagen and elastin molecules via an oxidation reaction53. High LOX expression has been correlated with poor prognosis in oral squamous cell caricnoma and estrogen receptor negative (ER-) breast cancer patients and has become an attractive target for cancer therapies54,55. Additionally, downregulation of LOX expression significantly decreased metastases in mice55. Similarly, Tg2 is multifaceted enzyme expressed in cancer cells that participates in protein crosslinking, ATP/GTP hydrolysis, signal transduction, and even displays protein disulfide isomerase activity56. Cell surface Tg2 interacts with fibronectin and promotes fibronectin dimerization. Tg2 complexed with fibronectin in the ECM can also bind to the heparan sulphate chains of syndecan 4 to promote cell adhesion56. Additionally, high expression of Tg2 by breast cancer cells increases survival, invasion, motility, and metastasis56–59.  
In conjunction with enzymatic crosslinking, the mechanical properties of ECM can change due to alterations in ECM deposition by cells within the TME. Both cancer and stromal cells upregulate matrix protein expression to secrete increased matrix components into the surrounding environment resulting in desmoplasia52,60–62. CAFs deposit significant amounts of fibronectin, collagen, tenascin C, and laminin, to contribute to the dense tumor stromal matrix (Table 1.1)61,63–65. While matrix protein secretion is dependent upon cancer cell type, it has been shown that malignant cells deposit significant amounts of collagen, fibronectin, and tenascin C (Table 1.1)62.  Through the deposition of various ECM components, CAFs and cancer cells construct a fibrotic stroma, leading to altered tissue mechanical properties and altered mechanically-induced signaling in cells. 
Matrix stiffness effects how cancer and stromal cells interact with and communicate through the ECM. Durotaxis, or the cellular preference for stiffer substrates, revealed that direction of cell migration can be manipulated by changing substrate mechanical properties66. With increased mechanical tension, integrins and downstream mechanosensing equipment become activated and further strengthen focal adhesion and actin stress fiber formation67,68. While changes in ECM stiffness can make the matrix more resistant to cell-mediated physical reorganization, increased matrix stiffening can also alter cellular contractility69. Increased matrix stiffness has been associated with increased F-actin bundling, the formation of stress fibers, mature focal adhesions, increased cancer cell adhesion, traction forces, and proliferation69–74. Importantly, this increased stiffness can differentiate fibroblasts into their cancer-supporting counterparts75,76. In summary, matrix stiffening resulting from increased matrix crosslinking and matrix deposition mechanically signals to both cancer cells and stromal cells to promote cancer progression. 
Matrix Degradation
Matrix degradation in the TME primarily occurs through proteolytic enzymes. Importantly, remodeling via proteolytic degradation results in alterations to the physical properties of the ECM, including changes in topography, which directly influence cell behavior. Various matrix-degrading proteases are upregulated in cancer and stromal cells and degrade a variety of matrix proteins found in the basement membrane and ECM to facilitate cancer cell invasion (Figure 1.2)77–80. Metalloproteinases are the most prominent protease family involved in mechanical communication in cancer progression.
Matrix metalloproteinases (MMPs) are typically secreted into the TME and digest numerous ECM proteins to allow cells to breach the basement membrane and traverse the ECM78–81. Both cancer cells and CAFs are major sources of secreted MMPs in the TME. MMP-2, as one example, is expressed in several cancer cell lines and primarily degrades collagen to promote cancer cell migration (Figure 1.2)82. Alternatively, MMP-9 has little to no expression in cancer cells, but is secreted from CAFs and endothelial cells and is involved in both matrix degradation and vascular remodeling (Figure 1.2)83,84. MMPs can be released directly by cells or they can be contained within extracellular vesicles (EVs)85,86. Numerous cancer types release EVs containing MMPs. As one example, melanoma cells release EVs containing enzymatically active MMPs capable of matrix degradation87. Similarly, EVs released from prostate cancer cells have been shown to contain enzymatically active MMP2 and MMP988,89. Notably, the presence of matrix degradation enzymes in EVs likely results in matrix remodeling far from the primary tumor as EVs can travel far distances before rupturing90–92. 
A subset of MMPs, termed membrane-type metalloproteinases (MT-MMPs), are anchored to cell membranes. MT-MMPs have been identified on invadopodia structures of migrating cancer cells93,94. These protease rich invadopodia degrade the matrix as the cell invades to form tube-like microtracks (Figure 1.2)95,96. Cancer cells migrate independently of MMP activity when using microfabricated 3D collagen microtracks which emulate paths left behind by invasive cells97. Further investigation revealed that cancer cells in these tracks did not require cell-matrix mechanocoupling but were more dependent on internal cytoskeletal dynamics to drive migration through the microtracks98. Thus, cells in contact with these microtracks may use them as easy passage through the ECM to the bloodstream to eventually colonize a secondary site. Stromal fibroblasts have also been implicated in leading collective cancer cell invasion using protease-dependent pathways (Figure 1.2). As fibroblasts remodel the matrix through Rho-mediated myosin light chain activity and MMP-dependent matrix degradation, cancer cells can retain an epithelial phenotype and invade away from the primary tumor45,99. In summary, matrix degradation is routinely used to remodel the ECM during cancer progression, and degradation-based remodeling modifies physical properties of the ECM, including altered topology such as microtracks, which is sensed by cancer and stromal cells within the TME to promote cancer progression and metastasis.  
[bookmark: _Toc98254498]Mechanical cell-cell communication at adherens junctions
Cytoskeletal dynamics drive cell protrusion, adhesion, and contraction, allowing cancer cells to migrate100. However, intercellular cytoskeletal forces generated by cancer cells are also transmitted to adjacent cells as a form of mechanical communication. Epithelial cells directly transmit intercellular forces to neighboring cells through adherens junctions (AJs) (Figure 1.1). AJs mechanically link the cytoskeletons of adjacent cells and are the primary mechanism of cell contact-mediated intercellular force transmission101. The extracellular domain of cadherins on opposing cells interact to form a stable adhesion between cells102. Intercellular domains of cadherins are linked to the actomyosin cytoskeleton through a complex supramolecular interface of adaptor proteins, including α-catenin, β-catenin, and vinculin, which add mechanical integrity to the junction and act as mechanotransducers101,103. The vinculin interface and α-catenin binding are important to mechanotransduction mechanisms of E-cadherin based adhesions and these proteins change conformation under applied force to induce signaling pathways and cytoskeletal remodeling103. The alignment of the actomyosin bundles relative to the junction allows for normal and shear stresses to be applied across the junctions between cells104. Additionally, cells can coordinate tissue-level contractile forces through these mechanical linkages105,106.
The contractile forces generated by actomyosin bundles are transmitted across the mechanical linkages and sensed by cadherins and adapter proteins on adjacent cells. Cadherins sense tensile forces and rigidity of contacts104. Different types of cadherins, including E-, N-, and P-cadherin, are expressed on distinct cell types and play a range of roles in intercellular force transmission in cancer. In an epithelial state, cancer cells predominantly express E-cadherin with low expressions of N- and P-cadherin107. Single molecule analysis of cadherin bonds has revealed differential mechanics between E- to E-cadherin bonds and N- to N-cadherin bonds108. The E- to E-cadherin bonds are able to withstand larger forces before breaking when compared to the N- to N-cadherin bonds108. Upon epithelial-to-mesenchymal transition, cancer cells reduce E-cadherin expression and increase N- and P-cadherin expression, supporting the hypothesis that cell-cell adhesions decrease after EMT107. Furthermore, CAFs and cancer cells are able to form E-cadherin/N-cadherin adhesions which transmit intercellular forces and aid in cancer cell invasion109. Thus, it is possible that both the composition of intercellular contacts and the ratio of the different cadherins expressed are important regulators of cell-cell adhesion strength. 
[bookmark: _Toc98254499]Consequences of cell-cell mechanical signaling on cancer cell migration
	The degradation, stiffening, and physical remodeling of the ECM, initiated by both stromal and cancer cells, contributes to cancer cell migration. Cancer cells exhibit two modes of migration during invasion: single cell migration or collective migration. The increased matrix stiffness associated with increased contractility, matrix deposition and crosslinking has been shown to promote single cell migration. Although stiff matrices often have smaller pores, cancer cells can remodel the matrix by exerting elevated traction forces69. Elevated matrix stiffness in tumors has been shown to promote Rho/ROCK activity, focal adhesion assembly, and contractility of the actin cytoskeleton to induce cancer cell dissemination110–112. Additionally, increased ECM stiffness alters cell-matrix adhesions to promotes tumor cell metastatic potential and invasiveness through increased integrin clustering and subsequently enhanced integrin signaling through focal adhesion proteins such as paxillin and vinculin113,114. With this, stiff matrices increase the number of focal adhesions and traction force generated compared to compliant matrices thereby altering cell-ECM mechanical communication (Figure 1.2)114,115. As such, tissue stiffness can drive single cell migration by increasing Rho/ROCK signaling, focal adhesion assembly, and cellular contractility. 
	During collective migration, an aggregate of cells coupled through cell-cell contacts migrate as a unit with leader cells at the front of the pack and follower cells behind them. The chemical and mechanical mechanisms driving collective motions are currently being investigated. Collective migration is an inherently more complicated process as cellular forces are transmitted to the matrix and to numerous adjacent cells. Studies investigating monolayer dynamics have revealed the importance of intercellular force transmission through cell-cell contacts in coordinating collective migration116. Coordination of traction forces via intercellular forces is evident in cell monolayers. The highest traction forces can be found towards the leading edge, where leader cells are mechanically coupled via actin cables where they exert strong traction forces that propagate into the monolayer and help orient migration direction of follower cells117,118. The dynamics of intercellular stresses distributed throughout a cellular monolayer also help coordinate the migration of cells during plithotaxis, or the guidance mechanism by which cells collectively migrate in the direction that minimizes local shear stresses119,120. Because cells are mechanically linked during collective migration, they exert forces directly onto one another and redistribute forces throughout the monolayer. Interestingly, mechanical interactions of follower cells, including a mechanical pull on the future leader, have been implicated in the selection of leader cells as the mechanical pull induced by follower cells aids in leader cell polarization and protrusion121. Another emerging mechanism of collective cell guidance is collective durotaxis122. Interestingly, cells that do not undergo durotaxis as individuals still utilize collective durotaxis122. The ability of cells to follow rigidity gradients as a group is dependent on local stiffness sensing at the periphery and long-range force transmission through cell-cell mechanical linkages122. Atomic force microscopy (AFM) measured local mechanical changes generated by cells in collagen matrices and observed strain stiffening at the leading edge of cancer cells in collective migration123. This finding highlights the reciprocal nature of invasion, as cells sense the “traveling wave” of stiffened substrate as they invade123. These studies reveal the contribution of matrix mechanics and mechanical signals to both single cell and collective migration in cancer progression. 
[image: ]
[bookmark: _Toc95036146]Figure 1.2. Consequences of cell-cell communication in cancer. (1) Increased ECM crosslinking via LOX and ECM remodeling via proteases enhances angiogenesis and enables endothelial cells to migrate through the ECM and form capillaries. (2) Increased ECM rigidity decreases the structural integrity and barrier function of blood vessels. (3) Cancer cells exhibit mechanical competition as they must outcompete less-mechanically fit neighboring cells via compressive forces that induce apoptosis. (4) Cancer cells sense increased matrix stiffness through cell-matrix adhesion complexes and can transmit these mechanical signals to nearby cells by exerting traction forces on the matrix. (5) Cancer-associated fibroblasts in the tumor stroma align matrix fibers which cancer cells can use as tracks to invade away from the primary tumor. (6) Fibroblasts act as leader cells, using matrix-degrading proteases to form tunnels in the ECM, which cancer cells follow to invade away from the primary tumor in a form of collective migration. (7) Cancer cells secrete matrix-degrading proteases to form tunnels in the ECM to invade away from the primary tumor. 

[bookmark: _Toc98254500]Mechanobiology of microvesicle signaling
[bookmark: _Toc98254501]Microvesicle overview
Extracellular vesicles (EVs) have recently emerged as important mediators of cell communication and disease progression. The term “extracellular vesicles” refers to lipid bilayer-bound vesicles released from cells and include exosomes, microvesicles (MVs), large oncosomes, and apoptotic bodies124,125. Exosomes, 50-150 nm in diameter, are formed via the endocytic pathway as secretory multi-vesicular bodies (MVBs) fuse with the plasma membrane124. Exosomes are distinguished from other EVs by the presence of endosomal sorting complex required for transport (ESCRT) proteins that regulate MVB transportation, including Alix, TSG101, HSP70, and HSP90126. Additionally, exosome release relies on the neutral sphingomyelinase pathway, resulting in the enrichment of CD63, CD9, and CD81 tetraspanins in exosomes126. MVs, 100 or 200 nm -1 μm in diameter, are formed via the budding and subsequent shedding of the plasma membrane124. As a result, MVs primarily contain cytosolic and plasma membrane associated proteins, including tetraspanins126. Cytoskeletal proteins, heat shock proteins, integrins, and glycosylated and phosphorylated proteins are also commonly identified in MVs126. Large oncosomes, classified as EVs larger than 1 μm in diameter, are produced by plasma membrane blebbing but differ in their buoyant density from other EVs124,127. Large oncosomes are believed to only be released from cancer and cancer-associated cells, with the number of large oncosomes released correlating with cancer aggressiveness128. As such, oncosomes primarily contain oncogenic proteins128. Lastly, apoptotic bodies are approximately 50 nm - 5 μm in diameter and are shed from the plasma membrane of apoptotic cells125. Unlike other EVs, apoptotic bodies contain complete organelles and higher levels of proteins associated with the nucleus, mitochondria, Golgi apparatus, and endoplasmic reticulum126. 
The role of MVs in disease progression are newly emerging. MVs were first described in 1967 after particulate material, described as “dust”, was observed to be released from platelets129. It has now been determined that this “dust” is plasma membrane bound vesicles that are shed from the plasma membrane of both healthy and diseased cells. Now termed microvesicles, these vesicles contain a variety of cargo not typically thought to be released from cells, including receptor tyrosine kinases, cytosolic signaling proteins, and microRNAs. MVs are believed to play a prominent role in disease progression as they have been detected in body fluids including blood, urine, and synovial fluid from diseased patients, and elevated MV counts have been observed in cardiovascular diseases and cancerous tissue130–132. The transfer of cargo via MVs can result in the transformation of recipient cells to support disease progression. For example, MV signaling can promote extracellular matrix and vascular remodeling, recruit tumor-promoting stromal cells, and induce transformed phenotypes within neighboring cells15–17,133–136. 
The mechanobiology and membrane dynamics of MV release and uptake are under investigation. As MV uptake by recipient cells can modulate cell function, understanding the mechanisms of MV release, internalization, and the resulting signaling is crucial to fully comprehend the roles of MVs in disease progression. Here, we review recent advances in the understanding of actomyosin-regulated MV biogenesis, MV uptake via pinocytosis, and subsequent MV signaling. We additionally investigate the roles of altered cell contractility, mode of cell migration, and matrix compliance in regulating MV signaling. 
[bookmark: _Toc98254502]Mechanobiology of MV biogenesis
Intracellular contractility and MV biogenesis
The release of MVs from the plasma membrane of cells is integral to MV-mediated communication during disease progression. While the complete mechanism of MV release is not defined, MV biogenesis is believed to be a multistep process that includes the trafficking of cellular cargo to the plasma membrane, a rearrangement of membrane lipids, and vesicle pinching mediated by contractile machinery137. As contractile machinery is essential for MVs release, altered cell contractility likely affects MV release and is an area currently being investigated138,139.
Recent work has outlined a contractility-based MV release pathway regulated by ARF6, a small GTP-binding protein that regulates membrane trafficking and actin cytoskeleton remodeling138–140 (Figure 1.3). Briefly, activation of phospholipase D (PLD) by ARF6-GTP promotes ERK activation. ERK subsequently activates myosin light chain kinase (MLCK) which signals through myosin light chain (MLC) to induce the actomyosin-based contraction required for MV release 140. 
	Downstream of ARF6 signaling, a separate RhoA GTPase signaling pathway highly regulates MV release138,139 (Figure 1.3). RhoA activation targets both Rho-associated protein kinase 1 (ROCK1) and Rho-associated protein kinase 2 (ROCK2). Together, ROCK1 and ERK inhibit myosin light chain phosphatase (MLCP) which reduces the inactivation of MLC, further inducing actomyosin-based contractility and MV formation138. Alternatively, ROCK2 activates Lim kinase (LIMK), resulting in the inactivation of the actin-binding disassembly factor cofilin, resulting in the stabilization of F-actin necessary for MV generation139. 
Importantly, a variety of external stimuli that alter cellular contractility also affect MV release dynamics139. Inhibition of ROCK-1 and ROCK-2 in cancer cells using the small molecule Y-27632 inhibitor resulted in decreased cell contractility and eliminated the appearance of MVs on the cell surface139, suggesting that cells with reduced ROCK-mediated contractility have decreased MV release. Additionally, it is well-established that contractile forces can be modulated by MLCK, which promotes MLC phosphorylation and the assembly of actin-myosin filaments141. Overexpression of MLCK in HeLa cells increased MV formation139. Similarly, treatment of melanoma cells with blebbistatin, a small molecule inhibitor of myosin II, or with latrunculin A, an actin-binding toxin that inhibits actin polymerization, both reduced MV release140. Altogether, these results suggest that external stimuli that alter actomyosin dynamics have profound effects on MV release. Further work is required to determine whether additional external stimuli, such as growth factors or cytokines, released by surrounding cells regulate MV release. 
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[bookmark: _Toc95036147]Figure 1.3. Proposed pathway of intracellular contractility and matrix stiffness regulation of MV release. MV release is regulated by ARF6-GTP signaling through ERK and RhoA-GTP pathways. Increased matrix stiffness may regulate this pathway through a variety of pathways. Green dashed lines represent pathways activated by matrix stiffness.

Amoeboid migration promotes MV release
Cell migration is a fundamental behavior in a variety of tissue processes and disease states, including development, wound healing, diabetes, and cancer142–144. During cell migration, cells primarily display two distinct modes of motility: amoeboid and mesenchymal. Amoeboid migration is classically defined as cell migration that exhibits fast speeds, high levels of actomyosin contractility, round cell shapes, and little to no matrix adhesion145. Amoeboid migration is protease-independent; cells squeeze through preexisting gaps or tracks in the ECM146 (Figure 1.4A). Alternatively, cells undergoing mesenchymal migration move much slower, are weakly polarized, and exhibit multiple types of protrusions, including lamellipodia and filopodia143. Mesenchymal migration relies on strong integrin-mediated adhesions to the matrix and proteases to degrade the matrix143 (Figure 1.4B). Amoeboid and mesenchymal migration are highly regulated by the Rho GTPases, RhoA and Rac1 GTPase, respectively. As intracellular actin dynamics and Rho GTPase activity are required for both MV release and regulation of cell migration mode, mode of cell migration appears to be linked to MV release.
In amoeboid migration, activation of RhoA GTPase at the cell rear leads to the assembly of contractile actin and myosin filaments. Actomyosin-based contractility at the cell rear generates hydrostatic pressure and cytoplasmic flow to form plasma membrane blebs at the leading edge, which are believed to be due to a decrease in membrane-actin cortex attachment or a local rupture of the actin cortex146–148. Blebs are distinct from other cellular protrusions as their formation is pressure-driven rather than actin polymerization-driven149. For blebbing to induce amoeboid cell migration, blebs need to be formed at the leading edge of the cell, resulting in a transfer of cytoplasm in the direction of migration148 (Figure 1.4A). As previously described, RhoA GTPase has been implicated in contractility-based MV formation through ROCK1 and ROCK2 signaling. Thus, RhoA GTPase activation may link amoeboid migration with increased MV release. 
Whether MVs are released from the leading edge or trailing edge of migrating amoeboid cells is not currently defined and evidence suggests both scenarios may be possible. During amoeboid migration, directional membrane flow is generated by RhoA polarization to the cell rear, which creates force and pressure for membrane blebbing at the leading edge145,150 (Figure 1.4A). As RhoA expression is enriched in MVs and required for contractility-based MV release139, RhoA polarization to the cell rear suggests that MV release is enhanced at the cell rear during amoeboid migration. Live cell imaging of migrating amoeboid cells has also revealed a trail of MVs in the wake of the migrating cells138. To promote their directional migration, polarized amoeboid cells also express ezrin, a actin binding protein that links the plasma membrane to the actin cytoskeleton, at the cell rear151. Conflicting evidence exists as to whether ezrin expression prevents or contributes to MV release. Because ezrin links the plasma membrane to the cytoskeleton, it is speculated that ezrin prevents the membrane and actin cortex detachment required for blebbing at the cell rear, thereby promoting directional migration151. This implies that MVs are not released from the cell rear during active amoeboid cell migration but rather from RhoA rich regions of the membrane during moments of reduced cell polarity. Interestingly, a smaller amount of RhoA is expressed at the leading edge of a cell during amoeboid migration152. While RhoA at the rear edge appears to be constitutively active, RhoA expression at the leading edge is highly variable and may only last for seconds152. It is perhaps during these moments of leading edge RhoA expression that MVs are released from the front edge of a migrating cell (Figure 1.4C).
Importantly, ezrin has been identified in MVs released from a variety of cell types, including T-lymphocytes and cancer cells153,154, highlighting that ezrin might actually contribute to MV release. Modulation of ezrin expression and localization has direct impacts on MV release153,155. Expression of CD82, a metastasis suppressing tetraspanin that inhibits tumor cell migration, resulted in ezrin expression in membrane bleb-like structures at the cell periphery and promoted ezrin release to the extracellular space via MVs155. While CD82 expression impairs cell migration, it may also promote cancer progression due to increased MV release and signaling. Similarly, induction of an amoeboid phenotype resulted in the redistribution of  fascin, an actin-binding protein, ezrin, and podocalyxin, a cell-adhesion glycoprotein, to the neck of budding MVs at the cell periphery to promote MV release154. Importantly, during plasma membrane blebbing, ezrin is recruited to plasma membrane blebs in a spatially and temporally-dependent fashion, potentially explaining the conflicting role of ezrin in blebbing156. While ezrin is the first protein recruited to plasma membrane blebs, it is not enriched in the membrane during bleb expansion156. It later re-localizes to the bleb as expansion slows156, potentially to reattach the plasma membrane to the cytoskeleton as the MV is released. In summary, RhoA GTPase regulation of amoeboid migration links amoeboid migration with MV release. Further work is necessary to determine the relationship between amoeboid cell polarization, ezrin localization, and MV release. 
In mesenchymal migration, Rac1 GTPase is exclusively active at the leading edge to promote invadopodia formation150 (Figure 1.4B). In contrast, RhoA GTPase is expressed in lower amounts at the cell rear150. Rac1 and RhoA GTPases have a complex, balanced relationship in cell migration157–159. Inhibition of one GTPase leads to activation of the other159. Recent work has studied the direct link between Rac1 GTPase expression and MV release138. Sustained Rac1 activation abrogated MV release from cancer cells on compliant matrices, supporting that Rac1 expression does not promote MV release. Treatment of Rac1-expressing cells with the Rac1 small molecule inhibitor NSC23766 or transfection with the dominant-negative Rac1 mutant Rac1(T17N) resulted in decreased invadopodia and invadopodia-mediated proteolysis, large focal adhesions, RhoA activation, and increased MV release on compliant matrices, but not on stiff matrices138. This implies that Rac1 inhibition promotes MV release on compliant matrices by a switch to RhoA GTPase expression (Figure 1.4D). As Rac1 inhibition could not promote MV release on stiff matrices, a mechanosensitive pathway independent from RhoA/Rac1 signaling also likely mediates MV release.
A third Rho GTPase, Cdc42, is also involved in the formation of invadopodia and appears linked to MV shedding from the cell surface. Constitutive expression of Cdc42 in HeLa cells did not induce MV generation139, suggesting that Cdc42 expression does not drive MV formation. Interestingly, very few MVs were observed on the surface of diffuse B-lymphoma (Dbl)-transformed fibroblasts160. As Dbl is a known activator of Cdc42161, Cdc42 likely either inhibits MV formation or stimulates MV shedding from the cell surface. An activated-mutant of Cdc42 capable of constitutive GDP-GTP exchange increased the amount of MVs shed by HeLa cells into surrounding culture medium162, suggesting that Cdc42 actually stimulates MV shedding from the cell surface. As a result, invadopodia formation and MV shedding may be linked through Cdc42 expression. 
Importantly, cancer cells exhibit plasticity in which they can switch between amoeboid and mesenchymal motility depending on their environment147. Recently, mesenchymal-to-amoeboid transition (MAT) has been described in which cells exhibit a motility shift due to environmental signals, including MMP activity and cytokine signaling163. This suggests that both RhoA/Rac1 signaling and MV release may be altered by environmental cues that alter mode of cell migration. Altogether, MV release appears linked to RhoA GTPase activity in amoeboid migration, with cells undergoing RhoA-mediated amoeboid migration releasing increased numbers of MVs compared to cells undergoing Rac1-mediated mesenchymal migration. While the relationship between mode of cell migration and MV release is highly regulated by RhoA/Rac1 expression, a separate mechanosensitive pathway may also regulate this relationship due to Rac1 inhibition not promoting MV release on stiff matrices. 
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[bookmark: _Toc95036148]Figure 1.4. RhoA regulates MV release. (A) In amoeboid migration, actomyosin contractility and cytoplasmic flow form membrane blebs at the leading edge. RhoA and ezrin are polarized to the rear edge. (B) In mesenchymal migration, Rac1 expression at the leading edge drives actin polymerization in lamellipodia and filopodia protrusions which, along with increased cell-matrix integrin adhesion and protease activity, drive migration. (C) In amoeboid migration, MVs are likely released from both the leading edge, with short-lived RhoA expression, and the trailing edge where RhoA is constitutively expressed. (D) In mesenchymal migration, evidence suggests that to release substantial quantities of MVs, Rac1 inhibition is required. Inhibition of Rac1 increases RhoA activation, resulting in increased MV release on compliant matrices, but not stiff matrices. 

Matrix stiffness alters cell contractility and cell migration to regulate MV release
Altered ECM mechanical properties occur in a variety of disease states, including pulmonary disease, Alzheimer’s disease, diabetes, and cancer164. While changes to the ECM are known to directly impact cell contractility and cell migration165, the direct relationship between ECM mechanics and MV release have yet to be thoroughly investigated. 
	Altered ECM mechanical properties directly affect the intracellular contractile machinery previously implicated in MV release. Increased matrix stiffness increases cell spreading and cell contractility in a variety of cell types, including fibroblasts, epithelial cells, and endothelial cells17,166,167. As increased cell spreading and cytoskeletal tension promote MLC phosphorylation in vascular smooth muscle cells168, matrix stiffness likely additionally regulates the MLCK-dependent step of MV release (Figure 1.3). Additionally, ECM stiffening induces integrin clustering which enhances ERK activation169 (Figure 1.3). This suggests that stiffening of the microenvironment in various disease states may promote MV release from resident cells through MLCK- and ERK-mediated cell contractility. This enhanced MV release from diseased cells may work to further promote disease progression by promoting MV signaling to healthy cells. Increased substrate stiffness also increases RhoA and ROCK1 mRNA and protein in breast cancer cells170. Integrin clustering associated with increased matrix stiffness increases Rho-mediated, ROCK1-generated myosin contractility and force generation169. As a result, increased matrix stiffness may also enhance MV release through ROCK1 signaling (Figure 1.3). While increased extracellular matrix stiffness activates a variety of pathways associated with MV release, including MLCK, ERK, RhoA, and ROCK1 signaling, the direct effect of increased matrix stiffness on contractility-based MV release is not yet known.
	While ERK and ROCK1 signaling are upregulated by increased matrix stiffness, the impact of increased matrix stiffness on ROCK2 signaling is less clear. Similarly to RhoA and ROCK1, increased substrate stiffness increases ROCK2 mRNA and protein in breast cancer cells170–172 which may also promote contractility-based MV release (Figure 1.3). However, the impact of increased matrix stiffness on downstream ROCK2 signaling is unclear. It was recently shown that cofilin phosphorylation, required for F-actin stabilization in MV release, does not appear to be altered by substrate stiffness. However, only a range of 10 kPa to 57 kPa was tested, ignoring the effects of softer tissues on cofilin phosphorylation170. Additional work is required to reveal whether ROCK2 signaling in MV release is regulated by matrix stiffness. 
	The role of matrix stiffness in RhoA -dependent MV release additionally suggests a relationship between cell differentiation and MV release, as substrate stiffness is known to regulate stem cell differentiation173. The expression of smooth muscle-specific differentiation proteins was found to be dependent on matrix rigidity in 3D when RhoA is constitutively activated174. This implies that different amounts of MVs and MV cargo may be released by cells differentiated on compliant and stiff ECM. 
Changes in matrix stiffness can also alter mode of cell migration to impact MV release. It was recently shown that cancer cells on compliant matrices adopted a rounded, blebbing, amoeboid morphology associated with RhoA GTPase activity138. Conversely, cancer cells on stiff matrices exhibited a flattened, spread, mesenchymal morphology associated with Rac1 GTPase activity138. These stiffness-mediated morphologies were determined to be associated with different MV release properties, with cells on soft matrices releasing more MVs than cells on stiff matrices138. While consistent with previous findings that RhoA signaling is required for MV release, these results suggest that decreased matrix stiffness is correlated with increased MV release due to the switch to an amoeboid phenotype. Importantly, matrix stiffness in this system was modulated by changing gelatin thickness and gelatin percentage in 2D138. Investigation of 3D environments and physiologically relevant biomaterials and stiffness would further enhance our understanding of stiffness-mediated MV release. 
Altered matrix mechanics may also induce MAT. Increased cell confinement due to decreased pore size in the ECM results in cells that exhibit traits of both mesenchymal and amoeboid migration, with rounded morphology, increased migration speed, and large vinculin-adhesion sites175. While MV release in this intermediate mode of migration has yet to be investigated, the rounded cell morphology paired with large matrix adhesion sites may increase the effects of matrix stiffness on MV release.
In summary, MV release is highly dependent upon intracellular actin dynamics, mediated by ARF6 signaling through ERK and RhoA GTPase. The pathways downstream of ARF6 are highly dependent on altered intracellular contractility and matrix stiffness, indicating that soluble and mechanical signals in the TME may influence MV release and contribute to disease progression. Lastly, mode of cell migration, regulated by environmental signals and mechanical properties, regulates MV release through RhoA GTPase activity. 
[bookmark: _Toc98254503]Mechanobiology of MV transport and uptake
As MV uptake by recipient cells is known to modulate cell function, understanding the mechanisms of MV transport and internalization are crucial to fully understand their function in disease progression. MVs have been detected in a variety of bodily fluids from cardiovascular disease, rheumatoid arthritis, and cancer patients130–132, suggesting that MVs are transported away from diseased tissue where they may interact with healthy cells. Mechanical signals generated by the diseased tissue likely play a role in regulating MV transport away from diseased tissue. First, decreased epithelial barrier integrity, induced by increased epithelial cell contractility and decreased cell adhesion, may regulate the transport of MVs in a variety of diseases, including cancers, gastrointestinal diseases, and pulmonary fibrosis176–182. The increased epithelial permeability induced by these diseases may promote MV transport away from the diseased tissue to signal to healthy cells. However, the direct relationship between MV transport and epithelial barrier function have yet to be investigated. Additionally, altered vascular permeability may similarly regulate MV transport into the blood stream.  Increased vascular permeability, common in both atherosclerosis and cancer, is induced by altered tissue mechanics and arterial stiffening183–185. Increased vascular permeability is known to enhance leukocyte extravasation and cancer cell intravasation185–187. It is likely that MVs similarly exhibit enhanced transport into the vasculature in conditions of increased vascular permeability. As a result, mechanics of the vasculature likely regulate transport of MVs away from diseased tissues but have yet to be directly investigated. 
The mechanisms of EV uptake by recipient cells has been thoroughly researched and reviewed in recent years188–193; however, these studies refer to their vesicle population as the generic class of EVs and do not distinguish based on vesicle type. As a result, the specific mechanisms of MV uptake are largely undefined. Current evidence suggests that while EVs can be taken up by direct fusion with the plasma membrane194, they are primarily taken up by endocytosis188,195–197. EV uptake via endocytosis can occur through a variety of endocytic pathways, including clathrin-mediated endocytosis, lipid raft-mediated endocytosis, caveolin-mediated endocytosis, pinocytosis, and phagocytosis188. As these studies focused on uptake of the generic EV population, it is unclear how MVs are internalized by recipient cells and whether MV internalization is a mechanosensitive process.
Uptake of MVs released from alveolar macrophages by alveolar epithelial cells was shown to more closely resemble pinocytosis, or the non-specific uptake of extracellular fluid, rather than receptor-mediated endocytosis198. This result is significant in suggesting that MVs likely do not use specific transmembrane proteins to dock on receptor cells. Instead, uptake of MVs by alveolar epithelial cells is dependent upon recipient cell dynamin function198. Dynamin, a GTPase that is required for clathrin-dependent endocytosis, is recruited and assembled at the neck of clathrin-coated pits. Activated dynamin then catalyzes membrane fission to induce endocytosis199,200. Importantly, while MV uptake was greatly inhibited by the dynamin inhibitor dynasore, clathrin expression by MVs was not required for dynamin-mediated endocytosis198, suggesting that MV uptake does not depend upon clathrin-mediated endocytosis. This reveals a dynamin-dependent clathrin-independent endocytic pathway that regulates MV uptake. Interestingly, membrane tension, regulated by matrix stiffness and cellular contractility, is known to affect endocytosis201–204. Decreased membrane tension is associated with increased endocytosis while increased membrane tension decreases endocytosis201,202. While certain endocytic responses correlate with a reduction in membrane tension, these responses are dynamin-independent205. This suggests that dynamin-dependent MV endocytosis may be independent of recipient cell membrane tension. However, other methods of MV endocytosis not currently defined may be regulated by membrane tension. 
	MV uptake has also been found to be dependent upon recipient cell actin polymerization198. MV uptake by alveolar epithelial cells was disrupted using the actin polymerization inhibitor cytochalasin D. As actin polymerization is required for endocytosis, the interaction between actin and dynamin likely regulates MV uptake. While the relationship between cell contractility and MV uptake have not yet been investigated, this evidence suggests that increased cell contractility, which is associated with increased actin polymerization and actin remodeling, may correlate with increased MV uptake. 
	Actin dynamics in cell migration may additionally affect MV uptake but have yet to be investigated. RhoA regulates actin polymerization in amoeboid cells through mammalian homolog of Drosophila diaphanous 1 (mDia1) signaling, which catalyzes actin nucleation and polymerization206. Together, mDia1 and ROCK interact downstream of RhoA to induce actomyosin bundling206. As a result, increased RhoA signaling in amoeboid cells may enhance their ability to uptake MVs. Conversely, Rac1 and Cdc42, associated with invadopodia formation, control actin polymerization through Wiskott-Aldrich syndrome protein (WASP) and WASP-family verprolin-homologous protein (WAVE) regulation207. Specifically, the interactions of WASP and WAVE with Arp2/3 promotes formation of the actin network at the leading edge of mesenchymal cells207. Thus, the leading edge of cells undergoing mesenchymal migration, rather than the trailing edge, may be more equipped for MV uptake due to increased actin polymerization. 
	In summary, the mechanisms of MV transport and internalization are vastly understudied. Increased epithelial and vascular permeability likely enhance transport of MVs away from diseased tissue and into the vasculature. However, the relationship between barrier integrity and MV transport have not yet been investigated. Additionally, recipient cell mechanics regulate MV uptake through actin polymerization198. Currently, the only known mechanism of MV uptake is via dynamin-dependent endocytosis which may not be affected by matrix stiffness and cell contractility. However, MV uptake does appear to be dependent on recipient cell actin polymerization, potentially through a mechanism other than the previously described dynamin-dependent endocytosis. As a result, recipient cell RhoA and Rac1 GTPase dynamics may regulate the ability of cells to uptake MVs via actin polymerization. 
[bookmark: _Toc98254504]Mechanobiology of MV-mediated cell activation
Uptake of MVs can differentiate and transform recipient cells leading to altered cellular function. It is known that MVs can signal to and transform epithelial cells, endothelial cells, immune cells, and stromal fibroblasts15–17,133,135,136,208–210. Importantly, we have recently shown that MV-mediated transformation is mechanosensitive, as MV-mediated fibroblast activation was enhanced on stiff matrices mimicking the breast tumor periphery, compared to soft matrices mimicking healthy breast tissue17. This finding emphasizes that stiffer tumorigenic matrices may further promote cancer progression through enhanced MV signaling. However, the mechanism behind this enhanced MV signaling on stiff matrices is unclear. We speculate that it may be due to a heightened response to the MV cargo on stiff matrices or increased MV uptake, potentially due to increased fibroblast contractility on stiff matrices. It is additionally unclear whether this phenomenon is fibroblast-specific or whether matrix stiffness regulates MV-induced transformation in a variety of cell types. Further investigation is required to determine whether stiffened matrices associated with diseases such as lung fibrosis, atherosclerosis, or diabetes will enhance MV signaling to epithelial, endothelial, or immune cells. 
Previous research has suggested that matrix stiffness sensitizes cells to various chemical cues. For example, increased matrix stiffness enhances vascular endothelial growth factor receptor-2 (VEGFR-2) internalization in endothelial cells and sensitizes epithelial cells to epidermal growth factor (EGF), resulting in increased epithelial cell proliferation211,212. Together, these results suggest that matrix stiffness may increase cell sensitivity to MV cargo. This may be cargo-specific and recipient cells may only exhibit increased sensitivity to select MV cargo, such as growth factors, cytokines, or other soluble factors. Future investigation into the sensitivity of fibroblasts to specific MV cargo on a variety of substrate stiffness will elucidate the mechanism of this stiffness-dependent MV-mediated fibroblast activation. 
Alternatively, an enhanced response to MVs on stiff matrices may be a result of increased MV uptake via increased actin polymerization and cell contractility, as previously described. As fibroblasts exhibit increased contractility on stiff matrices17, this may provide them with the necessary actin polymerization required for MV uptake. Similarly, increased substrate stiffness may alter recipient cell membrane tension to increase MV uptake via a form of endocytosis not yet implicated in MV uptake. 
MVs may also be involved in a mechanosensitive feedback loop in the TME to promote cancer progression. As previously described, increased matrix stiffness enhances fibroblast response to MV cargo17. This results in increased fibroblast activation to further remodel and stiffen the TME17, which may ultimately further amplify fibroblast response to MVs, both through increased MV release by resident cancer cells, increased MV uptake by resident fibroblasts, and increased remodeling by activated fibroblasts. Matrix remodeling by cancer-associated fibroblasts may have significant effects on cancer progression by inducing increased cancer cell invasion away from primary tumors and promoting pre-metastatic niche formation12,213,214. As a result, this mechanosensitive MV signaling feedback loop may further promote cancer metastasis.
MVs may also alter the mode of migration in recipient cells. Metastatic amoeboid cancer cells transferred their amoeboid phenotype to other cancer cells via exosomes to induce a more aggressive cancer phenotype215. This signaling was shown to be a result of cargo transfer that activated the RhoA/ROCK signaling pathway215. While MVs have not yet been studied in this context, components of the RhoA signaling pathway in MV cargo may also induce amoeboid signaling in recipient cells. If true, MV-induced MAT may enhance MV release from transformed recipient cells to further promote disease progression.
The effects of matrix stiffness and other environmental factors on MV signaling are poorly understood. While recent work suggests that increased matrix stiffness may enhance MV-mediated fibroblast activation, the mechanism behind this phenomenon is unknown. Further work is necessary to understand the role of matrix stiffness in the delivery of specific MV cargo to specific cell types and the effects on their downstream signaling. Additionally, investigation of MV regulation of MAT will further elucidate the roles of MVs in cancer progression. 
[bookmark: _Toc98254505]Cancer cell metabolism, migration, and metastasis
[bookmark: _Toc98254506]Primer on cancer cell metabolism
Reprogramming of glucose metabolism is an important hallmark of cancer that supports cell survival during the metastatic cascade. Cancer cells are able to dynamically switch between two modes of glucose metabolism, glycolysis and oxidative phosphorylation (OxPhos), based on nutrient availability and energy demands216. Glycolysis, which can occur anaerobically, is a highly inefficient mode of glucose metabolism, yielding just 2 ATP per mole of glucose (Figure 1.5). Mitochondrial OxPhos is an aerobic process that occurs in the mitochondria of cells and is highly efficient at generating ATP, yielding 36 ATP per mole of glucose217 (Figure 1.5). Generally, healthy cells only switch between glycolysis or OxPhos based on oxygen availability. In hypoxic conditions, healthy cells must switch to anaerobic glycolysis to maintain ATP generation. As the processes can occur simultaneously in the presence of oxygen, it is rare that a cell can be classified as driven wholly by glycolysis or OxPhos. However, the predominant source of energy utilization is often determined by the cellular process being fueled or by cues from the surrounding microenvironment. Additionally, though cells must use glycolysis to produce pyruvate to fuel OxPhos, they can also be redirected to produce energy via aerobic and anaerobic branches of the Pentose Phosphate Pathway (PPP), which is primarily responsible for the redox status of the cell218. In contrast, a separate metabolic pathway that catabolizes glutamine is thought to be heavily utilized in some cancers, while not in others219. As such while glycolysis and OxPhos are the two primary and most heavily studied modes of glucose metabolism, it is important to note that cells can undergo a variety of metabolic processes to fuel migration, proliferation, and metastasis. 
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[bookmark: _Toc95036149]Figure 1.5. Overview of glucose metabolism. Cancer cells generate large amounts of ATP through glucose metabolism. Glucose metabolism is composed of three interconnected pathways: glycolysis, the TCA cycle, and OxPhos. Glycolysis occurs anaerobically in the cytoplasm and produces 2 ATP/mol glucose. The TCA cycle and OxPhos are aerobic processes that occur in the mitochondria and together generate 36 ATP/mol glucose. 

Cancer cells are uniquely metabolically plastic and can dynamically switch between the two main modes of glucose metabolism, even when oxygen availability remains high220–222.  In contrast to normal cell function, cancer cells often preferentially use glycolysis for ATP generation under aerobic conditions, termed “the Warburg Effect”223. Importantly, Warburg’s observations focused on comparing the metabolism of “growing tissue” to “resting tissue” and thereby focused on the metabolism of highly proliferative cancer cells223. Initially, this metabolic switch was attributed to mitochondrial impairment and dysfunction but was later found that the switch to glycolysis was independent of mitochondrial health in most cancers and rather occurred as the result of metabolic reprogramming in cancer cells224,225. Specifically, mutations in signaling pathways that regulate glucose uptake, such as Akt or Myc, have shown to be responsible for the Warburg Effect226–228. While glycolysis has been shown to enhance cancer cell proliferation, it is still unclear how cancer cell glucose metabolism relates to migratory and metastatic capability. 
[bookmark: _Toc98254507]Bioenergetics of single cell and collective migration
In the early steps of the metastatic cascade, cancer cells detach from the primary tumor, invade through the basement membrane, and navigate through the ECM. Completion of these steps is thought to be required for a cell to successfully colonize new tissues and form secondary tumors229. Importantly, successful invasion and migration relies on the metabolic and migratory plasticity of cancer cells to meet changing energetic demands of unique microenvironments230. Understanding the nuances of how cellular metabolism regulates cancer cell invasion and migration is essential to target the cancer cells that are capable of escaping the primary tumor. Migration away from the primary tumor can occur as either single cell or collective migration231–234. Further analysis of these mechanisms reveals that multiple different modes exist, epithelial and mesenchymal single cell migration and leader and follower cells in collective migration235–238. The migratory potential and metabolism of migrating cells is heavily dependent on mode of migration and is further complicated by intratumor metabolic heterogeneity that is mediated in part by spatial cues. 
Single cell migration in vitro has been heavily studied to parse apart the particular mechanisms cells use to navigate the TME116,239,240. Briefly, cancer cells utilize various migratory modes to traverse the TME, transitioning first from a non-migratory epithelial state to a more migratory mesenchymal mode241–243. During epithelial-to-mesenchymal transition (EMT), cells transition to a more aggressive phenotype characterized by a change in both morphology and invasive capability244. Numerous aspects of migration and EMT are linked both directly and indirectly to metabolism. Importantly, EMT is characterized by cytoskeletal reorganization and formation of protrusions which can alter energy production and consumption245. EMT is due in part to upregulation of specific transcriptional factors like Snail, Slug, and TWIST which have previously been associated with altered cell metabolism246. Specifically, Snail has been linked with altered glucose flux in cancer cells by regulating glycolysis and the pentose phosphate pathway247. Additionally, hypoxia-induced HIF-1 signaling is known to induce EMT through TWIST signaling248,249. However, the respective roles of glycolysis and OxPhos during these transitions, especially in oxygen-rich conditions, are relatively unknown.
Recent evidence points to a prominent, understudied role for OxPhos during single cell cancer migration250. An increase in mitochondrial biogenesis and OxPhos via upregulated expression of peroxisome proliferator-associated receptor gamma, coactivator 1-alpha (PCG-1α) has been strongly correlated with a more invasive cancer cell phenotype and an increase in the formation of distal tumors250. Additionally, relocation of mitochondria to the leading edge of cells and to forming protrusions is thought to enable increased ATP production to fuel migration and invasion251,252. Mitochondrial function, in contrast to what was previously proposed by the Warburg Effect, is not impaired in more aggressive phenotypes. In fact, in super-invasive and super-metastatic phenotypes, created through rounds of in vitro and in vivo sorting, respectively, a mitochondrial shift occurs in which cells maintain levels of OxPhos without an increase in glycolysis253. This metabolic switch is also thought to be mediated by the availability of TNF-receptor associated protein-1 (TRAP1) which is expressed in lower levels in cancerous tissue than normal tissue. TRAP1 deficiency in vitro was found to correlate with increased OxPhos, intermediates of the TCA cycle, and ATP and ROS production to increase the invasiveness of migrating cells254. Thus, data suggests that OxPhos may play an equally important role in the aggressive phenotype of migrating cells compared to glycolysis, though it may be more context-dependent to provide ATP to localized regions where it can be utilized efficiently.
In contrast to single cell migration in cancer, collective migration describes cells that move cooperatively in groups that has been observed in many cancers, including breast, prostate, colorectal, and lung cancers255. Importantly, the collective behaviors of cancer cell clusters has been suggested to lead to increased invasion, metastasis, and therapeutic resistance compared to single cells256–259. In collective migration, a leader cell guides clusters of follower cells coupled with cell-cell junctions through the TME. To guide collective strands, leader cells utilize actin-rich protrusions and proteases, including MMPs and Cathepsin B260–262. Conversely, follower cells exhibit high levels of cell-cell adhesions, such as cadherin-based adherens junctions263,264.  Given the very different mode of migration utilized when cells move collectively compared to single cell movement, the energetic needs for two modes are likely very different.
It was recently reported that the collective invasion of cancer cells is regulated by the energy status of leader and follower cells265,266. Leader cells of breast cancer cell spheroids exhibit higher glucose uptake compared to follower cells, suggesting that leader cancer cells rely more heavily on glucose flux than follower cells265. Similarly, glycolytic ATP production was reported to regulate the collective invasion of endothelial cells in vessel branching267,268. Additionally, recent data suggests that breast cancer leader cells must overcome a threshold level of intracellular ATP/ADP to successfully invade265. As leader cells invade, their energy gradually depletes, leading to leader-follower cell transition in which a follower cell becomes a new leader cell265. Importantly, as invading strands encounter a physically challenging environment, they exhibit more frequent leader-follower switching to overcome the high energy barrier of their invasion265. This result suggests that cancer cells exhibit phenotypic plasticity, regulated by energetically demanding microenvironmental challenges, during collective migration. Interestingly, it was also recently reported that lung cancer leader cells preferentially utilize mitochondrial OxPhos regulated by pyruvate dehydrogenase (PDH), and lung cancer follower cells rely on elevated glucose uptake regulated by GLUT1 to fuel collective invasion in tumor spheroids266. This finding is consistent with other collective migration studies describing leader cells as more migratory but less proliferative than follower cells266,269. Co-targeting of PDH and GLUT1 dramatically reduced spheroid invasion, suggesting that co-targeting glycolysis and mitochondrial OxPhos to inhibit the invasion of a metabolically heterogeneous cancer cell population holds potential for drug development266. The reason for these contrasting findings may lie in the context of the metabolism measurements. The dynamic, real-time switching of a heterogenous leader/follower cell population invading from spheroids provides a transient context for cell metabolism, where greater energy demands in the leader cell position lead to increased uptake of glucose that may suggest an increase of glycolysis independent of a change in OxPhos. However, when cells are sorted to create distinct, leader and follower cell populations, a more permanent, lasting metabolic signature is characterized in which leader cell populations generally increase OxPhos compared to follower cells. By taking these two studies together, a more complete insight into the metabolic behavior of leader and follower cells reveals a highly context-dependent relationship.
[bookmark: _Toc98254508]Interactions with stromal cells that regulate metabolism during cancer cell migration
Communication between fibroblasts and infiltrating leukocytes in the TME and cancer cells can affect both metabolism and migration. In the primary tumor, cancer cells secrete hydrogen peroxide which induces oxidative stress and caveolin-1 (Cav-1) degradation in fibroblasts270,271. The loss of Cav-1 enhances fibroblast aerobic glycolysis, inducing the release of energy-rich metabolites, including lactate, pyruvate, and ketone, into the microenvironment272,273. In addition to oxidative stress, cancer-derived MVs can also signal to fibroblasts to increase aerobic glycolysis through Cav-1 degradation16. These activated fibroblasts subsequently become more glycolytic and release higher levels of lactate into the TME16. Uptake of these metabolites by cancer cells can directly fuel mitochondrial OxPhos16,272,273. Additionally, evidence suggests that matrix mechanics regulate MV signaling1,17,274. Specifically, increased matrix stiffness enhances MV-induced fibroblast activation17. As MV-induced activation was previously shown to increase fibroblast aerobic glycolysis16, increased matrix stiffness in the TME may further promote this metabolic switch in fibroblasts through enhanced MV signaling. This observation, in which fibroblasts in the tumor stroma exhibit enhanced glycolysis to fuel cancer cell mitochondrial OxPhos, has been termed the Reverse Warburg Effect272. These tumor-stromal metabolic interactions within the context of confinement were recently investigated using a unique, micropatterned tumor-stroma interface model275. Cancer cells at the center of the micropattern, mimicking high confinement at the tumor core, upregulated expression of glycolysis genes. Cancer cells at the tumor-stromal interface, recapitulating low confinement at the tumor periphery, upregulated expression of OxPhos genes, further supporting a metabolic relationship between tumor and stromal cells275. 
As cancer-associated fibroblasts located in the TME are known mediators of cancer cell invasion and metastasis through ECM remodeling1,12,46,276, metabolic coupling between cancer cells and stromal fibroblasts likely regulates cancer cell escape from the primary tumor and subsequent metastasis. Fibroblast-enhanced cancer cell OxPhos can increase cancer cell migration and invasion in vitro16. Additionally, this metabolic coupling can enhance cancer cell resistance to cancer therapies. Specifically, fibroblast-induced epithelial cancer cell mitochondrial activity has been shown to enhance cancer cell tamoxifen resistance in breast cancer cells in vitro273. 
Metabolic interactions between cancer cells and infiltrating leukocytes may also affect cancer migration and metastasis. Similar to cancer cells, activated T cells exhibit enhanced aerobic glycolysis to support their proliferation and effector function277,278. As a result, infiltrating leukocytes and cancer cells compete for nutrients in the TME279. Decreased T cell glucose uptake has direct implications on their anti-tumor efficacy and thereby affects cancer cell progression280,281. While the majority of research on the leukocyte-cancer cell metabolic relationship has focused on the effects on T cell efficacy, increased T cell glucose uptake in the TME may induce a similar response to the Reverse Warburg Effect in cancer cells, where cancer progression is fueled by metabolic intermediates released by T cells. 
[bookmark: _Toc98254509]Metabolic signatures of metastatic cancer cells
To effectively target metastatic cancer cells with metabolic inhibitors, it is essential to determine the bioenergetics of cancer cells that regulate their progression during the metastatic cascade and subsequent tissue colonization. A variety of evidence suggests that metastatic cancer cells may rely more on mitochondrial OxPhos while primary tumors rely more on glycolysis to fuel primary tumor growth. The direct role of OxPhos in metastatic cancer cells was initially observed by removing mitochondrial DNA from cancer cell lines and observing their effect in vitro and in vivo282,283. Breast and brain cancer cells devoid of mitochondrial DNA lost their tumorigenic phenotype that was only restored upon the transfer of normal mitochondria to the cells282. Similarly, removal of mitochondrial DNA in cervical and ovarian carcinoma lines resulted in decreased tumor growth when subcutaneously injected in mice283. Later, it was observed that brain metastases of breast cancers exhibited increased OxPhos compared to primary tumors284. Similar reports found circulating cancer cells from a 4T1 mouse model to be enriched for OxPhos transcripts compared to their primary tumor counterparts250. This enhanced OxPhos in circulating cancer cells was found to be associated with PGC-1α expression250. Silencing of PGC-1α reduced both cancer cell invasion and metastasis without affecting cancer cell proliferation, primary tumor growth, or EMT status250. Taken together, these studies suggest that mitochondrial OxPhos plays an essential role for cancer cell tumorigenicity and metastasis. Comparison of metastatic melanoma cells with their primary tumor counterparts revealed enhanced mitochondrial OxPhos in the metastatic cancer cells. Specifically, production of mitochondrial superoxide, a byproduct of cellular respiration, distinguished highly metastatic melanoma cells from weakly metastatic cells285. Similarly, metabolic profiling of parental breast cancer epithelial cells compared to their metastatic counterparts collected from secondary sites in vivo has revealed differential utilization of key metabolic factors286. Specifically, metastatic subclones boasted increased metabolic flexibility and redox control, allowing cells to proliferate even under high stress conditions. Analysis of highly metastatic parental ductal carcinoma cells collected from liver metastases in vivo showed increased OxPhos regulated via myoferlin, a protein associated with vesicle trafficking, compared to less metastatic subclones287. This study highlights another potential metabolic target in metastasis, myoferlin, that has already shown to be effective in mouse models288. 
Recently, single-cell RNA sequencing has been used to distinguish metabolic differences between primary tumors and metastases. Single-cell RNA sequencing of matched primary tumors and micrometastases revealed mitochondrial OxPhos as the top pathway upregulated in micrometastases compared to higher levels of glycolytic enzymes in primary tumors289. This finding suggests that enhanced glycolysis may aid in primary tumor cell growth while mitochondrial OxPhos may be more important in a variety of metastatic stages and colonization. Additionally, this finding of differentially enriched metabolic pathways in primary tumors versus micrometastases highlights that different metabolism-targeting therapies may be advantageous in different stages of cancer progression. Importantly, transcriptional heterogeneity was still apparent in these micrometastases289, proving that one metabolic therapy may not be capable of targeting all metastatic cells found in a lesion. Altogether, these findings reemphasize the importance of the “migration-proliferation dichotomy” and suggest a similar “metastasis-proliferation dichotomy” may also exist. It is likely that microenvironmental cues then signal to these metastatic cancer cells to return to a glycolytic phenotype to fuel proliferation of the secondary tumor. 
Reports of upregulated glycolysis, rather than mitochondrial OxPhos, have also been associated with increased metastasis. In hepatocellular carcinoma cells, overexpression of glycolytic enzymes results in increased metastasis in a mouse model290. Similarly, increased glycolysis has been linked to antioxidant-driven metastasis in lung tumors in addition to increased glucose uptake and lactate secretion291. Sorting the conflicting evidence regarding whether metastatic cancer cells rely more heavily on OxPhos or glycolysis may lie in the location of the metastatic spread, as metastatic breast cancer cells that preferentially use glycolysis tend to metastasize to the liver, while those utilizing OxPhos target lung or bone secondary sites292. These glycolytic breast cancer cells are thought to be specifically tuned for liver metastasis via increased HIF-1α and PDK-1 activity that is essential in regulating metabolic pathways. Further, aggressive 4T1s metastasizing to liver, bone, and lung utilized a combination of mitochondrial OxPhos and glycolysis, suggesting that secondary site colonization is dependent on the metabolic state of the cells292. Additionally, patient data suggests that within the secondary sites, the presence of glycolytic markers was dependent on the specific site location, where metastatic cells at brain and lung sites were more likely to maintain a glycolytic phenotype than other secondary sites293. Still others report that brain metastases in vivo have higher expression of both glycolytic and OxPhos-associated enzymes284, suggesting that while differential metabolic programming may be elevated in specific secondary sites, metastatic cells likely use a combination of the pathways to meet energetic requirements. 

Table 1.2. Cancer therapies targeting glucose metabolism
	Drug
	Target enzyme
	Approval stage
	Ref

	Enasidenib
	IDH-2
	Approved
	294

	Metformin
	ETC complex I
	Approved for type 2 diabetes, clinical trials for cancer
	295,296

	2-DG
	HK
	Clinical trials
	297,298

	3-BrPa
	HK, GAPDH
	Clinical trials
	299

	AT-101
	LDH-A
	Clinical trials
	300

	AZD3965
	MCT1
	Clinical trials
	301

	CPI-613
	PDH, α-KGDH
	Clinical trials
	302

	DCA
	PDK1
	Clinical trials
	303,304

	FK866
	GAPDH
	Clinical trials
	305

	IDH305
	IDH
	Clinical trials
	306

	Ivosidenib
	IDH
	Clinical trials
	307

	Lonidamine
	HK
	Clinical trials
	308,309

	Marizomib
	ETC complex II
	Clinical trials
	310,311

	Polyphenon E
	LDH-A
	Clinical trials
	312

	Resveratrol, chrysin
	HK2
	Clinical trials
	313

	Ritonavir
	GLUT1
	Clinical trials
	314

	TT-232
	PKM2
	Clinical trials
	315

	PFK158
	PFKFB3
	Clinical trials
	316–318

	3PO
	PFKFB3
	Research
	316,318

	Fasentin
	GLUT1, GLUT4
	Research
	319

	GEN-27
	GLUT1, HK
	Research
	320

	Koningic acid
	GAPDH
	Research
	321

	STF-31
	GLUT1
	Research
	322

	VK3
	PKM2
	Research
	315

	VK5
	PKM2
	Research
	315

	WZB117
	GLUT1
	Research
	323



[bookmark: _Toc98254510]Anti-metastatic therapies and metabolism-targeting drugs
While most cancer therapies exclusively target proliferation, recent understanding of the role of glucose metabolism in cancer cell proliferation, migration, and metastasis lays a strong foundation towards the development of anti-metastatic drugs targeting metabolic processes essential in the metastatic cascade. Enasidenib, a selective inhibitor of mutant isocitrate dehydrogenase 2 (IDH-2), an enzyme that mediates progression through the TCA cycle, is already approved to treat patients with IDH-2-mutated myeloid leukemia294 (Table 1.2). Similar IDH-inhibiting drugs have been shown to abrogate both invasion and migration of chondrosarcoma cells in vitro while their proliferation remained unaffected, which may point to a prominent role of mitochondrial metabolism in metastasis324.  Additionally, a variety of metabolism-targeting agents are currently in clinical trials (Table 1.2). For example, AZD-3965, which inhibits MCT1, reportedly exhibits anti-tumorigenic properties by preventing cellular acidification during increased glycolysis301. However, while MCT4 inhibitors reportedly decrease pancreatic ductal adenocarcinoma cell migration in vitro, MCT1 inhibitors have little effect on migration. Interestingly, inhibiting either MCT1 or MCT4 significantly reduces cell invasion, again pointing to the role of individual components of metabolic pathways on specific steps in the metastatic cascade325. Another potential therapeutic, CPI-613, disrupts mitochondrial metabolism to induce reactive oxygen species (ROS)-associated apoptosis326 and significantly decrease collective cancer cell invasion in vitro266, and is currently undergoing clinical trials with pancreatic cancer patients327. Metformin, a drug approved for the treatment of Type 2 Diabetes, is currently undergoing clinical trials to treat cancer295 including its use in combination therapy with chemotherapeutic drugs, including cisplastin and doxycycline, as it is hypothesized that metformin may increase cancer cell sensitivity to chemotherapy295. Interestingly, metformin is effective at inhibiting both proliferation and migration in breast cancer cells in vitro328,329. As metformin predominantly inhibits progression of OxPhos by inhibiting the ETC Complex I, this finding points to the powerful role of OxPhos in key steps in the metastatic cascade. In part due to the complexities described above identifying the predominant metabolic pathways for a given cancer in a given patient, cancer therapies that target both glycolysis and mitochondrial OxPhos are undergoing clinical trials, as both metabolic pathways have been deemed important for cancer progression (Table 1.2). 
Drugs and therapies simultaneously targeting both glycolysis and OxPhos are being pursued to combat compensatory mechanisms upon the inhibition of one of the pathways.  Recently, the drug Marizomib was combined with a glycolysis inhibitor to reduce metastatic spread in mice311. When treated with Marizomib, which acts to downregulate mitochondrial OxPhos through inhibiting Complex II of the ETC, cells were found to increase glycolysis to provide necessary energy for proliferation and metastasis311. Similarly, in vitro, the drug significantly decreased the migratory ability of TNBCs, correlating with the downregulation of PGC-1α and EMT genes311. These data led to the combination therapy of Marizomib and 2-deoxy D-glucose (2-DG), a glycolysis inhibitor, which was shown to significantly inhibit tumor growth. Thus, in moving to clinical trials and designing anti-metastatic therapies, understanding site-specific bioenergetics and compensatory mechanisms is essential to inhibit metastasis without off-target effects. Additionally, because cells are reprogrammed at different stages of metastasis to rely more on glycolysis or OxPhos, it is necessary to understand which pathway is dominant at each stage. Recently, a targeted tumor-specific inhibition of cell metabolism using a ginsenoside derivative was found to decrease tumor growth in a xenograft model330. By downregulating both OxPhos and glycolysis in tumor cells only, while leaving normal, healthy cells unchanged, this promising therapy could decrease metastasis without altering normal cell function. 

[bookmark: _Toc98254511]CHAPTER 2: MATRIX STIFFNESS REGULATES MICROVESICLE-INDUCED FIBROBLAST ACTIVATION

This chapter was published in AJP-Cell Physiology17 and has been reproduced with the permission of the publisher and my co-authors.
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[bookmark: _Toc98254513]Abstract
Extracellular vesicles released by cancer cells have recently been implicated in the differentiation of stromal cells to their activated, cancer-supporting states. Microvesicles, a subset of extracellular vesicles released from the plasma membrane of cancer cells, contain biologically active cargo, including DNA, mRNA, and miRNA, which are transferred to recipient cells and induce a phenotypic change in behavior. While it is known that microvesicles can alter recipient cell phenotype, little is known about how the physical properties of the TME affect fibroblast response to microvesicles. Here, we utilized cancer cell-derived microvesicles and synthetic substrates designed to mimic the stiffness of the tumor and tumor stroma to investigate the effects of microvesicles on fibroblast phenotype as a function of the mechanical properties of the microenvironment. We show that microvesicles released by highly malignant breast cancer cells cause an increase in fibroblast spreading, α smooth muscle actin expression, proliferation, cell-generated traction force, and collagen gel compaction. Notably, our data indicate that these phenotypic changes occur only on stiff matrices mimicking the stiffness of the tumor periphery and are dependent upon the cell type from which the microvesicles are shed. Overall, these results show that the effects of cancer cell-derived microvesicles on fibroblast activation are regulated by the physical properties of the microenvironment, and these data suggest that microvesicles may have a more robust effect on fibroblasts located at the tumor periphery to influence cancer progression. 
[bookmark: _Toc98254514]Introduction
The stromal microenvironment plays a crucial role in the determination of cancer cell metastatic potential. Signaling molecules, extracellular components, and cells within the stroma can increase or decrease the metastatic potential of cancer cells331. This relationship is bidirectional as the microenvironment is often manipulated by cancer cells through both direct and indirect mechanisms. Recent studies have shown that EVs secreted by cancer cells, specifically exosomes and MVs, communicate with stromal cells to alter the local TME15,332–334. MVs originate from the plasma membrane of cells and range from 200 nm–1 μm in diameter335. They contain a wide variety of cargo, including ECM components, cytoskeletal proteins, and signaling molecules15,90,336. The interaction of cancer cell-derived MVs with recipient cells promotes cancer-supporting characteristics, including increased cell growth and survival15,133. The effects of MV components within the TME are just beginning to be uncovered. 
Cancer cell invasion through the basement membrane and metastasis to a secondary site are highly dependent upon cell-cell and cell-matrix interactions1. Specifically, CAFs located in the TME have been shown to mediate cancer cell invasion and metastasis through the direct remodeling of the ECM46,276,337. CAFs use contractile forces to generate tracks in the ECM to guide cancer cell invasion and promote metastasis46. It is currently hypothesized that a large portion of CAFs in the TME are derived from fibroblasts adjacent to the primary tumor that have been transformed to an activated state14. It was recently established that MVs released from MDA-MB-231 breast cancer cells transform normal fibroblasts to exhibit increased survival capability and the ability to grow under low-serum conditions15. Proteomic screens of MDA-MB-231 MVs were carried out to determine the MV-associated proteins responsible for fibroblast transformation, specifically tissue transglutaminase and fibronectin 15.   
[bookmark: OLE_LINK1]Fibroblasts in the tumor stroma are exposed to both compliant healthy tissue and the increasingly stiff tissue of the primary tumor. Specifically, increased matrix stiffness has been shown to promote fibroblast spreading, traction force, and proliferation338,339. Here, we examined the effects of breast cancer cell-derived MVs on fibroblast function on substrates mimicking both healthy and tumorigenic tissue. We show that MVs increase fibroblast cell area, contractility, and proliferation in a manner that is dependent upon matrix stiffness. We additionally show that the ability to activate fibroblasts on stiff matrices is dependent upon the cell type from which the MVs are shed. Together, these results demonstrate the role of the mechanical properties of the matrix in regulating MV-induced fibroblast activation and matrix remodeling. 
[bookmark: _Toc98254515]Materials and methods
Cell culture and reagents: MDA-MB-231 malignant mammary adenocarcinoma cells (HTB-26, ATCC, Manassas, VA), MDA-MB-231 cells (HTB-26, ATCC) transfected to express Lifeact-GFP, and NIH 3T3 fibroblasts were maintained in Dulbecco’s Modified Eagle’s Media (DMEM) (Thermofisher Scientific, Waltham, PA) supplemented with 10% FBS (Atlanta Biologicals, Flowery Branch, GA) and 1% penicillin-streptomycin (ThermoFisher Scientific). MCF10A mammary epithelial cells (CRL-10317; ATCC) were maintained in DMEM-F12 (ThermoFisher Scientific) supplemented with 5% horse serum (ThermoFisher Scientific), 0.5 μg ml-1 hydrocortisone (Sigma, St. Louis, MO), 20 ng ml-1 hEGF (ThermoFisher Scientific), 10 μg ml-1 insulin (Sigma), 100 ng ml-1 insulin (Sigma), and 1% penicillin-streptomycin. MCF7 mammary adenocarcinoma cells (HTB-22, ATCC) were maintained in Minimum Essential Medium (MEM) (ThermoFisher Scientific) supplemented with 10% FBS and 1% penicillin-streptomycin. All cells were cultured at 37°C and 5% CO2. Primary antibodies used were rabbit anti-flotillin-2 (#3436; Cell Signaling Technology, Danvers, MA), rabbit anti-IκBα (#9242; Cell Signaling Technology), mouse anti-alpha smooth muscle actin (M0851, DAKO, Santa Clara, CA), and mouse anti-beta actin (A5316, Sigma). Secondary antibodies used were HRP anti-rabbit (Rockland, Limerick, PA), HRP anti-mouse (Rockland), and AlexaFluor 488 conjugated to donkey anti-mouse (Life Technologies, Carlsbad, CA). 
MV isolation and characterization: Sub confluent MDA-MB-231, MCF10A, and MCF7 cells were incubated overnight in serum-free DMEM, serum-free DMEM-F12, or serum-free MEM, respectively. The conditioned media was removed from the cells and centrifuged at 400 RPM. The supernatant was removed and again centrifuged at 400 RPM. The medium was then filtered through a 0.22 μm SteriFlip filter unit (EMD Millipore, Billerica, MA) and rinsed with serum-free media. The MVs retained by the filter were resuspended in their respective serum-free media. Nanoparticle tracking analysis (ZetaView ParticleMetrix, Germany) was used to determine the size and number of isolated MVs. N=3 independent sets of MV isolations.
Western blotting: Isolated MVs were rinsed with PBS on a 0.22 μm SteriFlip filter unit and lysed with Laemmli buffer. MDA-MB-231 cells were cultured on tissue culture plastic dishes, rinsed with PBS, and lysed with Laemmli buffer. Lysates were resolved by SDS-PAGE. The proteins were then transferred to PVDF membranes. Transferred membranes were blocked with 5% milk in TBS-Tween. Membranes were incubated overnight in IκBα (1:1000), Flotillin-2 (1:1000), and beta-actin (1:1000) in 5% milk in TBS-Tween at 4°C. Membranes were then incubated in horseradish peroxidase-conjugated secondary antibody (1:2000) in 5% milk in TBS-Tween for 1 hour at room temperature. Samples were imaged with a LAS-4000 imaging system (Fujifilm Life Science, Japan) after the addition of SuperSignal West Pico or West Dura Chemiluminescent Substrates (ThermoFisher Scientific). N=3 independent sets of MV isolations.
Polyacrylamide gel preparation: Polyacrylamide (PA) gels were fabricated as described elsewhere340. Briefly, the ratio of acrylamide (40% w/v; Bio-Rad, Hercules, CA) to bis-acrylamide (2% w/v; Bio-Rad) was varied to tune gel stiffness from 1 to 20 kPa to mimic the heterogeneous stiffness in the TME8. Moduli were changed by varying ratios of bis-acryalmide:acrylamide [% acrylamide:% bis-acrylamide (Young’s modulus (kPa))]; [3:0.1 (1)], [7.5:0.175 (5)], [12:0.19 (20)]. The PA gels were coated with 0.1 mg/ml rat tail type I collagen (Corning, Corning, NY).
Cell spreading assays: NIH 3T3 fibroblasts were seeded on 1, 5, or 20 kPa PA gels in 1.6 mL of DMEM + 1% FBS. Cell media was additionally supplemented with either 400 μL of serum-free media or approximately 5.5*107 MVs suspended in 400 μL serum-free media. Phase contrast images were acquired at 20 minute intervals using a 10x/0.3 N.A. objective on a Zeiss Axio Observer Z1.m microscope. Only cells without contact with adjacent cells that spread to an area of at least 30% greater than its initial area were analyzed. For area analysis, cells were outlined in ImageJ (NIH, Bethesda, MD) and area was quantified. The data were regressed via a nonlinear least-squares regression to a modified error function of the form 
                      			  (1)
previously used to describe cell spreading dynamics341. Briefly, A is the area of the cell, t is the time after plating, t50 is the time at which the cell has spread to half its maximum, and A50 is half the maximum area of the cell. N=3+ independent sets of PA gels and MV isolations.
[bookmark: OLE_LINK2]Phalloidin and αSMA immunofluorescence and analysis: NIH 3T3 fibroblasts were seeded on 1, 5, or 20 kPa PA gels in 1.6 mL of DMEM + 1% FBS. Cell media was supplemented with either 400 μL of serum-free media or approximately 5.5*107 MVs suspended in 400 μL serum-free media. After 24 hours, cells were fixed with 3.2% v/v paraformaldehyde (Electron Microscopy Sciences, Hartfield, PA) and permeabilized with 0.1% Triton-X-100 (J.T. Baker, Phillipsburg, NJ). Cells were blocked with 3% bovine serum albumin in 0.02% Tween in PBS and then incubated for 3 hours at room temperature with mouse anti-alpha smooth muscle actin (1:100). After being washed, cells were incubated for 1 hour with AlexaFluor 488 conjugated to donkey anti-mouse (1:200). The cells were washed and F-actin and nuclei were stained with AlexaFluor 568 phalloidin (1:500, Life Technologies, Carlsbad, CA) and DAPI (1:500, Molecular Probes, Eugene, OR), respectively. To image, gels were inverted onto a drop of Vectashield Mounting Media (Vector Laboratories, Burlingame, CA) placed on a glass slide. Fluorescent images were acquired with a 20x/1.0 N.A. water-immersion objective on a Zeiss LSM700 Upright laser-scanning microscope. For αSMA expression, cells stained with phalloidin were outlined in ImageJ. Cell area was overlaid onto αSMA images and integrated density was measured. Corrected total cell αSMA fluorescence was calculated by subtracting the cell area multiplied by the mean fluorescence of the background by the integrated density of the cell. N=3 independent sets of PA gels and MV isolations.
Cell proliferation assays: NIH 3T3 fibroblasts were serum-starved for 6 hours and subsequently seeded on 1, 5, or 20 kPa PA gels in 1.6 mL of DMEM + 1% FBS. Cell media was supplemented with either 400 μL of serum-free media or approximately 5.5*107 MVs suspended in 400 μL serum-free media. After 24 hours, 10 μM 5-ethynyl-2’-dexoyuridine (EdU; ThermoFisher Scientific) was added to the culture media for 2 hours. Cells were fixed with 3.2% v/v paraformaldehyde (Electron Microscopy Sciences) and stained with the Click-iT EdU Kit (ThermoFisher Scientific) following the manufacturer’s instructions. Nuclei were counterstained with DAPI (1:500). Cells were imaged with a 20x/1.0 N.A. water-immersion objective on a Zeiss LSM700 Upright laser-scanning microscope. The percentage of EdU incorporation was calculated as the ratio of EdU positive cells to the total number of cells. N=3 independent sets of PA gels and MV isolations.
Traction force microscopy: Traction force microscopy was performed as previously described167. Briefly, polyacrylamide (PA) gels, embedded with 0.5 μm diameter fluorescent beads (Life Technologies), were prepared with Young’s moduli of 1 kPa, 5 kPa, and 20 kPa. Some traction force experiments were only conducted on 5 kPa and 20 kPa PA gels due to the difficulty of cell adhesion onto soft gels in low serum conditions. NIH 3T3 fibroblasts were allowed to adhere for 24 hours in 1.6 mL of DMEM + 1% FBS supplemented with either 400 μL of serum-free media, approximately 5.5*107 MVs suspended in 400 μL serum-free media, 400 μL of conditioned media, or approximately 5.5*107 MVs suspended in 400 μL conditioned media. After 24 hours, phase contrast images of single fibroblasts and fluorescent images of the bead field at the surface of the PA gel were acquired. Fibroblasts were removed from the PA gel using 0.25% trypsin/EDTA (Life Technologies) and a fluorescent image of the bead field was acquired after cell removal. Bead displacements between the stressed and null states and fibroblast area were calculated and analyzed using the LIBTRC library developed by M. Dembo (Dept. of Biomedical Engineering, Boston University)342. The overall cellular force is the integral of the traction vectors over the total cell area. Outliers were removed using the ROUT method with Q = 0.2%. N=3 independent sets of PA gels and MV isolations.
Collagen gel contraction: Type I collagen was isolated from rat tail tendons (Rockland) and solubilized to form 10 mg/mL stock solutions as previously described343. Briefly, collagen stock solutions were mixed with 0.5 M ribose to form collagen solutions containing a final concentration of 100 mM ribose in 0.1% sterile acetic acid and incubated at 4°C for 5 days. Glycated collagen solutions were neutralized with 1 M sodium hydroxide (Sigma) in 10X PBS buffer (Life Technologies) and mixed with HEPES (EMD Millipore) and sodium bicarbonate (JT Baker) in 10X PBS to form 1.5 mg/mL collagen gels. When added to collagen, ribose interacts with amino groups on proteins to form Schiff bases that rearrange into Amadori products. Amadori products form advanced glycation endproducts (AGE) that accumulate on proteins and result in cross-link formation 343. 3T3 fibroblasts were seeded at a density of 200,000 fibroblasts per mL of collagen gel for a final volume of 500 μL collagen gels. Collagen gels were cultured in 1.1 mL DMEM+1% FBS and supplemented with either 400 μL of serum-free media or approximately 5.5*107 MVs suspended in 400 μL serum-free media. Gels were unattached from the well-plate by tracing around the outward edge of the gel with a pipet tip. Gels were allowed to contract for 48 hours and subsequently imaged. N=4 independent sets of collagen gels and MV isolations.
Statistical analysis All statistical analysis was performed using GraphPad Prism 7 (GraphPad Software, La Jolla, CA) or Excel 2016 (Microsoft, Redmond, WA). Where appropriate, data were compared with a student’s t-test or with a two-way analysis of variance (ANOVA) with Sidak multiple comparisons test. All data is reported as mean ± standard error (SE).
[bookmark: _Toc98254516]Results
[bookmark: _Toc98254517]Highly malignant breast cancer cells release MVs. 
To examine the role of cancer cell-derived MVs on fibroblasts, we first isolated MVs from the highly malignant MDA-MB-231 breast cancer cells. The release of MVs by breast cancer cells was visualized by culturing LifeAct-GFP MDA-MB-231 breast cancer cells in serum-free media (Figure 2.1A). MVs were isolated from breast cancer cells using centrifugation and subsequent filtration. Isolated MVs were confirmed to be within the expected size distribution (200 nm-1 μm) using nanoparticle tracking analysis (Figure 2.1B). Western blot analysis confirmed the expression of the MV marker flotillin-2 in MV lysates and the absence of the cytosolic marker IκBα, showing no cytosolic contamination from intact cells in the MV samples (Figure 2.1C). These results are consistent with prior studies suggesting that MDA-MB-231 breast cancer cells release extracellular vesicles within the MV class15,133,344. 
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Figure 2.1. Cancer cell-derived MVs increase fibroblast early spreading dynamics on stiff matrices. (A) Fluorescent image of MDA-MB-231 cell in serum-free media. (B) Size distribution of isolated MVs. (C) Representative immunoblots of actin, the MV marker flotillin-2, and the cytosolic-specific marker IκBα in whole cell lysates (WCL) and MV lysates (MVs). (D-F) Representative images of early spreading in fibroblasts treated with serum-free media alone (Ctrl) or MVs (+MV) on (D) 1 kPa, (E) 5kPa, and (F) 20 kPa PA gels. Scale bar = 100 μm. (G-I) Measurements of fibroblast cell area during early cell spreading, taken every 20 minutes, on (G) 1 kPa (Ctrl: n=24, +MV: n=14), (H) 5 kPa (Ctrl: n=34, +MV: n=27), and (I) 20 kPa PA gels (Ctrl: n=30, +MV: n=28). Data points fit to a nonlinear least-squares regression of a modified error function. Plots are mean ± SE. N=3+ independent sets of PA gels and MV isolations.

Table 2.1. Regression parameter values for data presented in Figure 2.1. 
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[bookmark: _Toc98254518]Cancer cell-derived MVs increase fibroblast early spreading dynamics on stiff matrices. 
Fibroblasts in the tumor stroma are exposed to a range of matrix stiffness due to heterogeneities in ECM composition. As increased matrix stiffness has been shown to directly promote fibroblast spreading and the ability of a cell to spread directly affects its function, we investigated the relationship between matrix stiffness and MV-mediated fibroblast spreading339,345–348. MVs were applied to fibroblasts at the time of seeding on PA gels of varying stiffness (1-20 kPa), spanning the range of matrix stiffness in physiologically relevant breast tissue8. Cell spreading was monitored using time-lapse microscopy, and the data were fit to a modified error function to obtain the half-maximum spreading area, A50, and the half-maximum spreading time, t50341 (Table 2.1, see Methods for details). As expected, significant differences in A50 were calculated between increasing PA gel stiffness within control or MV conditions (Table 2.2), highlighting the role of matrix stiffness in fibroblast spreading. At a stiffness mimicking healthy breast tissue (1 kPa), MVs did not affect early fibroblast spreading dynamics or fibroblast cell area after 24 hours of culture (Figure 2.1D,G, Figure 2.2A-B); no change in the A50 was observed between control and MV conditions (Table 2.2). However, on moderately stiff PA gels mimicking tumorigenic breast tissue (5 kPa), culture with MVs increased the rate of early fibroblast spreading (Figure 2.1E,H). Likewise, a significant difference in the A50 was calculated between control and MV conditions on the 5 kPa PA gel (Table 2.2). After 24 hours of culture, no change in fibroblast cell area was noted between control and MV conditions on 5 kPa PA gels (Figure 2.2A,B). Additionally, increased rate of early fibroblast spreading was evident in fibroblast culture with MVs on the stiffest substrate tested (20 kPa), where the rate of early spreading was increased as well as fibroblast cell area throughout the entire observation period (Figure 2.1F,I, Figure 2.2A-B). A significant difference in A50 was observed between control and MV conditions on the 20 kPa gel (Table 2.2) as well as a significant difference between cell area after 24 hours of culture (Figure 2.2A-B). These results indicate that MVs derived from highly malignant breast cancer cells cause an increase in early fibroblast spreading on stiff matrices, highlighting the role of matrix mechanical properties in regulating cellular interactions and fibroblast function in the TME.

Table 2.2. Statistical comparison of regression parameter values using two-way ANOVA with Sidak test for multiple comparisons. *p<0.05, ***p<0.001, ****p<0.0001.
[image: ]
[image: ]
Figure 2.2. Cancer cell-derived MVs induce CAF-like fibroblast phenotypes on stiff matrices. (A) Representative images of fibroblast actin (red) after culture in serum-free media alone (Ctrl) or MVs (+MV) on 1, 5, or 20 kPa PA gels. (B) Measurements of fibroblast cell area after 24 hours of culture on 1 (Ctrl: n= 75, +MV: n= 75), 5 (Ctrl: n= 80, +MV: n= 80), and 20 kPa PA gels (Ctrl: n= 80, +MV: n= 80) in Ctrl and +MV conditions. Plots are median ± the minimum and maximum values. (C) Representative images of fibroblast αSMA (green) after 24 hours of culture in Ctrl and +MV conditions. Cell perimeter outlined in dashed white line. (D) Measurements of fibroblast αSMA fluorescence after 24 hours of culture on 1 (Ctrl: n=67, +MV: n=64), 5 (Ctrl: n= 66, +MV: n= 68), and 20 kPa PA gels (Ctrl: n= 80, +MV: n= 75) in Ctrl and +MV conditions. (E) Representative fluorescent images of fibroblast EdU incorporation after treatment with serum-free media alone (Ctrl) or MVs (+MV) for 24 hours on 1, 5, or 20 kPa PA gels. EdU+ cells in green. DAPI in blue. (F) Fibroblast proliferation after culture in Ctrl or +MV conditions for 24 hours as determined by Click-iT EdU staining. Percentages are relative to total cell number. 10 representative images taken for each conditions; over 500 cells analyzed for each condition. N=3 independent sets of PA gels and MV isolations. Plots are mean ± SE. Scale bar = 200 μm. *p<0.05, **p<0.01, ****p<0.0001 from two-way ANOVA with Sidak test for multiple comparisons. N.s. not significant.

[bookmark: _Toc98254519]Cancer cell-derived MVs induce CAF-like fibroblast phenotypes on stiff matrices. 
After 24 hours of culture with cancer cell-derived MVs, fibroblasts on 1 and 5 kPa PA gels exhibited no change in cell area compared to control conditions while fibroblasts on 20 kPa PA gels exhibited significantly larger cell area following treatment with MV (Figure 2.2A-B). Since MVs induce a more robust spreading response when cells are on stiff substrates, we hypothesized that cancer cell-derived MVs in conjunction with a stiff microenvironment may help activate fibroblasts to their cancer-associated state. αSMA expression, a marker of fibroblast activation349–351, was quantified to measure fibroblast activation. In control conditions, αSMA expression slightly increased with increasing matrix stiffness. After 24 hours of culture with MVs, fibroblasts on 1 and 5 kPa PA gels exhibited no significant increase in αSMA expression, compared to control conditions (Figure 2.2C-D). However, a robust increase in αSMA expression was evident in fibroblasts cultured with MVs on 20 kPa PA gels, compared to control conditions (Figure2.2C-D). These results suggest that MV-induced fibroblast activation increases with matrix stiffness. Given that the ability of cells to spread and fibroblast activation have been shown to be related to proliferation 14,345, and our data indicates MVs affect spreading and activation, we sought to determine if cancer cell-derived MVs affect fibroblast proliferation on matrices of varying physiological stiffness. Fibroblast proliferation in control conditions increases on stiffer (5 and 20 kPa) matrices compared to more compliant (1 kPa) matrices, and MVs significantly increased fibroblast proliferation on both 5 and 20 kPa matrix conditions (Figure 2.2E-F). These results indicate that matrix stiffness enhances MV-induced fibroblast proliferation.
[bookmark: _Toc98254520]Cancer cell-derived MVs increase fibroblast contraction on stiff matrices. 
As we observe increased cell spreading and αSMA expression on stiff substrates in response to MVs, we sought to assess whether cell contractility also increases. For a fibroblast to remodel its surrounding matrix, it uses actomyosin contractility to generate force to rearrange the matrix352. To assess the effects of cancer cell-derived MVs on fibroblast-matrix interactions, we utilized traction force microscopy to measure cellular contractile force following MV treatment. Given that our data indicates that matrix stiffness alters fibroblast spreading in response to MVs, and given that fibroblasts encounter heterogeneous stromal environments with varying stiffness during cancer progression353–356, we measured fibroblast traction force on substrates of varying stiffness (1-20 kPa). At a stiffness mimicking healthy breast tissue (1 kPa), fibroblasts exhibited no change in total traction force per cell or traction stress when cultured with MVs for 24 hours (Figure 2.3A-C). Likewise, no statistically significant change in total traction force or traction stress was exhibited in fibroblasts cultured on a moderate stiffness mimicking tumorigenic conditions in breast tissue (5 kPa) (Figure 2.3A-C). However, on 20 kPa substrates, mimicking the highest ECM stiffness found in breast cancer8, MVs induced a robust increase in fibroblast traction force (Figure 2.3A). Since the force is the traction stress integrated over the area, these data indicate that this change is not simply a result of the increased cell area observed in Figure 2. Fibroblasts cultured with MVs on the stiff matrices also exhibited an increase in traction stress, indicating an increase in the ability of fibroblasts to contract the matrix (Figure 2.3B-C). These data suggest that increasing matrix stiffness enhances the effects of cancer cell-derived MVs on fibroblast contractility.
To further investigate the increased traction force initiated by cancer-derived MVs, we assessed the ability of fibroblasts to contract collagen gels. The stiffness of collagen gels was modulated by non-enzymatic glycation without altering the density of collagen gel343. Fibroblasts were cultured in non-glycated and glycated 1.5 mg/mL collagen gels, with Young’s Moduli of approximately 175 Pa and 575 Pa, respectively 343, for 48 hours in control or MV conditions. Fibroblasts cultured in control conditions exhibited greater collagen gel contraction in more compliant matrices compared to stiffer matrices (Figure 2.3D-E). Fibroblasts cultured with MVs exhibited significantly increased collagen gel contraction compared to control conditions in glycated matrices (Figure 2.3D-E). These data reveal that MVs increase fibroblast collagen gel contraction to a greater magnitude on stiffer, glycated matrices. These results are consistent with our data on 2D substrates (Figure 2.3A-C) which indicates cancer cell-derived MVs increase the ability of fibroblasts to contract stiffer matrices. Specifically, this system extends the effects of MVs on fibroblasts to more physiologically relevant 3D microenvironments.
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[bookmark: OLE_LINK3]Figure 2.3. Cancer cell-derived MVs increase fibroblast contraction on stiff matrices. (A) Traction force measurements of fibroblasts treated with serum-free media alone (Ctrl) or MVs (+MV) on 1 (Ctrl: n=64, +MV: n=44), 5 (Ctrl: n=47, +MV: n=51), and 20 (Ctrl: n=39, +MV: n=42) kPa PA gels. (B) Traction stress measurements (Traction Force/Cell Area) of fibroblasts in Ctrl and +MV culture conditions on 1 (Ctrl: n=64, +MV: n=44), 5 (Ctrl: n=47, +MV: n=51), and 20 (Ctrl: n=39, +MV: n=42) kPa PA gels. N = 3 independent sets of PA gels and MV isolations. Plots are median ± the minimum and maximum values. (C) Representative traction stress maps of fibroblasts in Ctrl and +MV culture conditions on 1, 5, and 20 kPa PA gels. (D) Representative images of collagen gel contraction after 48 hours. (E) Collagen gel contraction by fibroblasts treated with serum-free media alone (Ctrl) or MVs (+MV) for 48 hours in non-glycated (n=12) or glycated (n=12) matrices. N = 4 independent sets of collagen gels and MV isolations. *p<0.05, **p<0.01, ****p<0.0001 from two-way ANOVA with Sidak test for multiple comparisons. N.s. not significant.

[bookmark: _Toc98254521]Cancer-cell derived MVs are significant regulators of fibroblast function independently of the overall cancer cell secretome. 
Cancer cells release a variety of components into the extracellular space, including cell motility factors, growth factors, proteases, and cytokines, in addition to extracellular vesicles357. As MVs are just one of the many components released from cancer cells, we sought to determine whether MVs are a physiology significant regulator of fibroblast function in the TME compared to the overall secretome. To compare the effects of MVs to other components of the cancer cell secretome, isolated MVs were resuspended in cancer cell conditioned media and applied to fibroblasts. On stiff 20 kPa PA gels, fibroblasts cultured with MVs suspended in conditioned media exhibited increased cell area (Figure 2.4A), traction force (Figure 2.4B), and traction stress (Figure 2.4C-D), compared to fibroblasts cultured with conditioned media alone. This data indicates that MVs are not outcompeted by other components of the cancer cell secretome.
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Figure 2.4. Cancer-cell derived MVs alter fibroblast function independently of other secreted factors. (A) Cell area of fibroblasts treated with conditioned media (CM) or conditioned media supplemented with MVs (CM + MV) for 24 hours on 20 kPa PA gels (CM: n=72, CM + MV: n=78). (B) Traction force measurements of fibroblasts in CM and CM + MV culture conditions on 20 kPa PA gels (CM: n=41, CM + MV: n=50) (C) Traction stress measurements (Traction Force/Cell Area) of fibroblasts in CM and CM + MV culture conditions on 20 kPa PA gels (CM: n=41, CM + MV: n=50). (D) Representative traction stress maps of fibroblasts in CM and CM + MV culture conditions on 20 kPa PA gels. N = 3 independent sets of PA gels and MV isolations. Plots are median ± the minimum and maximum values. ****p<0.0001 from student’s unpaired t-test.

[bookmark: _Toc98254522]MV-induced fibroblast activation is MV cell-type dependent. 
To determine whether the cell type from which the MVs are shed influences the matrix stiffness-dependent effect of MVs on fibroblasts, MVs were isolated from the MCF10A breast epithelial cells and MCF7 breast cancer cells, which are considered less aggressive than MDA-MB-213 cells. MCF10As, MCF7s, and MDA-MB-231 cells all released comparable numbers of MVs (Figure 2.5A). MVs isolated from MCF7 and MDA-MB-231 cells had similar size distributions, while MCF10A MVs shift towards larger diameters (Figure 2.5B). To investigate the effects of these MVs on fibroblast function, fibroblasts were cultured with MCF10A or MCF7 MVs on both 5 and 20 kPa PA gels. Fibroblasts cultured with MCF10A MVs exhibited no change in cell area, traction force, or traction stress on either 5 or 20 kPa PA gels (Figure 2.5C-F). Fibroblasts cultured with MCF7 MVs exhibited no change in cell area on either 5 or 20 kPa PA gels (Figure 2.5G), but cell contractility increased on stiff 20 kPa PA gels (Figure 2.5H-J). This data indicates that the effect of MVs on fibroblast function is cell-type dependent, as MVs from non-malignant epithelial cells had no influence upon fibroblast cell area or traction force. This data also suggests that the effect may be dependent upon cancer cell malignancy, as the magnitude of change in fibroblast contractility appeared to increase from non-malignant (MCF10A), to weakly metastatic (MCF7), to more aggressive (MDA-MB-231) cancer cells. However, MVs from additional cell lines from different cancer types would need to be tested to fully address this finding.   
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[bookmark: OLE_LINK4]Figure 2.5. MV-induced fibroblast activation is MV cell-type dependent. (A) Number of MVs released by MCF10A, MCF7, and MDA-MB-231 cancer cells. (B) MCF10A, MCF7, and MDA-MB-231 MV size distributions. N=3 independent MV isolations. (C) Cell area measurements of fibroblasts treated with serum-free media alone (Ctrl) or MCF10A MVs (+MCF10A MV) on 5 (Ctrl: n=67, +MCF10A MV: n=66) and 20 (Ctrl: n=75, +MCF10A MV: n=75) kPa PA gels. (D) Traction force measurements of fibroblasts in Ctrl and +MCF10A MV culture conditions on 5 (Ctrl: n=42, +MCF10A MV: n=33) and 20 (Ctrl: n=51, +MCF10A MV: n=49) kPa PA gels. (E) Traction stress measurements (Traction Force/Cell Area) of fibroblasts in Ctrl and +MCF10A MV culture conditions on 5 (Ctrl: n=42, +MCF10A MV: n=33) and 20 (Ctrl: n=51, +MCF10A MV: n=49) kPa PA gels. (F) Representative traction stress maps of fibroblasts in Ctrl and +MCF10A MV culture conditions on 5 and 20 kPa PA gels. (G) Cell area measurements of fibroblasts treated with serum-free media alone (Ctrl) or MCF7 MVs (+MCF7 MV) on 5 (Ctrl: n=63, +MCF7 MV: n=63) and 20 (Ctrl: n=68, +MCF7 MV: n=69) kPa PA gels. (H) Traction force measurements of fibroblasts in Ctrl and +MCF10A MV culture conditions on 5 (Ctrl: n=30, +MCF7 MV: n=30) and 20 (Ctrl: n=42, +MCF7 MV: n=40) kPa PA gels. (I) Traction stress measurements (Traction Force/Cell Area) of fibroblasts in Ctrl and +MCF10A MV culture conditions on 5 (Ctrl: n=30, +MCF7 MV: n=30) and 20 (Ctrl: n=42, +MCF7 MV: n=40) kPa PA gels. (J) Representative traction stress maps of fibroblasts in Ctrl and +MCF7 MV culture conditions on 5 and 20 kPa PA gels. N = 3 independent sets of PA gels and MV isolations. Plots are median ± the minimum and maximum values. *p<0.05, **p<0.01 from two-way ANOVA with Sidak test for multiple comparisons. N.s. not significant.

[bookmark: _Toc98254523]Discussion	
Recent evidence has highlighted the ability of EVs to transform epithelial and stromal cells to promote cancer progression. Specifically, exosomes have been implicated in the promotion of cancer cell migration, chemotaxis, tumorigenicity, and chemoresistance, and the transformation of stromal fibroblasts and macrophages to cancer-promoting states213,332,358–363. These phenotypes are the result of the transfer of oncogenic proteins from cancer cells, including mutant KRAS proteins, TGF-β1, and microRNA213,332,360,363. However, the effects of MVs, a distinct class of EVs released from the plasma membrane of cancer cells, on the TME are just beginning to be uncovered. Here, we show that MVs induce changes in fibroblast spreading, αSMA expression, proliferation, cell-generated traction forces, and collagen gel compaction. Importantly, the MV-induced phenotypes assessed in this study were enhanced with matrix stiffness. 
Our data suggests that matrix stiffness may prime non-transformed fibroblasts for activation by MV cargo. Previously, matrix stiffness was shown to sensitize various cells to respond to growth factors. Matrix stiffening was shown to sensitize cells to EGF, with implications in epithelial cell proliferation211. Similarly, increased matrix stiffness was shown to increase EGF-dependent growth in epithelial cells169. Additionally, matrix stiffness enhances VEGFR-2 internalization, signaling, and proliferation in endothelial cells212. As such, matrix stiffness may play a role in the sensitivity of fibroblasts to MV cargo.
Other than priming cells for response to MVs, the stiffness-dependent differences that we have identified may also be due to differences in MV uptake. Conflicting evidence exists as to whether endocytosis is altered with matrix stiffness. Epithelial cells cultured on varying PA gel stiffness showed increased nanoparticle uptake on 20 kPa PA gels relative to 1 kPa gels364. However, it has also been shown that epithelial cells cultured on soft matrices had significantly enhanced EV uptake, compared to tissue culture polystyrene365. Additionally, uptake of MK2 by mesothelial cells is increased on soft substrates, compared to stiff substrates366. As such, matrix stiffness may play a role in MV uptake by stromal cells; however, it is not yet clear and requires further investigation. 
 	Previously, matrix stiffness was identified as a central regulator of fibroblast activation and fibroblast-induced fibrosis in the lung. Specifically, TGF-β1 was shown to enhance fibroblast traction forces on stiff matrices mimicking fibrotic lung tissue, but not on matrices mimicking the stiffness of healthy lung tissue339. Additionally, YAP and TAZ were identified as mechano-activated regulators of the matrix stiffness-driven feedback loop that amplifies lung fibrosis367. Together, these results suggest a role for matrix stiffness in fibroblast-induced fibrosis of the lung, where the fibrotic ECM is both a cause and a consequence of fibroblast activation. We identify a similar phenomenon in the TME. We speculate that a feedback loops exists where matrix stiffness amplifies MV-induced fibroblast activation, which further stiffens the matrix to activate both fibroblasts and other cell types in the TME. As a whole, these results suggest that the compliance of healthy tissue may inhibit MV-induced fibroblast activation. 
	Interestingly, MV release from cancer cells is also likely regulated by matrix stiffness, further adding to the consequences of this feedback loop. Previously, MV shedding was determined to be regulated by the GTPase RhoA368. Significant evidence exists to suggest that RhoA activity in cells is highly regulated by matrix stiffness174. As such, it is likely that the increased matrix remodeling by MV-activated fibroblasts also results in increased MV release from cancer cells to further activate stromal cells. This feedback loop would then result in further matrix stiffening. 
Here, we focus on the primary TME; however, it is known that MVs have been identified in the circulation of cancer patients132. The transfer of exosomal contents to recipient cells is believed to play a role in the preparation of the premetastatic niche91,369. Exosomal integrins were found contribute to the premetastatic niche and direct organ-specific colonization by fusing with cells in a tissue-specific fashion, shown to play roles in brain, lung, and liver metastasis369. Additionally, exosomal microRNA associated with osteoblast differentiation was identified in cancer exosomes, believed to play a role in the preparation of the premetastatic niche for bone metastasis91. Interestingly, it has also been shown that CAFs in breast tumors select for cancer cell clones that are more equipped for bone metastasis370. Consequently, MVs released by the primary tumor may both travel to distant sites in the body to prime the pre-metastatic niche as well as activate fibroblasts surrounding the primary tumor involved in metastatic cell selection. Further studies are required to determine if the MV class of extracellular vesicles are identified in distant tissues. Based on our data, it is possible that MVs may play a role in the development of the pre-metastatic niche of stiffer tissues, such as breast to bone metastasis. While we focus here on contractility, it is also possible that MVs may induce the release of soluble signals from fibroblasts that may also play a role in priming. 
Overall, our work reveals a novel mediator in the bidirectional relationship between cancer cells and fibroblasts in the TME. As fibroblast activation is associated with cancer progression, cancer-derived MVs appear to play a role in transforming fibroblasts to an activated state to prime the TME for metastasis. We hypothesize that a matrix stiffness feedback loops exists in which MV-induced fibroblast activation further stiffens the matrix promote cancer progression. Additionally, the robust response of fibroblasts to culture with MVs on matrices ranging from 5-20 kPa highlights the sensitivity of fibroblasts to MV contents at the tumor periphery. Significantly, this region is where fibroblasts form tracks in the matrix or align fibers to promote cancer cell invasion. Future studies should assess the ability of cancer cells to sense MV-mediated fibroblast remodeling. 


[bookmark: _Toc98254524]CHAPTER 3: WEAKLY MIGRATORY METASTATIC BREAST CANCER CELLS ACTIVATE FIBROBLASTS VIA MICROVESICLE-ASSOCIATED TG2 TO FACILITATE DISSEMINATION AND METASTASIS

This chapter is in revision and is available on BioRxiv371 and has been reproduced with permission of the publisher and my co-authors.
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[bookmark: _Toc98254526]Abstract
Cancer cell migration is highly heterogeneous, and the migratory capability of cancer cells is thought to be an indicator of metastatic potential. It is becoming clear that a cancer cell does not have to be inherently migratory to metastasize, with weakly migratory cancer cells often found to be highly metastatic. However, the mechanism through which weakly migratory cells escape from the primary tumor remains unclear. Here, utilizing phenotypically sorted highly and weakly migratory breast cancer cells, we demonstrate that weakly migratory metastatic cells disseminate from the primary tumor via communication with stromal cells. While highly migratory cells are capable of single cell migration, weakly migratory cells rely on cell-cell signaling with fibroblasts to escape the primary tumor. Weakly migratory cells release microvesicles rich in tissue transglutaminase 2 (Tg2) which activate fibroblasts and lead weakly migratory cancer cell migration in vitro. These microvesicles also induce tumor stiffening and fibroblast activation in vivo and enhance the metastasis of weakly migratory cells. Our results identify microvesicles and Tg2 as potential therapeutic targets for metastasis and reveal a novel aspect of the metastatic cascade in which weakly migratory cells release microvesicles which activate fibroblasts to enhance cancer cell dissemination.
[bookmark: _Toc98254527]Introduction 
It is known that cancer cell migration in vivo can be highly heterogeneous with cells exhibiting a wide range of migratory phenotypes, including amoeboid, mesenchymal, single cell, and collective migration242,372,373. Even within a single population, cells can exhibit different migration phenotypes374–377 resulting from intrinsic cancer cell genetic differences378–381 and extrinsic factors, such as interactions with the extracellular matrix or stromal cells175,214,372,382–385. As the first step in the metastatic cascade involves the migration and invasion of cancer cells away from the primary tumor, migratory capability is largely believed to be an indicator of cancer progression229,386–388. However, it is now becoming clear that a cancer cell does not have to be inherently migratory to metastasize377,389–393. In fact, some of the highly metastatic phenotypes in breast and colorectal cancers are often less migratory than the weakly metastatic phenotypes, yet they are still able to enter the circulation as efficiently377,390,392–394. While enhanced clustering, survival, and proliferation have been suggested as potential mechanisms for why weakly migratory cells can outperform their highly migratory counterparts in the late stages of the metastatic cascade thus contributing to metastasis377,392, it is not clear how these weakly migratory cells can efficiently escape from the primary site.
To escape the primary site during local invasion, cancer cells navigate through a heterogeneous TME, where they interact with the extracellular matrix and a diverse collection of stromal cells. Chemical, physical, and metabolic interactions with the TME are known to alter the invasion capacity of cancer cells214,395,396. CAFs are a stromal cell in the TME that can lead and promote tumor cell invasion and metastasis through extracellular matrix (ECM) remodeling13,46,214,383,397–399. CAFs at the primary tumor are largely derived from fibroblasts that have been transformed to a more contractile, activated state14, and cancer-derived MV) have recently been implicated in fibroblast activation15–17. Thus, we hypothesized that while highly migratory cells can escape the primary tumor independently, CAFs facilitate weakly migratory cancer cell escape from the primary tumor.
Here, we identify a novel aspect of the metastatic cascade by which weakly migratory cancer cells release Tg2-rich MVs to activate fibroblasts and enhance cancer cell dissemination. Moreover, highly and weakly migratory cells release MVs which differentially signal to the TME. MVs from highly migratory cells have little effect on fibroblast activation, and highly migratory cells do not require activated fibroblasts to migrate. In contrast, MVs from weakly migratory cells are rich in Tg2 and activate fibroblasts which enhance fibroblast-led weakly cancer cell migration in vitro. These MVs also induce tumor stiffening and fibroblast activation in vivo and enhance the metastasis of weakly migratory cells. Our findings highlight MVs and Tg2 as potential targets for developing therapeutics to prevent metastasis.
[bookmark: _Toc98254528]Materials and methods
[bookmark: _Hlk98252088]Cell culture and reagents: MDA-MB-231 malignant mammary adenocarcinoma cells (HTB-26, ATCC, Manassas, VA), NIH 3T3 fibroblasts, and all modified cell lines were maintained in Dulbecco’s Modified Eagle’s Media (DMEM) (ThermoFisher Scientific, Waltham, PA) supplemented with 10% fetal bovine serum (FBS) (Atlanta Biologicals, Flowery Branch, GA) and 1% penicillin-streptomycin (ThermoFisher Scientific). MCF7 mammary adenocarcinoma cells (HTB-22; ATCC) were maintained in minimum essential medium (MEM) (ThermoFisher Scientific) supplemented with 10% FBS and 1% penicillin-streptomycin. All cells were cultured at 37°C and 5% CO2. Primary antibodies used were rabbit anti-flotillin-2 (3436; Cell Signaling Technology, Danvers, MA), mouse anti-α smooth muscle actin (M0851, DAKO, Santa Clara, CA), mouse anti-beta actin (A5316, Millipore Sigma, Burlington, MA), mouse anti-tissue transglutaminase 2 (ab2386, Abcam, Cambridge, UK), goat anti-fibronectin (sc6953, Santa Cruz, Dallas, TX), rabbit anti-fibronectin (F3648, Millipore Sigma), rabbit anti-focal adhesion kinase (3285, Cell Signaling Technology, Danvers, MA), rabbit anti p-focal adhesion kinase (Tyr397) (3283, Cell Signaling Technology), and mouse-anti GAPDH (MAB374, Millipore Sigma). Secondary antibodies used were HRP anti-rabbit (Rockland, Limerick, PA), HRP anti-mouse (Rockland), AlexaFluor 488 conjugated to donkey anti-goat (Life Technologies, Carlsbad, CA), AlexaFluor 488 conjugated to donkey anti-rabbit (Life Technologies), AlexaFluor 488 conjugated to donkey anti-mouse (Life Technologies), and AlexaFluor 568 conjugated to donkey anti-mouse (Life Technologies). Actin was stained using Texas Red Phalloidin (Life Technologies). 
Phenotypic sorting of MDA-MB-231 breast cancer cells: MDA-MB-231 breast cancer cells were phenotypically sorted based on their ability to migrate through a collagen gel on top of a Transwell insert as previously described377. Briefly, cancer cells were seeded on a thin layer of 1 mg/ml collagen (Corning, Corning, NY) on top of a Transwell insert with 8 μm pores (Greiner Bio-One, Kremsmunster, Austria). A serum gradient was applied and cancer cells were allowed to migrate for four days. After four days, highly migratory and weakly migratory cells were collected and reseeded in fresh Transwells. After 20 rounds of purification, cells that repeatedly migrated through the assay were termed ‘highly migratory’ (MDA+) and cells that never migrated through the assay were termed ‘weakly migratory’ (MDA-).
Modified cell lines: MDA+ and MDA- were stably transduced with either FUW-GFP-E2A-fluc or FUW-mCherry-E2A-rluc, both created in-house. NIH 3T3 fibroblasts were transduced with either Life-Act eGFP (#84383, Addgene, Watertown, MA) or FUW-mCherry-E2A-rluc. To generate a Tg2-knockdown and a scrambled control cell line, MDA- (GFP/luc) were subjected to lentiviral transduction with either the Tg2-targeting MISSION shRNA plasmid (SHCLND-NM_004613: TRCN0000272816) (MDA- (scr)) or the MISSION scr.1-puro scrambled control plasmid DNA (SHC001; Millipore Sigma) (MDA- (shTg2)). To generate Tg2 overexpressing cell lines, MDA+ and MCF7 were stably transduced with an FUW-Tg2 plasmid created in-house.
Orthotopic mammary metastasis mouse model : Orthoptic injection of NOD SCID gamma (NSG) mice was conducted as previously described377. Briefly, female NSG mice, 6-8 weeks of age, were injected subcutaneously at the fourth mammary fat pad with either MDA+, MDA-, MDA- (scr), or MDA- (shTg2), lentivirally transduced with GFP and firefly luciferase tags. In mouse experiments with MVs, either serum-free media alone or approximately 1*107 MV- suspended in serum-free media were injected subcutaneously at the primary tumor site every three days from one to six weeks post cancer cell injection. For bioluminescent imaging, mice were injected with 30 mg/mL D-luciferin (Gold-Bio, St Louis, MO) and imaged weekly on an IVIS Lumina III Series (Caliper LifeSciences, Hopkinton, MA). After 4-6 weeks, primary tumors were removed using sterile surgical technique. Primary tumor size was measured with calipers. Primary tumors were cut in half and either snap-frozen in dry ice or fixed with 4% v/v paraformaldehyde (Electron Microscopy Sciences, Hartfield, PA). At the endpoint, mouse lung and liver were collected and fixed in 4% v/v paraformaldehyde for 24 hours and sent to the Vanderbilt Tissue Pathology Shared Resource for paraffin embedding and sectioning. 
Atomic force microscopy of primary mouse tumors: Primary tumor samples cryopreserved in O.C.T compound were cut into 20 μm sections. Prior to AFM stiffness measurements, samples were thawed at room temperature for 3 minutes, and maintained in 1X Halt Protease Inhibitor Cocktail (78438, ThermoFisher Scientific). A thermoplastic coverslip (ThermoFisher Scientific) with a 6 μm biopsy punch hole was superglued on top of the tumor section. An ImmEdge hydrophobic pen (Vector Laboratories, Burlingame, CA) was used to draw a small circle around the biopsy punch hole. AFM measurements were performed using a MFP3D-BIO inverted optical AFM (Asylum Research, Santa Barbara, CA), with an inverted fluorescent Zeiss Observer Z.1 microscope with a 10x/0.3 N.A. objective. A silicon nitride cantilever with a 5 μm diameter spherical borosilicate glass tip and a spring constant of 0.06 N/m (Novascan Technology, Boone, IA) was used. Samples were indented at a 2 μm/second loading rate, with a maximum indentation force of 5 nN. To obtain tumor stiffness measurements, IGOR PRO Software (Asylum Research) was used. At least two force maps of each primary tumor sample were obtained. AFM data was fit to a Hertz model with a Poisson’s ratio of 0.5.
qPCR of tumors Snap frozen primary tumors were prepared for RNA isolation by TRIZOL digestion and subsequent homogenization using a TissueLyser II (Qiagen, Hilden, Germany) with a 5 mm stainless steel bead for 2 min at 30 Hz. After homogenization, samples were incubated at room temperature for 5 minutes in TRIZOL. Chloroform was added to the homogenized sample and incubated at room temperature for 3 minutes. Samples were centrifuged at 10,000 x g for 30 minutes at 4C. The upper aqueous phase was separated and mixed with 70% ethanol. RNA was subsequently isolated using the RNeasy Mini Kit (Qiagen). DNA was synthesized from RNA using the iScript cDNA Synthesis Kit (Bio-Rad Laboratories, Hercules, CA). qPCR was performed with the iQ SYBR Green Supermix (Bio-Rad Laboratories) per manufacturer protocols. The primer sequences for each gene are listed in Supplementary Table 1. 
Table 3.1. Primer sequences used for quantitative real-time PCR.
	Gene
	Forward Primer (5’-3’)
	Reverse Primer (5’-3’)

	Acta2
	TGTAGCCCTGGCCTAGCAAC
	TGCCATCCATGCCTGGGAATA  

	Fap
	GTGGAAGACAGACTTGCTTCTTTT  
	CAGGTTTGTAAACTCTTGAGGGACG  

	Pdgfrα
	AAACCCGGTGGGTGTCCTAA  
	CGGGATCCATCCAAGCCATCA  

	Pdgfrβ
	CCCTCGAGGAAAGCCCTTGG  
	GACCTTCCCGAGGCAGAGTT  

	Gapdh
	CTGGTAAAGTGGATATTGTTGCCAT
	TGGAATCATATTGGAACATGTAAACC

	Col1A1
	CTGGACAGCCTGGACTTC
	TTCATCATAGCCATAGGACATC

	Fn
	CAGAAATGACCATTGAAGGT
	ATGAGTCCTGACACAATCAC

	Col4A1
	GAAGGGTAGCATCGGGGGAC
	GTGGCCCTATTCCTGGGACC

	Tenascin C
	ACCATGCTGAGATAGATGTTCCAAA
	CTTGACAGCAGAAACACCAATCC

	Periostin
	TGCTGCCCTGGCTATATGAG
	GTAGTGGCTCCCACAATGCC


Immunohistochemical staining of mouse tissues: Primary tumors were fixed, paraffin-embedded, and mounted into 5 μm thick sections at the Vanderbilt Tissue Pathology Shared Resource. For collagen staining, tumors were stained using the picrosirius red stain kit (Polysciences Inc., Warrington, PA). For fibronectin staining, tumors were stained using the Abcam IHC-Paraffin Protocol. Briefly, 5 μm thick sections of primary tumors were deparaffinized and rehydrated using a series of washes of xylene, ethanol, and water. Heat-induced epitope retrieval was completed using a sodium citrate buffer. Tumor sections were blocked for 2 hours in tris buffered saline (TBS) + 10% fetal bovine serum + 1% bovine serum albumin at room temperature. Samples were incubated overnight in rabbit anti-fibronectin (1:500) in TBS + 1% bovine serum albumin. After washing, samples were incubated in TBS + 0.3% hydrogen peroxide for 15 minutes to suppress endogenous peroxidase activity. Samples were incubated in HRP anti-rabbit (1:200) for 1 hour. Staining was developed using the DAB chromogen (8059S, Cell Signaling Technology) and samples were subsequently counterstained using Mayer’s hematoxylin (Millipore Sigma). Tumor samples were then dehydrated, cleared, and mounted. Anti-GFP staining of liver and lungs was completed by the Vanderbilt Tissue Pathology Shared Resource. Whole slide imaging and quantification of immunostaining were performed in the Digital Histology Shared Resource at Vanderbilt University Medical Center (www.mc.vanderbilt.edu/dhsr).
Immunofluorescent staining of mouse tissues: Primary tumors were frozen and cut into 20 μm thick sections at the Vanderbilt Tissue Pathology Shared Resource. Tumor sections were thawed, fixed for 10 minutes in 4% v/v paraformaldehyde, and permeabilized in 1% Triton X-100 (Millipore Sigma). Sections were blocked for 2 hours in PBS + 10% fetal bovine serum + 5% donkey serum + 5% goat serum. Samples were incubated overnight in mouse anti-αSMA (1:200). After washing, samples were incubated in AlexaFluor 568 conjugated to donkey anti-mouse (1:200) and DAPI (1:500) for 2 hours. Sections were mounted for imaging using Vectashield Mounting Media (Vector Laboratories). Sections were imaged with a 10x/0.3 N.A. objective on a Zeiss LSM800 confocal laser-scanning microscope.
MV isolation and characterization: MVs were isolated as previously described. MDA-MB-231 and MCF7 were incubated overnight in serum-free media. The conditioned media was removed from the cells and centrifuged at 400 RPM. The supernatant was removed and again centrifuged at 400 RPM. The medium was then filtered through a 0.22 μm SteriFlip filter unit (Millipore Sigma) and rinsed with serum-free media. The MVs retained by the filter were resuspended in serum-free media. Nanoparticle tracking analysis (ZetaView ParticleMetrix, Germany) was used to determine the size and number of isolated MVs.
Western blotting: Isolated MVs were rinsed with PBS on a 0.22 μm SteriFlip filter unit and lysed with Laemmli buffer. MDA+, MDA-, and NIH 3T3 fibroblasts were lysed with Laemmli buffer. For T101 experiments, MV- were incubated for 30 minutes with either DMSO or 10 µM T101. MVs were re-filtered and resuspended in serum-free media. NIH 3T3 fibroblasts were cultured with either MV- (DMSO) or MV- (T101) for 24 hours before lysis with Laemmli buffer. All lysates were resolved by SDS-PAGE and transferred to PVDF membranes. Transferred membranes were blocked with either 5% milk or 5% bovine serum albumin in TBS-Tween. Membranes were incubated overnight in mouse anti-α smooth muscle actin (1:1000), rabbit anti-flotillin-2 (1:1000), mouse anti-tissue transglutaminase 2 (1:1000), rabbit anti-focal adhesion kinase (1:1000), rabbit anti-phospho focal adhesion kinase (1:1000), and mouse anti-GAPDH (1:2000) at 4°C. Membranes were then incubated in horseradish peroxidase-conjugated secondary antibody (1:2000) in 5% milk or 5% bovine serum albumin in TBS-Tween for 1 hour at room temperature. Samples were imaged with an Odyssey Fc (LI-COR Biosciences, Lincoln, NE) after the addition of SuperSignal West Pico or West Dura Chemiluminescent Substrates (ThermoFisher Scientific). 
Polyacrylamide gel preparation: Polyacrylamide (PA) gels were fabricated as described elsewhere340. Briefly, the ratio of acrylamide (40% w/v; Bio-Rad, Hercules, CA) to bis-acrylamide (2% w/v; Bio-Rad) was varied to tune gel stiffness to 20 kPa, previously shown to enhance fibroblast response to MVs17. 20 kPa PA gels were fabricated using an acrylamide: bis-acrylamide ratio of 12%:0.19%. PA gels were coated with 0.1 mg/ml rat tail type I collagen (Corning). 
Fibronectin immunofluorescence and analysis: NIH 3T3 fibroblasts were seeded on 20 kPa PA gels in 1.6 mL of DMEM + 1% FBS. Cells were treated with either 400 μL of serum-free media or approximately 3*107 MVs suspended in 400 μL serum-free media for 24 hours. Cells were first fixed with 3.2% v/v paraformaldehyde and subsequently permeabilized with a 3:7 ratio of methanol to acetone. Cells were incubated with goat anti-fibronectin (1:100) overnight. The cells were washed and incubated with AlexFluor 488 conjugated to donkey anti-goat (1:200), TexasRed phalloidin (1:500), and DAPI (1:500) for 1 hour. To image, gels were inverted onto a drop of Vectashield Mounting Media placed on a glass slide. Fluorescent images were acquired with a 20x/1.0 N.A. water-immersion objective on a Zeiss LSM700 Upright laser-scanning microscope. Cells stained with phalloidin were outlined in ImageJ to calculate cell area. Area of fibronectin was measured by using the threshold function in ImageJ to calculate area of positive stain. The ratio of fibronectin area to cell area was calculated.
Phalloidin and αSMA immunofluorescence and analysis: NIH 3T3 fibroblasts were seeded on 20 kPa PA gels in 1.6 mL of DMEM + 1% FBS. Cell media was additionally supplemented with either 400 μL of serum-free media or approximately 3*107 MVs suspended in 400 μL serum-free media. After 24 hours, cells were fixed with 3.2% v/v paraformaldehyde and permeabilized with 1% Triton X-100. Cells were blocked with 3% bovine serum albumin in 0.02% Tween in PBS and then incubated for 3 hours at room temperature with mouse anti-alpha smooth muscle actin (1:100). After being washed, cells were incubated for 1 hour with AlexaFluor 488 conjugated to donkey anti-mouse (1:200). The cells were washed and F-actin and nuclei were stained with TexasRed phalloidin (1:500) and DAPI (1:500), respectively. To image, gels were inverted onto a drop of Vectashield Mounting Media placed on a glass slide. Fluorescent images were acquired with a 20x/1.0 N.A. water-immersion objective on a Zeiss LSM700 Upright laser-scanning microscope.
EdU proliferation assay: NIH 3T3 fibroblasts were serum-starved for 6 hours and subsequently seeded on 20 kPa PA gels in 1.6 mL of DMEM + 1% FBS. Cell media was additionally supplemented with either 400 μL of serum-free media or approximately 3*107 MVs suspended in 400 μL serum-free media. After 24 hours, 10 μM 5-ethynyl-2’-dexoyuridine (EdU, ThermoFisher Scientific) was added to the culture media for 2 hours. Cells were fixed with 3.2% v/v paraformaldehyde and stained with the Click-iT EdU Kit (ThermoFisher Scientific) following the manufacturer’s instructions. Nuclei were counterstained with DAPI (1:500). Cells were imaged with a 20x/1.0 N.A. water-immersion objective on a Zeiss LSM700 Upright laser-scanning microscope. The percentage of EdU incorporation was calculated as the ratio of EdU positive cells to the total number of cells.
Traction force microscopy: Traction force microscopy was performed as previously described167. Briefly, 20 kPa PA gels, embedded with 0.5 μm diameter fluorescent beads (ThermoFisher Scientific), were prepared. NIH 3T3 fibroblasts were allowed to adhere for 24 hours in 1.6 mL of DMEM + 1% FBS supplemented with either 400 μL of serum-free media or approximately 3*107 MVs suspended in 400 μL serum-free media. After 24 hours, phase contrast images of fibroblasts and fluorescent images of the beads at the surface of the PA gel were acquired. Fibroblasts were removed from the PA gel using 0.25% trypsin/EDTA (Life Technologies) and a fluorescent image of the beads was acquired after cell removal. Bead displacements between the stressed and null states and fibroblast area were calculated and analyzed using the LIBTRC library developed by M. Dembo (Dept. of Biomedical Engineering, Boston University)342. Outliers were removed using the ROUT method with Q = 0.2%.
Spheroids: MDA-MB-231, MCF7, and/or NIH 3T3 fibroblasts, transduced with either GFP or mCherry, were resuspended in spheroid compaction media containing 0.25% methylcellulose (STEMCELL, Vancouver, Canada), 4.5% horse serum (ThermoFisher Scientific), 18 ng/mL EGF (ThermoFisher Scientific), 90 ng/mL cholera toxin (Millipore Sigma), 90 U/mL penicillin (Life Technologies), and 90 ug/mL streptomycin (Life Technologies) in DMEM/F12 (ThermoFisher Scientific). A 2:1 ratio of cancers cells to fibroblasts (1:1 for MCF7:3T3 spheroids) were added to wells of a round-bottom 96 well plate to generate 5,500 cell spheroids. The plate was centrifuged at 1100 rpm for 5 minutes at room temperature and subsequently incubated at 37 degrees for 72 hours (24 hours for MCF7+3T3 spheroids) to allow for spheroid compaction. 
After spheroid compaction, spheroids were embedded into 4.5 mg/mL collagen gels. Briefly, 4.5 mg/mL collagen gels were generated by mixing 10 mg/ml stock collagen (Rockland), 0.1% acetic acid, culture media, 10x HEPES (Millipore Sigma), and 1 N NaOH (Millipore Sigma) and added to wells of a 24 well plate. Compacted spheroids were placed into the middle of the collagen gel without touching the bottom of the well plate. The embedded spheroids were placed in a 37°C incubator for 10 minutes to polymerize, then the plate was flipped upside-down for another 30 minutes to avoid spheroid adhesion on the bottom of the well. Spheroids were rehydrated every 24 hours with 300 μL of 1% DMEM and supplemented with either 200 μL of serum-free DMEM or 1.5*107 MVs suspended in 200 μL serum-free DMEM. Spheroids were imaged every 24 hours for 48 hours (72 hours for MCF7+3T3 spheroids) using a Zeiss LSM800 inverted confocal microscope equipped with an environmental control chamber. Spheroid images were captured using a 10X/0.3 NA objective. The projected spheroid area, the spheroid diameter, and the maximum cancer cell migration distance from the spheroid core was measured. The expansion index (Ai/A0-1) was calculated to quantify spheroid outgrowth.
iTRAQ Proteomics and Analysis: After MV isolation, MVs were lysed in a buffer composed of 2% Nonidet P-40 (Millipore Sigma), 0.5% sodium deoxycholate (Millipore Sigma), 300 mM sodium chloride (Millipore Sigma), and 50 mM Tris pH 8. Lysates were incubated for 30 minutes at 4°C and centrifuged at 14,000 x g for 15 minutes at 4°C to pellet non-solubilized proteins. iTRAQ proteomics of lysates was completed by the Vanderbilt Mass Spectrometry Research Center Proteomics Core. Briefly, enzyme digestion of lysates was used to generate proteolytic peptides. MV+ and MV- peptides were labeled with 117 and 115 iTRAQ reagents, respectively. Samples were subsequently mixed, fractioned using liquid chromatography, and analyzed via tandem mass spectrometry. A database search using the fragmentation data identified the labeled peptides and their corresponding proteins. Protein set enrichment analysis was completed using the PSEA-Quant algorithm400. The REVIGO web tool was used to remove redundant GO terms401.
Statistical analysis: All statistical analysis was performed using GraphPad Prism 7 (GraphPad Software, La Jolla, CA) or Excel 2016 (Microsoft, Redmond, WA). Where appropriate, data were compared with a student’s t-test or with a two-way analysis of variance (ANOVA) with Sidak multiple comparisons test. All data is reported as mean ± standard error (SE) unless otherwise notated.
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[bookmark: _Toc98254530]Highly and weakly migratory breast cancer subpopulations form tumors with distinct matrix and fibroblast populations
To investigate the mechanism through which weakly migratory cells locally invade and disseminate, MDA-MB-231 breast cancer cells were phenotypically sorted based on migration through a collagen coated transwell377. Twenty rounds of sorting resulted in the isolation of two stable subpopulations of breast cancer cells: highly migratory MDA+ and weakly migratory MDA- (Fig. 3.1A). Consistent with our previous in vivo findings377, highly and weakly migratory tumors grew at comparable rates (Fig. 3.1B-C) and the highly migratory MDA+ subpopulation was weakly metastatic in an orthotopic mouse model while the weakly migratory MDA- subpopulation was highly metastatic (Fig. 3.1D). Given the differing migratory and metastatic capabilities of MDA+ and MDA-, we sought to characterize the tumor microenvironment formed by highly and weakly migratory cell in vivo to determine the impact of the tumor microenvironment on cancer cell dissemination and subsequent metastasis. 
Since increased collagen and fibronectin deposition and increased tumor stiffness have been linked to tumor progression52,402,403, we investigated the mechanical properties of MDA+ and MDA- tumors to assess whether altered tumor matrix mechanics may contribute to metastatic potential. Based on Atomic Force Microscopy measurements, MDA- primary tumors exhibited significantly higher tumor stiffness compared to MDA+ tumors (Fig. 3.1E). qPCR of tumors revealed significantly higher amounts of mouse-derived matrix, including collagen I (Col1A1), fibronectin 1 (Fn1), collagen IV (Col4A1), tenascin-C (Tnc), and periostin (Postn), in MDA- tumors compared to MDA+ tumors (Fig. 3.1F). Similarly, increased collagen and fibronectin was evident via immunohistochemical staining in MDA- tumors compared to MDA+ tumors (Fig. 3.1G). These results indicate that the weakly migratory, highly metastatic MDA- form stiffer tumors with increased ECM. 
Given that MDA- produce stiffer tumors than MDA+, and CAFs are a major stromal component of breast tumors that mediate matrix deposition404, we investigated the CAF component of tumors from each subpopulation. MDA- tumors exhibited increased levels of several CAF markers, including α-smooth muscle actin (Acta2), fibroblast activation protein (Fap), and platelet-derived growth factors α and β (Pdgfrα, Pdgfrβ) (Fig. 1h). MDA- tumors also exhibited an increased fraction of αSMA positive tissue area compared to MDA+ tumors (Fig. 3.6I-J). Given that αSMA is the primary marker of myofibroblast-like CAFs (myCAFs), that myCAFs and matrix-CAFs (mCAFs) express high levels of FAP, PDGFRα, and PDGFRβ 405–407, and that myCAFs are highly contractile and deposit high levels of ECM 406,408, these results suggest that MDA- tumors are enriched for a myCAF-like fibroblast population. These findings reveal that the weakly migratory, highly metastatic MDA- primary tumors have increased myCAF-like fibroblasts. 
Since MDA- tumors are stiffer and have a larger population of CAFs compared to MDA+ tumors, we investigated the mechanisms by which MDA- may activate fibroblasts using RNA-seq. Previously published genes involved in cancer cell-induced fibroblast activation409–412 were used to generate a Stroma-Activating Score (Fig. 3.1K-L).  No significant difference in Stroma-Activating Score was calculated between MDA+ and MDA- (Fig. 3.1L). However, when separated into several Stroma-Activating Groups (Inflammatory, Matrix Ligands, Cell-Cell Adhesion, and Secreted), MDA+ scored significantly higher on Matrix Ligands, while MDA- scored significantly higher on Cell-Cell Adhesion and Secreted genes (Fig. 3.1M-P). This suggests that MDA- mediate fibroblast activation through Cell-Cell Adhesions and Secreted factors. To further investigate the secreted factors that may influence fibroblast activation, RNA-seq counts of genes involved in fibroblast activation through secreted factors was assessed (Fig. 3.1Q). Both TGFB2 and TGM2 were significantly enriched in MDA- compared to MDA+. These findings reveal that MDA- may activate fibroblasts through secreted factors. 
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Figure 3.1. Highly and weakly migratory breast cancer subpopulations form tumors with distinct matrix and fibroblast populations. (a) Schematic of phenotypic sorting. (b) Timeline of orthotopic mammary metastasis model. (c) Normalized average irradiance of MDA+ and MDA- primary tumors (N=3 mice). (d) Representative BLI of MDA+ and MDA- metastasis. (e) AFM stiffness measurements of MDA+ and MDA- primary tumors. (N=3+ tumors per condition; n = 254, 280). (f) Relative mRNA expression of mouse-derived matrix components in MDA+ and MDA- primary tumors. (N=4 tumors per condition). (g) Immunohistochemical staining of collagen and fibronectin in MDA+ and MDA- primary tumors. (h) Relative mRNA expression of stromal CAF markers in MDA+ and MDA-. (N=4 tumors per condition). (i) Fraction of tumor area positive for αSMA (N=4). (j) Representative images of αSMA (red) and DAPI (blue) in MDA+ and MDA- tumors. (k) Stroma-Activating Score Group genes identified in RNAseq of MDA+ and MDA-. (l) Stroma-Activating Score of MDA+ and MDA- (N=3). (m) Inflammatory Score of MDA+ and MDA- (N=3). (n) Matrix Score of MDA+ and MDA- (N=3). (o) Cell-Cell Adhesion Score of MDA+ and MDA- (N=3). (p) Secreted Score of MDA+ and MDA- (N=3). (q) Inflammatory Score of MDA+ and MDA- (N=3). Secreted Score of MDA+ and MDA-, separated by gene (N=3). mRNA graphs show mean + individual data points. Bar graphs shown mean +/- SEM. P-values determined using an unpaired Student’s t-test.

[bookmark: _Toc98254531]MVs released from weakly migratory cancer cells are potent activators of fibroblasts in vitro
Since our data indicate that MDA- may activate fibroblasts using secreted factors, and it is known that MVs can induce fibroblast activation15,17, we compared the MVs released from MDA+ and MDA-. MVs were collected from the MDA+ and MDA- subpopulations after culture in serum-free conditions. Isolated MVs were purified using centrifugation and size-based filtration and termed MV+ and MV-, respectively. MDA- released significantly more MVs than MDA+ (Fig. 3.2A) but both MV+ and MV- had similar size distributions and were within the expected 200 nm – 1 µm range (Fig. 3.2B). To probe MV signaling to fibroblasts, fibroblast phenotypes associated with fibroblast activation and cancer progression were examined after culture with MV+ and MV- on 20 kPa polyacrylamide gels, representing the stiffness of breast ECM at the tumor periphery8 (Fig. 3.2C). MV- caused focal adhesion kinase (FAK) Tyr397 phosphorylation in fibroblasts, as increased FAK phosphorylation (pFAK) was evident in fibroblasts cultured with MV- compared to control and MV+ conditions (Fig. 3.2D-E), consistent with previous findings that MDA-MB-231 MVs regulate fibroblast FAK activation15. Additionally, fibroblasts cultured with MV- exhibited increased α-smooth muscle actin (αSMA) expression, a marker of fibroblast activation, and cell area compared to both control and MV+ conditions (Fig. 3.2F-H, Supp. Fig. 3.1A). Fibroblasts cultured with MV+ displayed no change in αSMA expression or cell area compared to control conditions (Fig. 3.2F-H, Supp. Fig. 3.1A). Fibroblasts cultured with MV- also displayed increased positive fibronectin staining (Fig. 3.2I, Supp. Fig. 3.1B-C), suggesting the MV- increased fibronectin deposition by fibroblasts. Fibroblasts cultured with MV- exhibited increased EdU incorporation compared to MV+ and control conditions, indicative of increased proliferation (Fig. 3.2J, Supp. Fig. 3.1D). Increased traction force and traction stress was evident in fibroblasts cultured with MV-, compared to control conditions, but not in fibroblasts cultured with MV+ (Fig. 3.2K, Supp. Fig. 3.1E-F). Overall, this data indicates that MV- activate fibroblasts to a more proliferative, contractile state compared to MV+ and control conditions.  

[bookmark: _Hlk83627927][bookmark: _Hlk83627928][bookmark: _Hlk83627952]Figure 3.2. MV- are potent activators of fibroblasts in vitro. (a) Number of MVs released from MDA+ and MDA- per hour (N=19, 16). (b) Size distribution of MVs isolated from MDA+ and MDA-. (c) Schematic overviewing fibroblast culture with MVs. (d) Western blot of pFAK, FAK, and GAPDH in fibroblasts cultured in cultured in control conditions (Ctrl), with MV+ (+MV+), or with MV- (+MV-). (e) Quantification of western from (d) (N=3). (f) Western blot of αSMA and GAPDH in fibroblasts cultured in in Ctrl, +MV+, or +MV- conditions (g) Quantification of western from (f) (N=4). (h) Fibroblast cell area after culture in Ctrl, +MV+, or +MV- conditions. (N=3; n=69, 75, 77). (i) Area of fibronectin deposited per fibroblast cultured in Ctrl, +MV+, or +MV- conditions. (N=3; n=66, 66, 61). (j) Percentage of fibroblasts EdU positive after culture in Ctrl, +MV+, or +MV- conditions. (N=3). (k) Fibroblast traction force after culture in Ctrl, +MV+, or +MV- conditions. (N=3; n=41, 57, 58). (l) Representative images of spheroid outgrowth 48 hours post embedding. MDA- (red); 3T3 fibroblast (gray). (m) Spheroid area index 48 hours post embedding. (N=3+; n=22, 31, 32, 22, 19). (n) Time series images of fibroblast leading MDA- escape from spheroid. (o) Spheroid area index 48 hours post embedding. (N=3+; n=28, 62, 34, 28). (p) Representative images of spheroid outgrowth 48 hours post embedding. MDA+ (green); 3T3 fibroblast (gray). Bar graphs show mean +/- SEM. Box and whisker plots show median and 25th-75th (box) and 10th-90th (whiskers) percentiles. P-values determined using an unpaired Student’s t-test or a one-way ANOVA with Tukey’s test for multiple comparisons. 

Supplemental Figure 3.1. (a) Representative images of fibroblast cell area (red) and αSMA expression (green) after culture in control conditions (Ctrl), with MV+ (+MV+), or with MV- (+MV-). (b) Representative images of fibroblast fibronectin deposition after culture in Ctrl, +MV+, or +MV- conditions. Actin (red); fibronectin (green); DAPI (blue). (c) To ensure that the increased fibronectin area was not a result of increased fibroblast spreading, fibronectin area was normalized to cell area. (N=3; n=66, 66, 61). (d) Representative images of fibroblast EdU incorporation after culture in Ctrl, +MV+, or +MV- conditions. DAPI (blue); EdU (green). (e) Fibroblast traction stress (calculated as fibroblast traction force / cell area) after culture in Ctrl, +MV+, or +MV- conditions. (N=3; n=41, 57, 58). (f) Representative fibroblast traction stress maps. (g) Schematic of spheroid outgrowth measurements. (h) Maximum distance of cancer cell migration away from spheroid core 48 hours post spheroid. (N=3+, n=22, 31, 32, 22, 19) (i) Maximum distance of cancer cell migration away from spheroid core 48 hours post spheroid embedding. (N=3, n = 19, 18, 17) (j) Maximum distance of cancer cell migration away from spheroid core 48 hours post spheroid embedding. (N=3+; n=28, 32, 54, 24). Bar graphs show mean +/- SEM.  Box and whisker plots show median and 25th-75th (box) and 10th-90th (whiskers) percentiles. P-values determined using a one-way ANOVA with Tukey’s test for multiple comparisons.

[bookmark: _Toc98254532]MV-mediated fibroblast activation increases weakly migratory cancer cell migration
CAFs enable cancer cell migration and metastasis, in part, through matrix remodeling at the primary tumor13,46,214,383,397–399. Given that our data indicate that MDA- cells induce fibroblast activation through the release of MV, we investigated whether MV-activated fibroblasts could promote the migration of MDA- in a tumor spheroid model. After 48 hours of culture, MDA- spheroids exhibited minimal spheroid outgrowth, measured using a spheroid area index (A48h/A0h-1) (Fig. 3.2L-M, Supp. Fig. 3.1G-H), while MDA+ spheroids exhibited high levels of spheroid outgrowth (Fig. 3.2O-P, Supp. Fig. 3.1G, J), consistent with our previous findings377. Coculture of MDA- or MDA+ with 3T3 fibroblasts (MDA-+3T3, MDA++3T3) resulted in significantly enhanced spheroid outgrowth compared to cancer cells alone (Fig. 3.2L-M, O-P, Supp. Fig. 3.1G-H, J). MDA-+3T3 spheroids displayed fibroblast-led strands of MDA- migration away from the spheroid, suggesting that the fibroblasts physically lead the migration of MDA- through the matrix (Fig. 3.2N). Importantly, MDA-+3T3 spheroids cultured with MV- exhibited significantly enhanced spheroid outgrowth and MDA- migration distance, compared to MDA-+3T3 control spheroids (Fig. 3.2L-M, Supp. Fig. 3.1G-H). MDA-+3T3 spheroids cultured with MV+ also showed increased outgrowth compared to MDA-+3T3 spheroids, but this outgrowth was significantly less than that induced by MV- (Fig. 3.2L-M, Supp. Fig. 3.1G-H). Interestingly, MDA++3T3 spheroids cultured with MV+ or MV- exhibited no change in spheroid outgrowth and MDA+ migration distance compared to control conditions (Fig. 3.2O-P, Supp. Fig. 3.1G, J). This result suggests that MDA+ are capable of robust migration independently of MV-mediated fibroblast signaling. When MV- were applied to MDA- only spheroids, no increase in spheroid outgrowth was observed, highlighting the necessity of fibroblasts for this MV-induced cancer cell migration (Fig. 3.2L-M, Supp. Fig. 3.1G-H). Additionally, MDA- spheroids cultured with fibroblast conditioned media or MV--treated fibroblast conditioned media displayed no change in spheroid outgrowth (Supp. Fig. 3.1I), indicating that fibroblast-enhanced cancer cell migration is not a result of secreted factors but rather due to physical interactions. Altogether, these results indicate that MV- are potent activators of fibroblasts and that MV--induced fibroblast activation mechanically feeds back to induce the migration of MDA-.

Figure 3.3. Phenotypically sorted breast cancer subpopulations release MVs with distinctly different contents. (a) Comparison of protein expression between MV+ and MV-. Enriched in MV+ = FC≥1.1; similar expression = 0.9<FC<1.1; enriched in MV- = FC≤0.9. (b) Fibroblast-activating proteins identified in proteomics of MV+ and MV-. P-value cut-off of 0.01 indicated with red-dotted line. (c) Matrix remodeling proteins identified in in proteomics of MV+ and MV-. P-value cut-off of 0.01 indicated with red-dotted line. (d) Significantly upregulated genes (p<0.01) in MV+ and MV- involved in fibroblast activation and matrix remodeling. (e) Western blot of Tg2 and GAPDH in MDA+ and MDA-. (f) Quantification of western in (e) (N=6). (g) Western blot of Tg2 and Flot-2 in MV+ and MV-. (h) Quantification of western in (g) (N=3). Proteomics graphs show log2 Fold Change of MV+:MV- and each data point represents a protein. Bar graphs shown mean +/- SEM. P-values of bar graphs determined using an unpaired Student’s t-test. 

Supplemental Figure 3.2. (a) Comparison of proteomics of MV+ and MV- to Exocarta and Vesiclepedia databases. (b) GO annotations for proteins enriched in MV+. (c) GO annotations for proteins enriched in MV-. (d) Western blot of Fn and Flot-2 in MV+ and MV-. (i) Western blot of Tg2 and GAPDH in MDA-, MDA- (scr), and MDA- (shTg2). 

[bookmark: _Toc98254533]Highly and weakly migratory breast cancer cells release MVs with distinctly different contents
To determine the MV cargo responsible for the activation of fibroblasts by the MDA- cells, iTRAQ proteomics was completed on MV+ and MV-. Identified proteins were compared to Exocarta and Vesiclepedia EV databases and exhibited significant overlap with both EV databases (Supp. Fig. 3.2A). Proteomics data suggests that MV cargo was different between highly migratory and weakly migratory subpopulations of breast cancer cells, with 26.8% of the identified proteins being more highly expressed by MV+ (FC≥1.1) and 29.8% being more highly expressed by MV- (FC≤0.9) (Fig. 3.3A). 43.4% of identified proteins were similarly expressed between both MV populations (0.9<FC<1.1) (Fig. 3.3A). Protein set enrichment analysis (PSEA) of MV+ and MV- cargo was performed using the PSEA-Quant algorithm400. PSEA revealed different GO annotations for MV+ and MV- protein expression (Supp. Fig. 3.2B-C). Of note, MV+ were enriched for cargo involved in biological adhesion, cell adhesion, location, and cell motility (Supp. Fig. 3.2B). MV- were enriched for cargo involved in various metabolic and catabolic processes and vesicle-mediated transport (Supp. Fig. 3.2C). These findings indicate that cancer cells with varying migratory ability release MVs with distinctly different cargo. 
Expression of proteins involved in fibroblast activation and matrix remodeling was assessed using proteomics (Fig. 3.3B-C). The fibroblast-activating proteins TGM2, TGFB1, TGFB2, NOTCH2, and S100A11 were identified in MV+ and MV- (Fig. 3.3B). MV- had significantly higher expression of TGM2 compared to MV+ while TGFB1, TGFB2, NOTCH2, and S100A11 had no significant difference in expression between MV+ and MV- (Fig. 3.3B, D). Many matrix-remodeling proteins were identified in MV+ and MV-, including a variety of matrix ligands, protease inhibitors, crosslinking enzymes, and matrix-degrading proteases (Fig. 3.3C). TIMP3, FN1, and COL8A1 matrix-remodeling proteins were expressed significantly higher in MV+ while PLOD3, TGM2, COL12A1, and PLOD1 were expressed significantly higher in MV- (Fig. 3.3C-D). 
Tissue transglutaminase 2, also known as TGM2 or Tg2, identified as significantly enriched in MV- compared to MV+, is a calcium-dependent enzyme that both crosslinks collagen and activates fibroblasts (Fig. 3.3D). EVs have previously been shown to transfer Tg2 to fibroblasts resulting in fibroblast activation15,413. Increased Tg2 expression in MDA- and MV-, compared to MDA+ and MV+, was verified using western blot (Fig. 3.3E-H). More specifically, it has been shown that EV-Tg2 crosslinks EV-fibronectin (Fn) into dimers to potentiate fibroblast integrin signaling upon EV-fibroblast interactions15,413. While the Fn dimer was present in both MV+ and MV-, it was more highly expressed in MV+ (Supp. Fig. 3.2D), suggesting that fibroblast activation by MV- does not solely rely on Fn dimer-mediated integrin signaling. 

Supplemental Figure 3.3. (a) Western blot of Tg2 and GAPDH in MDA-, MDA- (scr), and MDA- (shTg2). (b) Quantification of western in (a). (c) Motile fraction of MDA- (scr) and MDA- (shTg2) in 3D collagen. (N=3; n=6). (d) Number of MVs released from MDA- (scr) and MDA- (shTg2) per hour. (N=7). (e) Invasive fraction of MDA- (scr) and MDA- (shTg2) through collagen coated transwells. (N=3; n=6). (f) Western blot of Tg2 and Flot-2 in MV- (scr) and MV- (shTg2). (g) Quantification of western in (f). Bar graphs show mean +/- SEM. P-values determined using an unpaired Student’s t-test. 

[bookmark: _Toc98254534]Modulation of MV-Tg2 expression regulates MV-mediated fibroblast activation 
Given that Tg2 is a known mediator of MV-induced fibroblast transformation15, we investigated whether knockdown of Tg2 abrogates MV--induced fibroblast activation. MDA- was stably transduced with shRNA targeting Tg2 (MDA- (shTg2)) (Supp. Fig. 3.3A-B). Knockdown of Tg2 resulted in no change in MDA- migration or MV release compared to the scrambled control (MDA- (scr)) (Supp. Fig. 3.3C-D). A slight decrease in Transwell invasion was observed in MDA- (shTg2) compared to MDA- (scr) (Supp. Fig. 3.3E). MVs released from MDA- (shTg2) (MV- (shTg2)) had reduced Tg2 expression compared to the scrambled control MVs (MV- (scr)) (Supp. Fig. 3.3F-G). 
Fibroblasts cultured with MV- (shTg2) exhibited decreased αSMA expression, cell area, fibronectin area, proliferation, and traction force, compared to culture with MV- (scr) (Fig. 3.4A-F, Supp. Fig. 3.2A-G). This suggests that knockdown of Tg2 in MDA- cells reduced the capacity of MV- to activate fibroblasts. Treatment of MV- with the Tg2 inhibitor, T101, decreased fibroblast αSMA expression compared to culture with MV-, further supporting role of MV-Tg2 in fibroblast activation (Fig. 3.4H-I). 
Spheroid cocultures of MDA- (scr) and MDA- (shTg2) with 3T3 fibroblasts were utilized to assess the effects of MV- (shTg2) on cell migration. MDA- (scr)+3T3 spheroids cultured with MV- (scr) exhibited a significant increase in spheroid outgrowth compared to untreated conditions, consistent with our prior experiments (Fig. 3.4J-K, Supp. Fig. 3.2G). MDA- (shTg2)+3T3 spheroids cultured with MV- (shTg2) exhibited no change in spheroid outgrowth compared to untreated control conditions (Fig. 3.4J-K, Supp. Fig. 3.2G), suggesting that without MV-induced fibroblast activation, fibroblasts could not increase cancer cell migration. MDA- (shTg2)+3T3 spheroids cultured with MV- (scr) exhibited a significant increase in spheroid migration compared to untreated conditions, highlighting that MV-Tg2 is required for MV-mediated fibroblast-induced cancer cell migration (Fig. 3.4J-K, Supp. Fig. 3.2G). 
To further investigate the role of Tg2 in MV-mediated fibroblast activation, Tg2 was overexpressed in MDA+ using lentiviral transduction (MDA+ (FUW-Tg2)) (Supp. Fig. 3.5A). Fibroblasts cultured with MV+ (FUW-Tg2) displayed increased cell area and increased traction force, compared to culture with MV+ (Supp. Fig. 3.2B-C). These results were consistent with earlier findings suggesting that MV-Tg2 regulates MV-mediated fibroblast phenotype (Fig. 3.4). 
Additionally, Tg2 was overexpressed in the weakly migratory, weakly metastatic MCF7 breast cancer cell line (Supp. Fig. 3.5D). Overexpression of Tg2 did not significantly change the motile fraction of MCF7 in 3D collagen gels (Supp. Fig. 3.5E). Fibroblasts cultured with MVMCF7 (FUW-Tg2) displayed significantly increased cell area compared to Ctrl and MVMCF7 and exhibited significantly increased traction force compared to control conditions (Supp. Fig. 3.5F-G). These findings confirm that addition of Tg2 to MVs from another weakly migratory breast cancer cell line regulates MV-mediated fibroblast phenotype. Additionally, spheroid cocultures of MCF7 with 3T3 fibroblasts were utilized to assess the effects of MV-Tg2 on cell migration. MCF7+3T3 spheroids cultured in control conditions or with MVMCF7 exhibited low levels of spheroid outgrowth at 72 hours (Supp. Fig. 3.5H-I). MCF7+3T3 spheroids cultured with MVMCF7 (FUW-Tg2) exhibited significantly higher levels of spheroid outgrowth and MCF7 cells migrating away from the spheroid core was observed (red arrows) (Supp. Fig. 3.5H-I). These results reveal that MV-mediated fibroblast activation through MV-Tg2 can enhance the dissemination of another weakly migratory breast cancer cell line. 


Figure 3.4. Modulation of Tg2 expression in MVs regulates MV-mediated fibroblast activation. (a) Schematic overviewing fibroblast culture with MVs. (b) Western blot of αSMA and GAPDH in fibroblasts cultured with MV- (scr) (+MV- (scr)) or with MV- (shTg2) (+MV- (shTg2)). (c) Quantification of western in (b) (N=3). (d) Fibroblast cell area after culture in +MV- (scr) or +MV- (shTg2) conditions. (N=3; n=75,69). (e) Area of fibronectin deposited per fibroblast cultured in +MV- (scr) or +MV- (shTg2) conditions. (N=3; n=62, 82). (f) Percentage of fibroblasts EdU positive after culture in +MV- (scr) or +MV- (shTg2) conditions. (N=3). (g) Fibroblast traction force after culture in +MV- (scr) or +MV- (shTg2) conditions. (N=3; n=56, 33). (h) Western of blot of αSMA and GAPDH in fibroblasts cultured with MV- (DMSO) (+MV- (DMSO)) or with MV- (T101) (+MV- (T101)). (i) Quantification of western in (h) (N=3). (j) Spheroid area index quantification 48 hours post embedding. (N=3+; n=23, 23, 83, 60, 37). (k) Representative images of spheroid outgrowth 48 hours post embedding. MDA- (scr) (red); 3T3 fibroblast (gray); MDA- (shTg2) (yellow). Bar graphs show mean +/- SEM.  Box and whisker plots show median and 25th-75th (box) and 10th-90th (whiskers) percentiles. P-values determined using an unpaired Student’s t-test or a one-way ANOVA with Tukey’s test for multiple comparisons.


Supplemental Figure 3.4. (a) Representative images of fibroblast area (red) and αSMA expression (green) after culture with MV- (scr) (+MV- (scr)) or MV- (shTg2) (+MV- (shTg2)). (b) Representative images of fibroblast fibronectin deposition after culture in +MV- (scr) or +MV- (shTg2) conditions. Actin (red); fibronectin (green); DAPI (blue). (c) Fibronectin area normalized to fibroblast cell area. (N=3; n=62, 82). (d) Representative images of fibroblast EdU incorporation after culture in +MV- (scr) or +MV- (shTg2) conditions. DAPI (blue); EdU (green). (e) Fibroblast traction stress (calculated as fibroblast traction force / cell area) after culture in +MV- (scr) or +MV- (shTg2) conditions. (N=3; n=56, 33). (f) Representative fibroblast traction stress maps. (g) Maximum distance of cancer cell migration away from spheroid core 48 hours post spheroid embedding. (N=3+; n= 23, 23, 83, 60, 37). Bar graphs show mean +/- SEM.  Box and whisker plots show median and 25th-75th (box) and 10th-90th (whiskers) percentiles. P-values determined using an unpaired Student’s t-test or a one-way ANOVA with Tukey’s test for multiple comparisons.

Supplemental Figure 3.5. (a) Western blot for Tg2 and GAPDH in MDA+, MDA+ (FUW-Tg2), and MDA-. (b) Fibroblast cell area after culture in control conditions (Ctrl), with MV+ (+MV+), with MV+ (FUW-Tg2) (+MV+ (FUW-Tg2)), or with MV- (+MV-). (N=3; n=70, 57, 56, 64). (c) Fibroblast traction force after culture in Ctrl, +MV+, and +MV+ (FUw-Tg2) conditions (N=3, n= 61, 60, 60). (d) Western blot for Tg2 and GAPDH in MCF7, MCF7(FUW-Tg2), and MDA-. (e) Motile fraction of MCF7 and MCF7(FUW-Tg2) in 3D collagen (N=3). (f) Fibroblast cell area after culture in control conditions (Ctrl), with MVMCF7 (+MVMCF7), or with MVMCF7 (FUW-Tg2) (+MVMCF7 (FUW-Tg2)) (N=3, n = 76, 72, 71). (g) Fibroblast traction force after culture in Ctrl, +MVMCF7, + MVMCF7 (FUW-Tg2) (N=3, n = 38, 47, 44). (h) Spheroid area index of MCF7+3T3 spheroids after 72 hours of outgrowth (N=3, n = 13, 12, 13) (i) Representative images of spheroid outgrowth 72 hours post embedding. MCF7 (red); 3T3 fibroblast (gray). Red arrows point to MCF7 cells migrating away from spheroid core. Bar graphs show mean +/- SEM.  Box and whisker plots show median and 25th-75th (box) and 10th-90th (whiskers) percentiles. P-values determined using an unpaired Student’s t-test or a one-way ANOVA with Tukey’s test for multiple comparisons.
[bookmark: _Toc98254535]Tg2 knockdown in MDA- reduces metastasis
Given that MV-Tg2 activated fibroblasts in vitro and increased cancer cell migration in spheroid cocultures, we investigated whether knockdown of Tg2 in MDA- is sufficient to reduce MDA- metastasis in an orthotopic mammary metastasis mouse model (Fig. 3.5A). Six weeks post subcutaneous injection of MDA- (scr) and MDA- (shTg2) into the mammary fat pad, primary tumors were of similar volumes (Fig. 3.5B). MDA- (shTg2) tumors exhibited decreased stiffness compared to control tumors (Fig. 3.5C). Immunofluorescent staining of MDA- (scr) and MDA- (shTg2) tumors for the fibroblast activation marker αSMA revealed a decreased fraction of αSMA+ tissue in MDA- (shTg2) tumors compared to control tumors (Fig. 3.5D-E), suggesting that knockdown of Tg2 reduced primary tumor fibroblast activation. Immunohistochemical staining for collagen and fibronectin also revealed decreased matrix in the MDA- (shTg2) tumors compared to control tumors (Fig. 3.5F). Three weeks post primary tumor removal, BLI imaging and tissue collection was completed. The metastasis of MDA-(shTg2) to the lungs and liver was greatly reduced compared to MDA- (scr) (Fig. 3.5G-K). Livers from MDA- (shTg2) mice displayed fewer macroscopic liver nodules compared to MDA- (scr) (Fig. 3.5H), and immunohistochemical staining for GFP+ cancer cells in mouse liver and lungs revealed decreased GFP+ tissue area in the lungs and liver of MDA- (shTg2) mice (Fig. 3.5I-K). These findings reveal that knockdown of Tg2 in MDA- decreases tumor stiffness, fibroblast activation, ECM deposition, and metastasis. 


Figure 3.5. Knockdown of Tg2 in MDA- subpopulation reduces metastasis. (a) Timeline of orthotopic mammary metastasis model. (b) Primary tumor volume after removal (N=4). (c) AFM stiffness measurements of MDA- (scr) and MDA- (shTg2) primary tumors. (N=3+ tumors per condition; n = 420, 379). (d) Fraction of tumor area positive for αSMA (N=4). (e) Representative images of αSMA (red) and DAPI (blue) in MDA- (scr) and MDA- (shTg2) primary tumors. (f) Immunohistochemical staining of collagen and fibronectin in MDA- (scr) and MDA- (shTg2) primary tumors. (g) Representative BLI of MDA- (scr) and MDA- (shTg2) metastasis. (h) Representative image of macroscopic liver nodules. (i) Anti-GFP immunohistochemical staining of lungs and liver from MDA- (scr) and MDA- (shTg2) mice. (j) Quantification of percentage of lung tissue area GFP-positive. (N=4, n=8). (k) Quantification of percentage of liver tissue area GFP-positive. (N=4, n=8). Data shown as mean +/- SEM. P-values determined using an unpaired Student’s t-test. 

[bookmark: _Toc98254536]Tg2-rich MV- are sufficient to induce MDA- (shTg2) metastasis
Since knockdown of Tg2 in MDA- reduced MDA- metastasis, we investigated whether supplementing primary tumors composed of MDA- (shTg2) cells with Tg2-rich MV- could induce the metastasis of MDA- (shTg2). One week post-subcutaneous injection of MDA- (shTg2) into the mammary fat pad, mice were subcutaneously injected every three days for five weeks with either MV- suspended in serum-free media (MDA- (shTg2) + MV-) or a serum-free (SF) media control (MDA- (shTg2) + SF) or (Fig. 3.6A). After six weeks of primary tumor growth, MDA- (shTg2) primary tumors supplemented with MV- were significantly larger than and exhibited increased primary tumor stiffness compared to control tumors (Fig. 3.6B-C). MDA- (shTg2) + MV- tumors also exhibited an increased fraction of αSMA+ tissue area compared to control tumors (Fig. 3.6D-E). Immunohistochemical staining of tumors revealed increased collagen and fibronectin deposition in the MDA- (shTg2) + MV- primary tumors compared to control tumors (Fig. 3.6F). Three weeks post primary tumor removal, BLI imaging and tissue collection was completed. Supplementing MDA- (shTg2) primary tumors with MV- induced increased metastasis to both the lungs and liver of mice, compared to control mice (Fig. 3.6G-K). Livers from MDA- (shTg2) + MV- mice displayed increased numbers of macroscopic liver nodules compared to control mice (Fig. 3.6H). Immunohistochemical staining for GFP in mouse lungs revealed increased metastasis to the lungs of MDA- (shTg2) + MV- mice compared to control mice (Fig. 3.6I-J). Livers of MDA- (shTg2) + MV- mice had slightly increased but not significantly higher levels of metastasis compared to control mice (Fig. 3.6J, K). These results indicate that repeated injection of Tg2-rich wildtype MV- during the growth of MDA- (shTg2) primary tumors resulted in primary tumor stiffening, increased fibroblast activation, and increased metastasis of the Tg2-knockdown weakly migratory breast cancer subpopulation. Altogether, our results reveal a novel mechanism by which weakly migratory cancer cells release Tg2-rich MVs to activate fibroblasts and remodel the primary tumor to facilitate weakly migratory cancer cell migration and metastasis (Fig. 3.6L). 

Figure 3.6. Tg2-rich wildtype MV- are sufficient to induce the metastasis of MDA- (shTg2). (a) Timeline of orthotopic mammary metastasis model with MV injections every 3 days. (b) Primary tumor volume after removal (N=8). (c) AFM stiffness measurements of MDA- (shTg2) + SF and MDA- (shTg2) + MV- primary tumors. (N=3+ tumors per condition; n = 128, 140). (d) Fraction of tumor area positive for αSMA (N=3). (e) Representative images of αSMA (red) and DAPI (blue) in MDA- (shTg2) + SF and MDA- (shTg2) + MV- primary tumors. (f) Immunohistochemical staining of collagen and fibronectin in MDA- (shTg2) + SF and MDA- (shTg2) + MV- primary tumors. (g) Representative BLI of MDA- (shTg2) metastasis. (h) Representative image of macroscopic liver nodules. (i) Anti-GFP immunohistochemical staining of lungs and liver from MDA- (shTg2) + SF and MDA- (shTg2) + MV- mice. (j) Quantification of percentage of lung tissue area GFP-positive. (N=6, 8). (k) Quantification of percentage of liver tissue area GFP-positive. (N=6, 8). (l) Illustration overviewing the mechanism of MDA- metastasis. Data shown as mean +/- SEM. 

[bookmark: _Toc98254537]Clinical implications of Tg2 expression on breast cancer progression
Given that MV-Tg2 facilitate weakly migratory cancer cell metastasis, we investigated the clinical ramifications of these findings by examining Tg2 expression as a function of patient prognosis. Using the TNMplot database, we found that Tg2 expression of breast cancer patients increased from normal tissue to breast tumor tissue to metastatic tissue414, indicating that Tg2 expression was correlated with breast cancer metastasis (Fig. 3.7A). Additionally, breast cancer patients exhibited significant decreased distant metastasis free survival with high Tg2 expression compared to low Tg2 expression415 (Fig. 3.7B). This relationship between Tg2 expression and distant metastasis free survival was even more robust in triple negative breast cancer (TNBC) patients415 (Fig. 3.7C). Lastly, using Tg2 co-expression data of breast invasive carcinoma patients, ACTA2, FAP, PDGFRα, and PDGFRβ were significantly correlated with Tg2 expression, indicating that Tg2 expression correlates with fibroblast activation in breast cancer patients 416,417 (Fig. 3.7D). Together, these findings further implicate Tg2 as an indicator of breast cancer progression and identify Tg2 as an important therapeutic target to prevent fibroblast activation and metastasis.

Figure 3.7. Clinical implications of Tg2 expression on breast cancer progression. (a) Tg2 gene expression, measured with RNA sequencing, of normal, tumor, and metastatic tissue from breast invasive carcinoma patients. (N=242, 7569, 82). Data adapted from TNMplot database. (b) Distant metastasis free survival Kaplan-Meier plot for Tg2 expression in all breast cancer subtypes. Data adapted from the Kaplan-Meier Plotter database. (c) Distant metastasis free survival Kaplan-Meier plot for Tg2 expression in ER, PR, and HER2 negative breast cancer. Data adapted from the Kaplan-Meier Plotter database. (d) Tg2 co-expression correlation data for breast invasive carcinoma. Data adapted from cBioPortal using the Firehose Legacy dataset. 
[bookmark: _Toc98254538]Discussion
Identifying the mechanisms of cancer cell dissemination away from the primary tumor is essential to develop new therapies to target metastatic cancer cells. Specifically, we show that in breast cancer, while highly migratory cells are capable of independent migration, weakly migratory cells release Tg2-rich MVs which activate fibroblasts which subsequently promote cancer cell dissemination and ultimately metastasis. Our data suggests that the interaction between weakly migratory cancer cells and stromal fibroblasts via MVs facilitates weakly migratory cancer cell dissemination and metastasis. 
Our data supports the observation that cells do not need to be inherently migratory to metastasize377,389–393. Others have shown that MDA-MB-231 isolated from bone metastases were less migratory than their primary tumor counterparts389 and that highly metastatic subpopulations of MDA-MB-231 selected through repeated in vivo isolation of metastases were weakly migratory390,391. Our work is the first to describe a mechanism by which cancer cells with a weak migration phenotype can manipulate cells within the TME to escape the primary tumor. Given the current emphasis on cell migration in cancer metastasis research, these findings highlight that cancer cell migration alone is not a sufficient indicator of metastatic potential. A focus on MV-mediated cell-cell signaling between cancer and stromal cells is crucial to fully understand the dynamics of cancer cell dissemination. 
Our findings suggest a feedback loop between MV signaling, matrix remodeling, and fibroblast activation may exist. We previously reported that MV-mediated fibroblast activation was enhanced in high stiffness matrices mimicking the breast tumor periphery17. Here, we show that Tg2-rich MVs stiffen the primary tumor, induce matrix deposition by stromal cells, activate fibroblasts, and promote cancer metastasis. Together, these data indicate that MV-induced fibroblast activation leads to increased tumor stiffening through matrix remodeling and this increased stiffness may feedback to prime fibroblasts for continued activation to further enhance cancer metastasis. Additionally, previous work revealed that transformation of normal fibroblasts in vivo by MDA-MB-231 MVs was dependent upon Tg217. Our results point to a role for these MV-Tg2-activated fibroblasts in mediating cancer cell escape from the primary tumor through matrix remodeling. As knockdown of Tg2 in MDA-MB-231 is known to decrease metastasis418, we suspect this may due, in part, to reduced MV-mediated fibroblast activation and decreased cancer cell escape from the primary tumor. 
Importantly, our work is the first to show that MV cargo varies based on cell phenotype. While it is known cancer cell phenotype affects the numbers of MVs released274, our work reveals that differences in cancer cell phenotype within a single cell line actually correlates with differences in MV cargo. Additionally, while previous work showed that highly migratory cancer cells package migration-promoting cargo into EVs419, our results suggest that heterogeneity in MV cargo based on migratory phenotype has downstream effects on fibroblast activation, TME remodeling, and ultimately metastasis. Our findings specifically show that Tg2 is not uniformly expressed by all breast cancer-derived MVs but rather dependent upon the migratory phenotype of the MV releasing cell, with increased Tg2 expression in MVs released by the weakly migratory breast cancer cells. Interestingly, the weakly migratory cells express high levels of Tg2 and E-cadherin377. While Tg2 expression is generally linked with EMT and positively correlated with cancer cell invasion and migration58,59,420 and E-cadherin is a marker of epithelial phenotypes and decreased cancer cell migration377,392,421, Tg2 was recently identified as a marker of epithelial-mesenchymal plasticity and was found to be upregulated in cancer cells undergoing EMT only after a reversion to a secondary epithelial state413. Taken together, these findings reveal that MV cargo changes as cells plastically change their EMT phenotype during the metastasis. 
Additionally, our findings suggest that not all MVs released from a cell population will homogenously communicate with surrounding cells. In cancer, targeting MV populations that contain cargo (such as Tg2) to remodel the TME may be crucial to reduce metastatic potential. Importantly, other groups have shown that exosomes affect later stages of cancer metastasis, including angiogenesis and pre-metastatic niche formation213,413,422. As exosomes and MVs contain many of the same cancer-promoting signaling proteins, such as Tg2, VEGF, and TGFβ344,413,423–425, MVs may also signal to endothelial cells to promote angiogenesis and travel to secondary sites to promote pre-metastatic niche formation. Taken together, these findings reveal that identifying the MV populations and MV cargo capable of promoting progression through the metastatic cascade is essential to prevent metastasis and highlight MVs as a potential target for new anti-metastatic cancer therapies. 
	In summary, the relationship between cancer cell migratory ability and dissemination away from the primary tumor is complex. While highly migratory cells are capable of independent migration, our work identifies a population of weakly migratory, highly metastatic breast cancer cells which escape the primary tumor via MV-Tg2-mediated fibroblast activation. As we further define the relationship between cancer cell migration and metastatic potential and the consequences of MV signaling on cancer progression, these findings are likely to have broader implications in designing modalities and therapies to detect and target metastatic cancer cells. 



[bookmark: _Toc98254539]CHAPTER 4: LINK BETWEEN GLUCOSE METABOLISM AND EMT DRIVES TRIPLE NEGATIVE BREAST CANCER MIGRATORY HETEROGENIETY

This chapter is under review and has been reproduced with the permission of the publisher and my co-authors. This work was completed in collaboration with co-first author Jenna A. Mosier. 
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[bookmark: _Toc98254541]Abstract
Intracellular and environmental cues result in heterogeneous cancer cell populations with different metabolic and migratory behaviors. While glucose metabolism and EMT have previously been linked, it is unclear how this relationship fuels cancer cell migration. Here, we show that while glycolysis drives single cell confined migration in engineered microtracks, fast and slow cells display different migratory sensitivities to glycolysis and OxPhos inhibition. Phenotypic sorting of highly and weakly migratory subpopulations (MDA+, MDA-) reveals that more mesenchymal, highly migratory MDA+ preferentially use glycolysis while more epithelial, weakly migratory MDA- utilize OxPhos. These phenotypes are plastic and MDA+ can be made less glycolytic, mesenchymal, and migratory and MDA- can be made more glycolytic, mesenchymal, and migratory via modulation of glucose metabolism or EMT. These findings reveal an intrinsic link between EMT and glucose metabolism that controls migration. Identifying mechanisms fueling phenotypic heterogeneity is essential to develop targeted metastatic therapeutics.
[bookmark: _Toc98254542]Introduction 
Intratumor heterogeneity is an emerging hallmark of cancer that complicates clinical diagnostics and therapeutics7,377,426. As cancer cells have uniquely high proliferation rates, cancer metabolism research has historically focused on identifying aerobic glycolysis as the driving force behind this proliferation223–225,227,427. Recent work has identified heterogeneity in breast cancer metabolic state in both primary tumors and metastatic sites, with increased glycolysis in primary tumors and increased mitochondrial OxPhos at metastatic sites289. Therefore, energy produced via glycolysis and OxPhos may fuel different cell behaviors with different metastatic advantages. 
One of the first steps of breast cancer metastasis is invasion through the basement membrane and migration through the extracellular matrix428–430; therefore, migratory ability is often considered an indicator of metastatic success229,386–388. To complete this first step and escape the primary tumor, cancer cells can reprogram their metabolism to fuel migration through a mechanically and chemically complex TME2. It is has been suggested that cancer cells undergo epithelial-to-mesenchymal transition (EMT) to promote invasion and migration through the TME431–434. Cancer cell EMT phenotype and metabolic state appear to exist in a dynamic, reciprocal relationship. Metabolic dysregulation and glycolytic enzymes can induce EMT435–439. Alternatively, drivers of EMT can induce metabolic reprogramming and upregulate glycolysis in transitioning cancer cells247,438,440–444. While it is known that cancer cell bioenergetics and EMT are intrinsically linked, the consequences of this relationship on intratumor migratory heterogeneity are unclear. 
Here, we observe significant heterogeneity in the metabolic signatures and EMT phenotype of migrating breast cancer cells. Cell migration in the TME was modeled using microfabricated 3D microtracks which recapitulate matrix confinement encountered in vivo97,445. While MDA-MB-231 breast cancer cells primarily utilize glycolysis to fuel their migration in confinement, single cell analysis of MDA-MB-231 revealed that while highly migratory cells were sensitive to inhibition of glycolysis and unaffected by inhibition of OxPhos, inhibition of OxPhos increased weakly migratory cancer cell migration. To further investigate this migratory heterogeneity, MDA-MB-231 breast cancer cells were phenotypically sorted to obtain highly and weakly migratory subpopulations of MDA-MB-231 that were then thoroughly characterized. We show that highly migratory populations (MDA+) exhibit increased mesenchymal features and increased glycolytic genes, while weakly migratory populations (MDA-) are more epithelial and are more associated with OxPhos. Further exploration of this characterization revealed that migratory ability in confinement can be controlled by inducing EMT or modulating metabolic pathways utilized by cells. Thus, our findings reveal that a dynamic, complementary relationship between glucose metabolism and EMT phenotype drives heterogeneous migratory phenotypes in triple negative breast cancer.
[bookmark: _Toc98254543]Materials and methods
Cell culture and reagents: MDA-MB-231 mammary adenocarcinoma cells (HTB-26, ATCC, Manassas, VA) were maintained in Dulbecco’s Modified Eagle’s Media (DMEM) (ThermoFisher Scientific, Waltham, PA) supplemented with 10% fetal bovine serum (Atlanta Biologicals, Flowery Branch, GA) and 1% penicillin-streptomycin (ThermoFisher Scientific). Iodoacetate (10 µM, Millipore Sigma, I2512), sodium pyruvate (100 µM, ThermoFisher Scientific, 11360070), and antimycin-A (250 µM in 2D, 500 µM in microtracks, Millipore Sigma, A8674) were used to inhibit glucose metabolism. TGFβ (5 ng/mL in 2D, 50 ng/mL in microtracks) was used to induce EMT. SUM159PT cells (BioIVT) were maintained in Ham’s F12 Medium (ThermoFisher Scientific) supplemented with 5% fetal bovine serum, 1 µg/mL hydrocortisone (Millipore Sigma), 5 µg/mL insulin (Millipore Sigma), and 1% penicillin-streptomycin. Cell culture and time-lapse imaging were performed at 37°C and 5% CO2.
Microtrack fabrication: Collagen microtracks of 10 µm width were prepared as previously described445. Briefly, 100-mm diameter silicon wafer molds were coated with S1813 photoresist and Bosch etched to pattern with microtrack geometries. Polydimethylsiloxane (PDMS; Sylgard) was mixed in a 1:10 ratio of cross-linker to monomer, poured over the wafer, and cured to be used as a template stamp. Collagen Type I extracted from rat tail tendons was prepared in-house and resuspended as a 10 mg/mL stock solution in acetic acid. The stock solution was diluted to 3 mg/mL, neutralized with 1 N NaOH, and used to lightly coat PDMS stamps. Stamps were inverted onto a drop of diluted collagen between two thin PDMS spacers and left to polymerize for 90 min at 37°C. To finalize 3D microtracks, patterned collagen matrices were seeded with either parental (MDAPAR), highly migratory (MDA+), or weakly migratory MDA-MB-231 (MDA-) (~100,000 cells/mL to achieve low seeding density) and left to settle for 2 minutes at 37°C. A thin layer of collagen was applied to a glass coverslip and inverted over the microtracks as a lid. Microtrack system was supplied with fresh media was fully polymerized, and cells were left to incubate overnight at 37°C. At ~18 hours post cell seeding, glucose metabolism inhibitors or vehicle controls were added to microtracks in fresh media. Timelapse images of cells were acquired every 20 minutes from 1-12 hours post inhibitor application, acquired using a Zeiss Axio Observer Z1 inverted microscope equipped with a Hamamatsu ORCA-ER camera with a 10×/0.3 NA objective for migration studies. AxioVision software was used to operate device. Where applicable, cells were supplemented with 50 ng/mL TGFβ 24 hours before imaging, followed by 100 nM of TMRM (Invitrogen, U34361) 2 hours before imaging. Timelapse images were acquired every 20 minutes 24-30 hours after TGFβ treatment using Zeiss LSM800 Confocal Microscope with a 10x/0.3 NA Zeiss Objective with a 10X objective. 
Analysis of cell migration in microtracks: Cell migration was analyzed by using Fiji ImageJ (National Institute of Health, Bethesda, MD) to outline individual cells in collagen microtracks. The cell body was manually outlined, and cell area, centroid, and aspect ratio were quantified. Cell displacement was calculated as the distance between cell centroids between each frame. Average velocity was then calculated by dividing the displacement by the time step. For each frame, the number of microtrack walls the cell contacted was logged. For TGFβ studies, cell velocity was measured and TMRM corrected total cell fluorescence (CTCF = Integrated Density – (Mean Intensity of Background*Cell Area)) was calculated where applicable. Cells undergoing cell division, apoptosis, or interacting with other cells were excluded from analysis.
Phenotypic sorting of breast cancer cells: Breast cancer cell lines were sorted as previously described377. Briefly, breast cancer cells were seeded on top of a transwell insert (Greiner Bio-One, Kremsmunster, Austria) with 8 µm pores coated in 1 mg/ml collagen. A serum gradient was applied, and cells were able to migrate through the transwell insert for four days. After four days, highly migratory and weakly migratory cells were collected and purified over 20 rounds of sorting. Cells that repeatedly migrated through the transwell were termed ‘highly migratory’ (MDA+, SUM+) and cells that never migrated through the transwell were termed ‘weakly migratory’ (MDA-, SUM-). 
Motile fraction: MDA+ or MDA- were seeded into 1.5 mg/mL collagen gels at a density of 200,000 cells/mL. Cells were incubated for 24 hours at 37°C. Timelapse images of cells were acquired every 20 minutes for 12 hours, acquired using a Zeiss Axio Observer Z1 inverted microscope equipped with a Hamamatsu ORCA-ER camera with a 10×/0.3 NA objective. AxioVision software was used to operate device. Motile fraction was quantified as the fraction of cells that migrated at least one cell body every 2 hours. Aspect ratio of cells was quantified using ImageJ.
RNA sequencing: RNA was isolated using the RNeasy mini kit and RNAase-Free DNase Set according to manufacturer protocols. RNA sequencing was performed by the Vanderbilt Technologies for Advanced Genomics core (VANTAGE) as previously described377. EMT and Energy Scores were computed from the average normalized expression of manually curated lists of epithelial, mesenchymal, glycolysis, and OxPhos genes. 
Glucose uptake: Cells were cultured for 24 hours in DMEM + 10% FBS. After 24 hours, fresh media supplemented with 0.146 mM 2-NBDG (Life Technologies) was added and cells were supplemented with 5 ng/mL TGFβ if applicable. After 24 hours, cells were fixed in 3.2% paraformaldehyde and imaged on a Zeiss LSM800 Confocal Microscope with a 10x/0.3 NA Zeiss Objective with a 10X objective. To calculate 2-NBDG uptake, cells were manually outlined and the corrected total cell fluorescence (CTCF = Integrated Density – (Mean Intensity of Background*Cell Area)) was calculated. 
Mitochondrial membrane potential: Cells were cultured for 24 hours in DMEM + 10% FBS and cells were supplemented with 5 ng/mL TGFβ if applicable. After 24 hours, fresh media supplemented with 75 nM TMRM (Invitrogen, U34361) was added. After 30 minutes, cells were washed with PBS and fixed in 3.2% paraformaldehyde. Cells were imaged on a Zeiss LSM800 Confocal Microscope with a 10x/0.3 NA Zeiss Objective. To calculate TMRM, cells were manually outlined and the corrected total cell fluorescence (CTCF = Integrated Density – (Mean Intensity of Background*Cell Area)) was calculated.
Lactate Output: MDA+ and MDA- were cultured for 24 hours in DMEM + 10% FBS. Conditioned media was removed, and lactate output was measured using the L-Lactate Assay Kit (Abcam, ab65331). 
DNA constructs: FUW-E-cadherin-E2A plasmid was created in-house and was used to stably transduce MDA+.
Quantitative PCR: mRNA was isolated from cells using PureZOL RNA isolation reagent (Bio-Rad). cDNA was synthesized from mRNA using iScript cDNA Synthesis Kit (Bio-Rad). QPCR was completed using SYBR green (Bio-Rad). Relative mRNA expression was calculated as 2-ddCt and β-actin was used to normalize results. 
Table 4.1. qPCR Primers
	
	Forward (5’ to 3’)
	Reverse (5’ to 3’)

	CDH1
	GCCTCCTGAAAAGAGAGTGGAAG
	TGGCAGTGTCTCTCCAAATCCG

	VIM
	AGGCAAAGCAGGAGTCCACTGA
	ATCTGGCGTTCCAGGGACTCAT

	ZEB1
	GGCATACACCTACTCAACTACGG
	TGGGCGGTGTAGAATCAGAGTC

	SNAI1
	TGCCCTCAAGATGCACATCCGA
	GGGACAGGAGAAGGGCTTCTC

	ACTB
	CACAAGCAGAGTGCTGAAGGTG
	GATTCCTGAGAGTCCAAAGACAG


Statistical analysis: All statistical analysis was performed using GraphPad Prism. Box-and-whisker plots show mean, 25th/75th percentile, and whiskers represent maximum and minimum values. Fold change bar graphs and dose curves show mean +/- SEM. Dot plots show individual data points.
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[bookmark: _Toc98254545]Glycolysis fuels breast cancer migration in confined environments
Both glycolysis and OxPhos have been implicated in single cell migration in cancer250,252,446,447. However, microenvironmental mechanical cues such as confinement are known to regulate cancer cell migration and bioenergetics175,382. To determine the mode of glucose metabolism that drives breast cancer migration in confined spaces, MDA-MB-231 breast cancer cell (MDAPAR) migration was analyzed with inhibitors of glycolysis or OxPhos in engineered, in vitro collagen microtracks which mimic the natural tracks and pores found in the TME, allowing accurate quantification of 3D, directional migration97,445. Microtracks were fabricated using custom-made PDMS template stamps on liquid collagen. After collagen polymerization, microtracks were seeded with low densities of cancer cells to permit single cell time-lapse imaging (Figure 4.1A). To modulate breast cancer glucose metabolism, MDAPAR were treated with either iodoacetate (IA), an inhibitor of GAPDH in glycolysis, or antimycin-A (AMA), an inhibitor of complex III of the electron transport chain in the mitochondria. MDAPAR treated with IA were additionally supplemented with 100 µM sodium pyruvate (PYR) to reduce toxicity from glycolysis inhibition and permit continued mitochondrial respiration448,449. MDAPAR treated with IA and IA + PYR (MDAPAR + IA, MDAPAR + IA + PYR) displayed significantly reduced migration velocity 6-12 hours after drug application compared to vehicle control conditions (MDAPAR Ctrl) (Figure 4.1B,C). MDAPAR treated with AMA (MDAPAR + AMA) displayed no change in velocity 6-12 hours after drug application compared to vehicle control conditions (Figure 4.1D). To directly compare response to different inhibitors with different vehicle controls, fold change of velocity was calculated. MDAPAR treated with IA and IA + PYR displayed significantly decreased fold changes in velocity compared to cells treated with AMA (Figure 4.1E). These data suggest that MDAPAR migration in confinement is primarily fueled by glycolysis compared to OxPhos. 

Figure 4.1. Glycolysis fuels MDA-MB-231 migration in confinement. (A) Schematic of microtrack micromolding. PDMS stamp used to mold collagen in between plastic spacers in a 6 well plate; Average MDAPAR microtrack velocity 6-12 h after (B) vehicle control (diH2O) (Ctrl) or IA application (+ IA) (n=42-46); (C) vehicle control (diH2O) or IA + PYR application (+ IA + PYR) (n=35-36); (D) vehicle control (DMSO) or AMA application (+ AMA) (n=37-45); (E) Fold change in velocity compared to vehicle control from (D-F) (n=36-46); ** denotes p<0.01, **** denotes p<0.0001, ns = not significant. Mean + SEM shown for bar graphs and min to max for box-and-whisker plots with mean represented as “+”.

[bookmark: _Toc98254546]Breast cancer cells exhibit heterogeneous migration in response to glucose metabolism inhibitors
	Given that MDAPAR breast cancer cells are highly heterogenous and display different morphologies, migration potentials, and EMT phenotypes377,450–452, we investigated the distribution of MDAPAR velocity in response to glucose metabolism inhibitors. MDAPAR migration without glucose metabolism inhibition (MDAPAR Ctrl) was largely heterogeneous with cells displaying a wide range of velocities in confinement (Figure 4.2A-C). MDAPAR migration in response to IA was largely homogeneous, with a shift towards decreased velocities evident in the velocity histogram (Figure 4.2A). Migration response to IA+PYR also resulted in a shift in the velocity histogram towards decreased velocities (Figure 4.2B). MDAPAR migration in response to AMA treatment was more heterogeneous, with certain cells exhibiting decreased migration velocities and others exhibiting increased migration velocities compared to MDAPAR Ctrl (Figure 4.2C). 
Given that cells within MDAPAR exhibited different velocities in response to glucose metabolism inhibition, we investigated whether cells with low or high migration velocities responded differently to inhibition of glycolysis or OxPhos. Cells with migration velocities greater than 0.5 µm/min were considered to have high migration velocities, and cells with migration velocities less than 0.5 µm/min were considered to have low migration velocities. As inhibitors of glucose metabolism had no effect on cell velocity until 2 hours post drug application (data not shown), we analyzed the effects of glucose inhibitors on individual cells by comparing velocity pre-inhibitor effect (1-2h after inhibitor application, Pre) to post-inhibitor effect (11-12h after inhibitor application, Post). MDAPAR response to IA was largely homogenous, with cells displaying greatly decreased velocity post-inhibitor effect (Figure 4.2D). Interestingly, cells with initially high migration velocities had a significantly larger fold decrease in velocity compared to cells with initially low migration velocities suggesting that IA decreased velocity of highly migratory cells to a greater extent (Figure 4.2E). MDAPAR response to IA + PYR was more heterogeneous, with cells with initially low migration velocities displaying very little change in velocity while cells with initially high migration velocities displayed significantly decreased velocity (Figure 4.2F-G). MDAPAR treated with AMA exhibited highly heterogeneous responses in velocity. While MDAPAR with initially high migration velocities displayed a slight decrease in velocity, cells with initially low migration velocities displayed a fold increase in velocity after AMA treatment (Figure 4.2H-I). These results reveal that the migration of highly and weakly migratory cells within the heterogeneous MDAPAR cell line vary in their relationship to different routes of glucose metabolism. These findings suggest that metabolic heterogeneity within MDAPAR may contribute to migratory heterogeneity. 

Figure 4.2. MDA-MB-231 exhibit heterogeneous migration in response to glucose metabolism inhibitors in confinement. (A) Average microtrack velocity histogram of MDAPAR 6-12 h after vehicle control (Ctrl) or IA application (+ IA) (N=3, n=42-46); (B) Average microtrack velocity histogram of MDAPAR 6-12 h after vehicle control (Ctrl) or IA+PYR application (+ IA + PYR) (N=3, n=35-36); (C) Average microtrack velocity histogram of MDAPAR 6-12 h after vehicle control (Ctrl) or AMA application (+ AMA) (N=3, n=37-45); (D) Pre-treatment effect (1-2 h) and post-treatment effect (11-12 h) average microtrack velocity after IA application (N=3, n=46). Gray lines = decreasing velocity. Blue lines = increasing velocity; (E) Fold change of velocity shown in (D) for cells with low migration velocities (velocity<0.5 µm/min) and high migration velocities (velocity >0.5 µm/min); (F) Pre-treatment effect (1-2 h) and post-treatment effect (11-12 h) average microtrack velocity after IA + PYR application (N=3, n=35). Gray lines = decreasing velocity. Purple lines = increasing velocity; (G) Fold change of microtrack velocity shown in (F) for cells with low migration velocities (velocity<0.5 µm/min) and high migration velocities (velocity >0.5 µm/min); (H) Pre-treatment effect (1-2 h) and post-treatment effect (11-12 h) average microtrack velocity after AMA application (N=3, n=44). Gray lines = decreasing velocity. Orange lines = increasing velocity; (I) Fold change of microtrack velocity shown in (H) for cells with low migration velocities (velocity<0.5 µm/min) and high migration velocities (velocity >0.5 µm/min); * denotes p <0.05, *** denotes p<0.001. Mean + SEM with dot plot shown for bar graphs.

[bookmark: _Toc98254547]Phenotypically sorted weakly and highly migratory subpopulations preferentially utilize different pathways for glucose metabolism 
	Given that MDAPAR of low and high migration velocities displayed heterogeneous responses to glycolysis and OxPhos inhibition, we sought to determine whether weakly or highly migratory cancer cells preferentially utilize different pathways of glucose metabolism to fuel migratory heterogeneity. MDAPAR were phenotypically sorted based on their ability to migrate through a collagen coated Transwell (Figure 4.3A). Cells that migrated through the Transwell were purified over 20 rounds of sorting and termed highly migratory, or MDA+. Cells that never migrated through the Transwell were purified over 20 subsequent rounds of sorting and termed weakly migratory, or MDA-. Consistent with previous characterization377, MDA+ exhibited a higher motile fraction in 3D collagen gels compared to MDA- (Figure 4.3B). 
Given that MDA+ and MDA- vary in migratory capability and that migration after treatment with glucose metabolism inhibitors differed between MDAPAR of low and high migration velocities, we investigated the metabolic behaviors of phenotypically sorted MDA+ and MDA-. MDA+ displayed increased glucose uptake (Figure 4.3C,D), quantified via 2-NBDG uptake, increased lactate output (Figure 4.3E), and decreased mitochondrial membrane potential (Figure 4.3D,F), quantified via TMRM, compared to MDA-. These findings suggest that the highly migratory MDA+ rely more on glycolysis than MDA- and that MDA- rely more on OxPhos than MDA+ (Figure 4.3G). 


Figure 4.3. Weakly and highly migratory MDA-MB-231 subpopulations utilize different pathways for glucose metabolism. (A) Schematic of phenotypic sorting; (B) Motile fraction of weakly and highly migratory cells (N=3); (C) 2-NBDG of MDA- and MDA+ (N=3, n=106-142); (D) Representative images of 2-NBDG (green) and TMRM (red) in MDA- and MDA+. (E) Lactate concentration of MDA- and MDA+ (N=3); (F) TMRM of MDA+ and MDA- (N=3, n=157-160); (G) Schematic of metabolic differences between MDA- and MDA+. * denotes p<0.05, ** denotes p<0.01, **** denotes p>0.0001. Min to max shown for box-and-whisker plots with mean represented as “+”. 

[bookmark: _Toc98254548]Modulation of EMT phenotype regulates glucose metabolism to drive migration
Given the known relationship between EMT and glucose metabolism247,435–440,442–444, we sought to investigate the relationship between cancer cell bioenergetics, EMT phenotype, and migratory ability between phenotypically sorted triple negative breast cancer cells. In addition to MDA-MB-231, human triple negative SUM159 breast cancer cells were phenotypically sorted into highly migratory SUM+ and weakly migratory SUM- subpopulations. MDA+, MDA-, SUM+, and SUM- RNA sequencing was scored based on bioenergetics and EMT status. EMT Score was calculated as (Mesenchymal Score/Epithelial Score). Energy Score was calculated as (Glycolysis Score/OxPhos Score). Both MDA+ and SUM+ had higher EMT Scores (more mesenchymal) and higher Energy Scores (more glycolytic) than their weakly migratory counterpart (Figure 4.4A), revealing that phenotypic sorting of triple negative breast cancer cells isolates EMT and metabolically distinct subpopulations of cancer cells. For the cell types tested, highly migratory cells are more mesenchymal and rely more on glycolysis than weakly migratory cells. Taken together, these findings reveal that migratory heterogeneity within triple negative breast cancer cell lines may be driven by the link between glucose metabolism and EMT status.
To further determine how the link between metabolism and EMT can drive migratory heterogeneity, we investigated whether modulation of EMT phenotype conversely alters glucose metabolism to change migration capability. To induce EMT of the more epithelial MDA-, MDA- were treated with TGFβ for 24 hours (Figure 4.4B). After treatment, MDA- exhibited increased glucose uptake (Figure 4.4C), quantified with 2-NBDG, and decreased mitochondrial membrane potential (Figure 4.4D), measured with TMRM. These data are consistent with previous findings that cells undergoing EMT undergo metabolic reprogramming to increase glycolysis247,438,440–443. Conversely, MET of the more mesenchymal MDA+ was simulated by overexpression of E-cadherin using shRNA (Figure 4.4B). E-cadherin expressing MDA+ demonstrated increased mitochondrial membrane potential (Figure 4.4E) and decreased glucose uptake (Figure 4.4F), consistent with MET inducing a more mitochondrial energy phenotype435,437,438,444.
As EMT and MET change glucose metabolism utilization, we investigated whether these altered bioenergetics regulate downstream migration. We previously showed that E-cadherin-overexpressing MDA+ exhibit reduced cell migration velocities in confined microtracks compared to MDA+ control cells377. These findings correlate a mitochondrial energy-dependent phenotype with decreased migratory ability. Conversely, treatment with MDA- with TGFβ, known to induce a complete EMT phenotype242, increased MDA- migration velocities and decreased mitochondrial membrane potential relative to MDA- control cells (Figure 4.4G-H). While it is widely known that EMT phenotype correlates with migratory ability242,377, these findings reveal that EMT-induced metabolic reprogramming fuels enhanced migration. 



Figure 4.4. Modulation of EMT phenotype regulates glucose metabolism to drive migration. (A) Energy (Glycolysis/OxPhos) vs EMT (Mesenchymal/Epithelial) scores for highly and weakly migratory subpopulations for MDA-MB-231 cells (MDA+, MDA-) and SUM159 cells (SUM+, SUM-) as quantified using RNA sequencing, fit with linear regression. R values shown. (N=3); (B) Schematic of EMT regulation using E-cadherin and TGFβ; (C) 2-NBDG of MDA- and MDA- treated with TGFβ (N=3, n=191-239); (D) TMRM signal in MDA- and MDA- treated with TGFβ (N=3, n=236-258); (E) TMRM of MDA+ and MDA+ with E-cadherin overexpression (N=3, n=92-118); (F) 2-NBDG of MDA+ and MDA+ with E-cadherin overexpression (N=3, n=289-320); (G) Velocity and TMRM of MDA- and MDA- treated with TGFβ in microtracks (N=3, n=59-78); (H) Representative images of cells labeled with TMRM in microtracks; * denotes p<0.05, *** denotes p<0.001, **** denotes p<0.0001. Mean + SEM shown for (G) and min to max for box-and-whisker plots with mean represented as “+”.

[bookmark: _Toc98254549]Modulation of glucose metabolism shifts migration phenotypes of weakly and highly migratory subpopulations 
Given that weakly and highly migratory subpopulations of MDAPAR differentially utilize glycolysis and OxPhos (Figure 4.3) and given that changes to EMT induce metabolic reprogramming to drive migration (Figure 4.4), we investigated whether modulation of glycolysis and OxPhos would be sufficient to alter the migration phenotypes of highly and weakly migratory breast cancer cells. As MDA+ are more glycolytic than MDA-, we first investigated whether inhibiting glycolysis was sufficient to block single cell migration in confinement. MDA- treated with IA + PYR displayed reduced migration velocity compared to control conditions (Figure 4.5A,D). Similarly, MDA+ treated with IA + PYR displayed significantly reduced migration velocity compared to vehicle control conditions (Figure 4.5B,D), revealing that glycolysis is essential for the migration of both weakly and highly migratory cancer cells. IA + PYR had a significantly greater effect on the migration of MDA+ compared to MDA- (Figure 4.5C), highlighting that glycolysis is utilized to different extents by weakly and highly migratory cells for migration in confinement.
Given that migration is primarily thought to be glycolysis driven245 and disruption of mitochondrial energy production can induce cell migration 444, we next investigated whether inhibition of mitochondrial energy production would increase cancer cell migration. MDA- treated with AMA displayed a robust increase in migration velocity (Figure 4.5D,E), revealing that inhibition of OxPhos was sufficient to increase weakly migration cancer cell migration. Conversely, MDA+ treated with AMA displayed no significant change in migration velocity (Figure 4.5D,F), revealing that inhibition of OxPhos does not increase the migration of highly migratory cancer cells. Importantly, AMA had a significantly different effect on the migration of MDA- compared to MDA+ revealing that inhibition of OxPhos energy production by weakly migratory cells that preferentially utilize mitochondrial energy can increase cell migration velocity (Figure 4.3G).

Figure 4.5. Modulation of glucose metabolism changes migration phenotypes of highly and weakly migratory subpopulations. (A) Average velocity of MDA- 6-12 h after IA + PYR or vehicle control application (N=3+, n=46-51); (B) Average velocity of MDA+ 6-12 h after IA + PYR or vehicle control application (N=3+, n=34-36); (C) Fold change of velocity between treated and control conditions for MDA+ and MDA- (A-B); (D) Representative images of cell migration in microtracks from 1-12 hours after vehicle control or inhibitor application; (E) Average velocity of MDA- 6-12 h after AMA or vehicle control application (N=3+, n=57-69); (F) Average velocity of MDA+ 6-12 h after AMA or vehicle control application (N=3+, n=48-57); (G) Fold change of velocity between treated and control conditions for MDA+ and MDA- (E-F). * denotes p<0.05, ** denotes p<0.01, *** denotes p<0.001, **** denotes p<0.0001. Mean + SEM shown for bar graphs and min to max for box-and-whisker plots with mean represented as “+”.

[bookmark: _Toc98254550]Modulation of glucose metabolism regulates EMT phenotype to drive migration 
Given that weakly and highly migratory cells preferentially utilize different modes of glucose metabolism (Figure 3), that modulation of EMT phenotype reprograms metabolism to regulate migration (Figure 4.4), and that inhibition of OxPhos increases migration velocity of weakly migratory cancer cells (Figure 4.5), we sought to determine whether EMT status drives the differential migration response by weakly and highly migratory cancer cells to glucose metabolism inhibitors. Previous work suggests that glycolytic enzymes and mitochondrial dysfunction can induce EMT435,437,438,444. Thus, we investigated whether glucose metabolism inhibitors could shift EMT phenotype to drive migratory changes (Figure 4.6A). As mesenchymal cells display increased aspect ratios compared to epithelial cells453–455, we first quantified cell aspect ratio after treatment with IA+PYR or AMA to assess changes in EMT status. MDA- exhibited decreased aspect ratios compared to MDA+ in bulk collagen gels, consistent with more mesenchymal cells being more elongated (Figure 4.6B). MDA- and MDA+ treated with IA+PYR displayed no change in aspect ratio (Figure 4.6C,D), suggesting that IA+PYR has no effect on EMT status. Treatment with AMA significantly increased elongation of both the more epithelial, weakly migratory MDA- and the more mesenchymal, highly migratory MDA+ (Figure 4.6E,F).
To further assess EMT phenotype after treatment with glucose inhibitors, RNA expression of epithelial marker E-cadherin (CDH1) and mesenchymal markers vimentin (VIM) and Zeb1 (ZEB1) were quantified using quantitative RT-PCR. Treatment of MDA- or MDA+ with IA+PYR resulted in no significant change in CDH1, VIM, or ZEB1 mRNA (Figure 4.6G,H), further reinforcing that inhibition of GAPDH in glycolysis has no effect on EMT status of the phenotypically sorted weakly and highly migratory breast cancer cells. Conversely, treatment of MDA- with AMA significantly increased both CDH1 and ZEB1 mRNA (Figure 4.6G) and treatment of MDA+ with AMA significant increased VIM and ZEB1 mRNA (Figure 4.6H). These results reveal that AMA increased mesenchymal gene expression in both MDA- and MDA+. Interestingly, we show that treatment with AMA selectively increased MDA- migration and not MDA+ migration compared to vehicle control conditions. 
Altogether, these findings suggest that while glycolysis inhibition significantly impairs migration velocity, it has little effect on EMT phenotype. Instead, we observe a significant change in EMT markers upon mitochondrial impairment with AMA, indicating that while modulating glucose metabolism through glycolysis or mitochondrial inhibition can affect migration velocity, EMT phenotype is more dependent on mitochondrial function.



Figure 4.6. Modulation of glucose metabolism differentially regulates EMT phenotype. (A) Schematic of metabolism-regulated EMT; (B) Aspect ratio of MDA- and MDA+ (N=3, n=30-39); (C) Aspect ratio of MDA- 6-12 h after vehicle control (Ctrl) or IA+PYR application (+IA+PYR) (N=3+, n=34-36); (D) Aspect ratio of MDA+ 6-12 h after vehicle control or IA+PYR (N=3+, n=34-67); (E) Aspect ratio of MDA- 6-12 h after vehicle control or AMA (+AMA) (N=3+, n=61-64); (F) Aspect ratio of MDA+ 6-12 h after vehicle control or AMA (N=3+, n=48-85); (G) Relative mRNA of MDA- treated with vehicle control, IA+PYR, or AMA for 12 h. Normalized to β-actin. (N=3). (H) Relative mRNA of MDA+ treated with vehicle control, IA+PYR, or AMA for 12 h. Normalized to β-actin. (N=3); (I) Schematic of link between glucose metabolism and EMT driving cell migration; * denotes p<0.05, ** denotes p<0.01, ns = not significant. Mean + individual data points shown for bar graphs and min to max for box-and-whisker plots with mean represented as “+”.

[bookmark: _Toc98254551]Discussion
Cancer cell phenotypic heterogeneity is associated with poor clinical outcomes and complicates cancer therapy426,456,457; therefore, a better understanding of the cancer cell populations that exist and work cooperatively in the TME is essential to develop effective cancer therapies. It was recently described that primary tumors and micrometastases exhibit distinct metabolic transcriptomes, with primary tumors primarily utilizing glycolysis as described by the Warburg Effect and micrometastases displaying a preference for mitochondrial OxPhos289. These different metabolic behaviors indicate that metabolism is highly plastic and context-dependent, and that glycolysis and OxPhos may fuel different cell behaviors, such as proliferation and colonization, with different metastatic advantages. Here, we investigate the role of glucose metabolism in cell migration and investigate how heterogeneity in metabolism fuels migratory ability in triple negative breast cancer. We identify that the interplay between glucose metabolism and EMT phenotype drives heterogeneous migratory behaviors.
Cancer cell bioenergetics and migration are linked in that ATP fuels cell progression through specific steps in the metastatic cascade458. As it is technically challenging to precisely quantify single cell metabolism during in vivo metastasis, physiologically relevant in vitro platforms that model steps in cancer metastasis may provide valuable insight that is otherwise unachievable. Here, we sought to isolate the independent roles of glycolysis and OxPhos in breast cancer cell migration using an engineered microtrack platform that mimics the confinement and material composition of the ECM found in vivo. Conflicting evidence exists as to whether breast cancer single cell migration is primarily driven by glycolysis, OxPhos, or a combination of both pathways. Glycolysis regulates cytoskeletal dynamics required by cell migration245,446,459–461 and extracellular acidification due to lactate output increases MMP activation, matrix degradation, and the reorganization of cytoskeletal machinery462,463, suggesting that cell migration is glycolysis driven. However, it has also been shown that enhanced OxPhos and mitochondria localization to the leading edge increases cell migratory ability251–253. Importantly, our results suggest that breast cancer cells rely only on glycolysis to fuel their migration in confined 3D environments. The dichotomy in these findings may result from differing in vitro models used to monitor cell migration. 3D hydrogels, transwell assays, and microfabricated systems have different mechanical parameters, including stiffness, confinement, and alignment, all of which are known to impact cell metabolism382,464,465. Importantly, our microtrack system models protease-independent migration as cells do not need to degrade the matrix to migrate97. While our results suggest that protease-independent migration is solely glycolysis-dependent, other forms of single cell migration may require mitochondrial energy utilization. 
Using this microtrack platform, we show that OxPhos inhibition did not elicit a homogenous migratory response. While highly migratory cells showed no change in migration, weakly migratory cells displayed increased migration in response to AMA treatment, suggesting that highly and weakly migratory cancer cells utilize different metabolic pathways. We further investigated this phenomenon by phenotypically sorting MDA-MB-231 triple negative breast cancer cells based on their in vitro migratory potential. Highly migratory cancer cells demonstrated a preference for glycolysis while weakly migratory cells exhibited higher levels of OxPhos. We previously showed that phenotypically sorted weakly migratory MDA-MB-231 and SUM159 are more metastatic in a mouse model of breast cancer metastasis than their highly migratory counterparts377. These findings are in agreement with other groups reporting that weakly migratory cancer cells can be highly metastatic389,390,392. Our results reveal that even within a single cancer cell line, heterogeneity in migratory ability and metastatic ability377 is accompanied by heterogeneity in bioenergetics. These findings also highlight that while glycolysis may fuel cancer cells to escape from the primary tumor, OxPhos utilization may regulate other behaviors required for metastasis. In agreement, OxPhos inhibition has been shown to have little effect on primary tumor growth, but significantly decreased metastatic seeding of breast cancer cells, indicating a role for OxPhos in later colonization steps of the cascade250. These data, in addition to others showing that OxPhos is upregulated in secondary metastatic sites253,284,285,292, correspond with our previous findings that weakly migratory cells that preferentially utilize OxPhos are more metastatic than their glycolysis-dependent counterparts.
RNA sequencing of phenotypically sorted triple negative breast cancer cell lines revealed that highly migratory cells were both more glycolytic and more mesenchymal than their weaky migratory counterparts, which were more reliant on OxPhos and more epithelial. To determine if EMT status regulates glucose metabolism to control migratory potential, EMT of the highly and weakly migratory cancer cells was modulated and metabolic and migratory changes were assessed. Inducing a mesenchymal phenotype with TGFβ caused a metabolic switch towards glycolysis and was accompanied by increased migration velocity. Inducing a more epithelial phenotype by knocking in E-cadherin resulted in a switch towards increased OxPhos and decreased migration velocity. These findings are consistent with previous studies that drivers of EMT can upregulate glycolysis 247,438,440–444. While others have reported that E-cadherin overexpression can increase OxPhos466, the mechanism and consequences of this signaling is unclear. Here, we show that these metabolic changes can regulate downstream migration, revealing that the link between cell metabolism and EMT fuels different migratory potentials. It is important to note that while we can manipulate EMT status in our subpopulations, we do not recapitulate a fully epithelial or fully mesenchymal status; rather, we are able to push cells in either direction on the EMT spectrum to acquire properties of an epithelial-like or mesenchymal-like phenotype. We show that even minute changes to EMT status result in robust migratory or metabolic changes. Our ability to move cells along this spectrum rather than inducing one state or the other allows us to capture the intermediate partial-EMT phenotypes that may be essential in cooperative progression through the metastatic cascade. 
We last investigated whether changes to glucose metabolism mechanistically signal through EMT to control migration. Inhibition of glycolysis decreased migration of the highly migratory cells while inhibition of OxPhos increased migration of the weakly migratory cells. While inhibiting glycolysis may weaken migratory potential through reduced ATP availability230,245,467, it was unclear why inhibition of OxPhos would promote migration of weakly migratory cells. As such, we investigated whether metabolic changes induce changes to EMT status to subsequently affect migration. While inhibiting glycolysis had little effect on EMT status as evidenced by cell aspect ratio and mRNA expression of EMT markers, we were able to induce changes to EMT phenotype by inhibiting mitochondrial energy, suggesting that the link between metabolism and EMT may be more dependent on mitochondrial ability than glucose metabolism as a whole. 
The role of metabolism in cell migration is still being explored in the context of cancer progression and metastasis. Here, we highlight a novel link between glucose metabolism and EMT status as the driving factor in migratory heterogeneity in breast cancer cells. We show that while highly and weakly migratory breast cancer cells exhibit unique metabolic and EMT profiles, we are able to control migration by manipulating either metabolism or EMT. Specifically, weakly migratory cells dependent on OxPhos for ATP can be pushed to a more migratory phenotype by inhibiting mitochondrial respiration and forcing cells to utilize glycolysis instead, or by inducing a more mesenchymal phenotype with TGFβ. Similarly, migration of highly migratory cells can be attenuated by blocking their main ATP source, glycolysis, or inducing an epithelial phenotype with E-cadherin. While our primary focus here is single cell migration in a representative engineered model of the primary tumor microenvironment, our data in combination with further characterization of the relationship between EMT and glucose metabolism pathways in each step of the metastatic cascade may reveal key therapeutic targets for inhibiting cancer metastasis.
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[bookmark: _Toc98254554]MV-induced fibronectin deposition by fibroblasts is dependent upon matrix stiffness
In Chapter 2, our findings revealed that matrix stiffness effects of MV-induced fibroblast activation. CAFs are abundantly present in the breast tumor microenvironment and contribute extensively to matrix deposition and matrix remodeling404. Thus, we next investigated how matrix stiffness impacts MV-induced fibronectin deposition by fibroblasts. NIH 3T3 fibroblasts were seeded on 1, 5, or 20 kPa PA gels in 1.6 mL of DMEM + 1% FBS. Cells were treated with either 400 μL of serum-free media or approximately 4*107 MVs suspended in 400 μL serum-free media for 24 hours. Cells were first fixed with 3.2% v/v paraformaldehyde and subsequently permeabilized with a 3:7 ratio of methanol to acetone. Cells were incubated with goat anti-fibronectin (sc6953, 1:100) overnight at 4°C. The cells were washed and incubated with AlexFluor 548 conjugated to donkey anti-goat (1:200), AlexFluor 488 phalloidin (1:500), and DAPI (1:500) for 1 hour. To image, gels were inverted onto a drop of Vectashield Mounting Media placed on a glass slide. Fluorescent images were acquired with a 20x/1.0 N.A. water-immersion objective on a Zeiss LSM700 Upright laser-scanning microscope. Cells stained with phalloidin were outlined in ImageJ to calculate cell area. Area of deposited fibronectin was calculated by using the threshold function in ImageJ to calculate area of positive stain. The ratio of deposited fibronectin area to cell area was calculated.
Our findings indicate the breast cancer MVs increase fibroblast fibronectin deposition only on stiff 20 kPa gels (Figure 5.1A-C). No change in total fibronectin deposition or fibronectin deposition per cell area was observed on 1 kPa or 5 kPa gels (Figure 5.1A-C). These results are consistent with our previous findings that matrix stiffness mediates MV-induced fibroblast activation17 and additionally suggest a role for matrix stiffness in mediating fibronectin deposition by fibroblasts. 

Figure 5.1. MV-induced fibronectin deposition by fibroblasts is dependent upon matrix stiffness. (A) Representative images of fibronectin (green), actin (red), and DAPI (blue) staining of fibroblasts cultured in control (Ctrl) or with MVs (+MV) on 1 kPa, 5 kPa, and 20 kPa PA gels. (B) Fibronectin area deposited per cell (N=3; n = 43, 43, 42, 53, 53, 60). (C) Fibronectin area normalized to cell area (cell (N=3; n = 43, 43, 42, 53, 53, 60). Bar graphs show mean +/- SEM. P-values determined using a two-way ANOVA with Tukey test for multiple comparisons. ****p<0.0001, n.s. = not significant. 

[bookmark: _Toc98254555]Tg2 splice variants are enriched in MVs 
In Chapter 3, we showed that weakly migratory metastatic breast cancer cells release MVs rich in Tg2 which activates fibroblasts to increase cancer cell dissemination and metastasis. Western blots of whole cell and MV lysates revealed different enrichment of Tg2 splice variants between cells and MVs. MV- appeared enriched for 55 kDa and 37 kDa Tg2 splice variants compared to MV+ and cell lysates (Figure 5.2A). These identified proteins correspond with known splice variants of Tg2 (Figure 5.2B). The splice variants of Tg2 identified are predicted to be TGM2_v2 (~55-60 kDa) and TGM2_V3 (~38 kDa)468. The mechanism of Tg2 splice variant enrichment in MV- and the functional role they play in MV signaling is unknown. 
[image: ]
Figure 5.2. Tg2 splice variants are enriched in MV-. (A) Western blot for Tg2, Flot-2, and GAPDH in MDA+, MDA-, MV+, and MV-. (B) Table of Tg2 isoforms and properties. 

[bookmark: _Toc98254556]Cooperative interactions between highly and weakly migratory SUM159 enhance weakly migratory spheroid compaction and migration
Previous work in the Reinhart-King Lab indicated that highly migratory MDA-MB-231 enhance the migration of weakly migratory MDA-MB-231 (Hapach, Schwager et al., in prep). We next extended these findings to the SUM159 (SUMPAR) human triple negative breast cancer cell line. SUMPAR were phenotypically sorted based on migratory ability using a transwell assay, resulting in highly migratory (SUM+) and weakly migratory (SUM-) subpopulations. 
Tumor spheroids were used to investigate the cooperative interactions between SUM+ and SUM-. SUM+, SUM-, and SUMMIX (1:1 ratio of SUM+:SUM-) spheroids were formed over 72 hours. Spheroids compacted to different extents with SUM+ and SUMMIX compacting more than SUM- (Figure 5.3A-B). When observing fully compacted SUMMIX spheroids at 72 hours, SUM+ preferentially located towards the exterior of the spheroids while SUM- appear to localize towards the core of the spheroid (Figure 5.3C). 
We next assessed cancer cell migration in tumor spheroids. After 72 hours of compaction, SUM+, SUM-, and SUMMIX spheroids were embedded in 1.5 mg/ml collagen gels and cultured for 72 hours. Both SUM+ and SUMMIX spheroids exhibited single and collective modes of migration, while only low levels of collective migration were observed in SUM- spheroids (Figure 5.3D). SUM- of SUMMIX spheroids exhibited greater migration area than SUM- only spheroids. Migrating SUM- in SUMMIX spheroids were identified in collectively migrating strands (Figure 5.3E). Together, these results reveal that cooperative interactions between highly and weakly migratory SUM159 triple negative breast cancer cells can promote the migration of weakly migratory cancer cells. 

Figure 5.3. Cooperative interactions between highly and weakly migratory SUM159 enhance weakly migratory spheroid compaction and migration. (A) Representative images of in vitro tumor spheroids immediately after seeding (0 h) and before embedding (72 h) with SUM+ (green), SUM- (red), and SUMMIX (1:1 SUM+:SUM- co-culture) subpopulations; scale bar: 100 µm. (B) Compaction curve of SUM+, SUM-, and SUMMIX spheroids from 0 h to 72 h. (N=3+, n = 12, 11, 12) (C) Representative image of fully compacted SUMMIX spheroid (left) with individual SUM+ (green) and SUM- (red) channels shown across spheroid diameter (right); scale bar: 100 µm. (D) Representative images of SUM+, SUM-, and SUMMIX tumor spheroids in 1.5 mg mL-1 collagen at 72 h post-embedding. Black arrows mark single cell migration while white arrows mark collective strand migration; scale bar: 100 µm. (E) Spheroid outgrowth at 72 h post-embedding (N=3+, n = 10, 23, 12, 12, 13). * p < 0.05, **p<0.01, ***p<0.001, **** p < 0.0001, n.s. = not significant.

[bookmark: _Toc98254557]Metabolic proteins in MVs reflect metabolism of releasing cell
iTRAQ proteomics of MV+ and MV- was completed as previously described (Chapter 3). Metabolic proteins involved in mitochondrial OxPhos and glycolysis were identified in the MVs. Proteins involved in glycolysis were enriched in MV+ while proteins involved in OxPhos were enriched in MV- (Figure 5.4A). These differences in metabolic cargo reflect the metabolism of the releasing cancer cell (Chapter 4). GO Term analysis of the proteomics identified mitochondrial matrix as enriched in MV- (Figure 5.4B). The wide variety of glucose metabolism cargo identified in the MVs, including glucose transports, lactate transporters, glycolytic, TCA cycle, and ETC proteins, suggests that MVs are involved in metabolic signaling and may be capable of generating their own ATP. 

Figure 5.4. Metabolic cargo identified in MVs isolated from highly and weakly migratory breast cancer subpopulations. (A) Relative expression of glucose metabolism proteins (glycolysis (blue), OxPhos (red)) identified with iTRAQ proteomics in MV+ and MV-. (B) GO Term Analysis of MV+ and MV- iTRAQ proteomics. The cellular compart GO Term of Mitochondrial Matrix denoted with red arrow. 

[bookmark: _Toc98254558]Highly and weakly migratory cancer cells release MVs that regulate fibroblast metabolism
Previous work suggests that MVs released by tumor cells can reprogram stromal cell metabolism16. Thus, we investigated whether MVs released by phenotypically sorted highly and weakly migratory subpopulations of MDA-MB-231 breast cancer cells differentially regulated fibroblast metabolism.  For 2-NBDG glucose uptake studies, NIH 3T3 fibroblasts were seeded on 20 kPa PA gels in 1.6 mL of DMEM + 1% FBS. After 24 hours, media was refreshed and cells were treated with 0.146 mM 2-NBDG and either 400 μL of serum-free media or approximately 3*107 MVs suspended in 400 μL serum-free media. After 24 hours, cells were fixed with 3.2% v/v paraformaldehyde and washed 3x5 min with PBS. Images were acquired using a 20x/0.4 N.A. objective on a Zeiss LSM800 laser-scanning microscope. For TMRM mitochondrial membrane potential studies, NIH 3T3 fibroblasts were seeded on 20 kPa PA gels in 1.6 mL of DMEM + 1% FBS. After 24 hours, media was refreshed and cells were treated with either 400 μL of serum-free media or approximately 3*107 MVs suspended in 400 μL serum-free media. After 24 hours, 150 nM of TMRM was added for 30 min. Cells were fixed with 3.2% v/v paraformaldehyde and washed with PBS. Images were acquired using a 10x/0.3 N.A. objective on a Zeiss LSM800 laser-scanning microscope. Fluorescence was quantified using corrected total cell fluorescence measurements as previously described (Chapter 3, 4). 
	Fibroblasts cultured with MV+ or MV- exhibited an increase in glucose uptake and a decrease in mitochondrial membrane potential (Figure 5.5A-B), indicating that cancer derived MVs induce increased glycolysis in fibroblasts, consistent with the Reverse Warburg Effect272. Culture with MV- induced a greater metabolic change in fibroblasts than culture with MV+ (Figure 5.5A-B), suggesting that MVs that are more potent activators of fibroblasts (Chapter 3) also have a greater effect on reprogramming fibroblast metabolism. While this is consistent with other results correlating a metabolic switch to glycolysis with fibroblast activation16,469, it suggests that the metabolic programming in fibroblasts is not a result of metabolic cargo transfer via MVs as we previously showed that MV+ contained higher levels of glycolytic cargo than MV- (Figure 5.4A).
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Figure 5.5. MVs from highly and weakly migratory breast cancer cells differentially regulate fibroblast glucose metabolism. (A) Fibroblast glucose uptake after culture in control conditions (Ctrl), with MV+ (+MV+), or with MV- (+MV-) (N=3; n = 71, 71, 73). (B) Fibroblast mitochondrial membrane potential after culture in Ctrl, + MV+, or +MV- conditions (N=3; n = 53, 53, 48). Bar graphs show mean +/- SEM. P-values determined using a one-way ANOVA with Tukey test for multiple comparisons. *p<0.05, **p<0.01, ****p<0.0001. 
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[bookmark: _Toc98254561]Conclusions
Intratumor heterogeneity is an emerging hallmark of cancer that complicates both clinical diagnostics and therapy. Intratumor heterogeneity describes the state in which breast tumors are made up of a dynamic extracellular matrix and a heterogeneous collection of cells, including cancer and stromal cells8. In this thesis, we investigated how heterogeneity in matrix stiffness and migratory phenotype contribute to breast cancer progression. 
[bookmark: _Toc98254562]Matrix stiffness enhances breast cancer MV-mediated fibroblast activation
In Chapter 2, we studied how soft and stiff matrices affect MV signaling to fibroblasts in breast cancer.  Polyacrylamide gels, ranging from 1 kPa to 20 kPa, were used to mimic the range of stiffness in physiologically relevant breast tissue. Using time-lapse microscopy, immunofluorescent staining, EdU proliferation assay, and traction force microscopy, we determined that breast cancer derived MVs have different effects on fibroblast function on soft and stiff matrices. On soft 1 kPa PA gels, mimicking the stiffness of healthy breast tissue, MVs had no effect on fibroblast spreading, activation, proliferation, or traction stress. As stiffness increased to 5 kPa and 20 kPa, MVs had increasingly greater effects and significantly increased fibroblast spreading, activation, proliferation, and traction stress on 20 kPa PA gels. We next extended our findings to a 3D engineered environment that more accurately recapitulates the geometry sensed by cells in the body. Stiffness of 3D collagen gels was modulated using non-enzymatic glycation. we determined that even in 3D collagen gels, fibroblasts treated with MVs in stiffer gels displayed increased contractility compared to fibroblasts in softer gels. 
As cancer cells release a variety of components into the extracellular space, including growth factors, proteases, and cytokines, in addition to extracellular vesicles, we sought to determine whether MVs are a physiologically significant regulator of fibroblast function. MVs resuspended in breast cancer conditioned media had significantly greater effects on fibroblast spreading and traction force compared to conditioned media alone, indicating that MVs are not outcompeted by other components of the cancer secretome. 
Lastly, we investigated whether the cell type from which MVs are shed influences the matrix stiffness-dependent effect of MVs on fibroblasts. MVs isolated from MCF10A breast epithelial cells had no effect on fibroblast spreading or contractility on 5 or 20 kPa PA gels. MVs isolated from weakly metastatic MCF7 cells exhibited no change in cell spreading on 5 or 20 kPa PA gels but did increase fibroblast contractility on stiff 20 kPa gels. These results indicate that the effects of MVs on fibroblast function is indeed cell-type dependent and may correlate with cancer cell metastatic potential. 
The findings in Chapter 2 reveal a novel mediator in the bidirectional relationship between cancer cells and fibroblasts in the TME. As fibroblast activation is associated with cancer progression, cancer-derived MVs appear to play a role in transforming fibroblasts to an activated state to prime the TME for metastasis. The robust response of fibroblasts to MVs on stiff matrices ranging highlights the sensitivity of fibroblasts to MV contents at the tumor periphery. Importantly, this region is where fibroblasts form tracks in the matrix or align fibers to promote cancer cell invasion. 
[bookmark: _Toc98254563]Weakly migratory metastatic breast cancer cells active fibroblasts in a MV-Tg2 dependent manner to mediate cancer cell dissemination
In Chapter 3, we investigated how weakly migratory metastatic breast cancer cells escape the primary tumor to metastasize. Previously, MDA-MB-231 were phenotypically sorted based on migration into ‘highly migratory’ and ‘weakly migratory’ subpopulations377. The highly migratory subpopulation was weakly metastatic in mice and the weakly migratory subpopulation was highly metastatic in mice377. These surprising findings led us to investigate the mechanism by which weakly migratory cancer cells can escape the primary tumor and metastasize. 
We first investigated the primary tumors formed by MDA+ and MDA-. MDA- tumors were stiffer, had higher levels of mouse-derived ECM, and had higher levels of CAF markers than MDA+ tumors, indicating that CAFs in MDA- tumors may contribute to MDA- dissemination and metastasis. As it is known that MVs from cancer cells can induce fibroblast activation, we isolated MVs from MDA+ and MDA- and assessed fibroblast function after treatment with MVs. MVs released from MDA- induced a variety of phenotypes associated with fibroblast activation, including FAK activation, αSMA expression, fibronectin deposition, and contractility at significantly greater levels than MVs released from MDA+. We then extended these findings into a 3D tumor spheroid model which mimics cancer cell dissemination away from the primary tumor. Treatment of weakly migratory cancer cell and fibroblast coculture spheroids with MVs released from MV- greatly enhanced cancer cell migration in spheroids, indicating the MV- signals to fibroblasts to enhance weakly migratory cancer cell migration. 
Proteomics data revealed that MV- were enriched for the enzyme Tg2. Knockdown of Tg2 in MDA- reduced in vivo metastasis and knockdown of Tg2 in MV- reduced fibroblast activation and spheroid outgrowth in vitro. Repeated injections of Tg2-rich wildtype MV- were sufficient to induce the metastasis of Tg2 knockdown MDA-. Lastly, we show that Tg2 is a clinical indicator of breast cancer progression and identify Tg2 as an important therapeutic target to prevent metastasis.
Altogether, we show that the relationship between cancer cell migratory ability and dissemination away from the primary tumor is complex. We identify a population of weakly migratory, highly metastatic breast cancer cells which escape the primary tumor via MV-Tg2-mediated fibroblast activation. As we further define the relationship between cancer cell migration and metastatic potential and the consequences of MV signaling on cancer progression, these findings are likely to have broader implications in designing modalities and therapies to detect and target metastatic cancer cells. 
[bookmark: _Toc98254564]Link between glucose metabolism and EMT regulates migratory heterogeneity in breast cancer
In Chapter 4, we explore the relationship between glucose metabolism, EMT state, and migratory ability. We began by investigating the mode of glucose metabolism that fuels single cell breast cancer migration in vitro. Time-lapse microscopy of single cell MDA-MB-231 breast cancer migration in microfabricated collagen microtracks and treatment with metabolic inhibitors of glycolysis and OxPhos indicate that glycolysis primarily fuels confined single cell MDA-MB-231 migration in vitro. During this investigation, migratory heterogeneity in response OxPhos inhibition was observed, prompting us to investigate whether highly and weakly migratory cells primarily utilize different modes of glucose metabolism to fuel their different phenotypes. 
We further investigated this by phenotypically sorting MDA-MB-231 based on their in vitro migratory potential. Our data revealed that highly migratory cells were both more glycolytic and more mesenchymal than their weaky migratory counterparts, which were more reliant on OxPhos and more epithelial, suggesting that EMT state and glucose metabolism may be linked to drive cancer cell migration. Inducing a mesenchymal phenotype in the weakly migratory cells caused a metabolic switch towards glycolysis and was accompanied by increased migration velocity. Inducing a more epithelial phenotype in the highly migratory cells resulted in increased OxPhos and decreased migration velocity. We lastly show that while modulating glucose metabolism can change the migration potential of highly and weakly migratory cells, inhibition of glycolysis had no effect on EMT status while inhibition of OxPhos induced changes to EMT phenotype, suggesting that the link between metabolism and EMT may be more dependent on mitochondrial ability than glucose metabolism as a whole. 
Altogether, we highlight a novel link between glucose metabolism and EMT status as the driving factor in migratory heterogeneity in breast cancer cells. While we focused on single cell migration in an engineered model of the tumor microenvironment, our data in combination with further characterization of the relationship between EMT and glucose metabolism pathways in each step of the metastatic cascade may reveal key therapeutic targets for inhibiting cancer metastasis.
[bookmark: _Toc98254565]Future Directions
[bookmark: _Toc98254566]Expanding to other cell types
Most of the studies presented in this dissertation were completed with MDA-MB-231 triple negative breast cancer cells and NIH 3T3 fibroblasts; thus, these findings should be expanded to additional cancer types. In Chapter 2, we show that breast cancer MVs induce 3T3 fibroblast activation on stiff substrates rather than soft substrates. We propose future studies investigating MV-fibroblast signaling in pancreatic adenocarcinoma and hepatocellular carcinoma, both cancers in which CAFs have been described as mediating pro-cancer functions470–472. First, we should investigate whether MVs isolated from pancreatic and hepatocellular cancer cells transform fibroblasts. Next, it should be investigated whether MV-fibroblast signaling from these other cancer types is stiffness-dependent. While primary breast tumors and primary pancreatic adenocarcinoma tumors range from 1–20 kPa, hepatocellular primary tumors can range from 20 – 75 kPa8,473–475. Therefore, it should be investigated whether the same stiffness enhances MV signaling in all cancer types or whether the stiffness is tissue dependent (i.e., do hepatocellular cancer MVs activate fibroblasts on all physiologically relevant stiffnesses?). This can be assessed in vitro by isolating MVs from pancreatic and hepatocellular carcinoma cell lines and assessing fibroblast phenotype, such as αSMA expression, proliferation, and contractility, after MV treatment on PA gels ranging from 1-20 kPa or 20-75 kPa for pancreatic and hepatocellular carcinoma, respectively. These studies should also investigate how fibroblasts derived from different tissues, such as the pancreas or liver, respond to MV signaling. Importantly, human primary liver fibroblasts are available for purchase and would be suitable for these studies. We additionally propose studies comparing the phenotypes of MV-activated normal fibroblasts to primary CAFs. 
In Chapter 3, we show that highly and weakly migratory MDA-MB-231 have different metastatic potentials and that weakly migratory cells release MVs rich in Tg2 which are potent activators of fibroblasts. These studies should be expanded to other cancer types to determine if (1) the inverse relationship between migration and metastasis exists after phenotype sorting, (2) MVs released by weakly migratory metastatic cancer cells activate fibroblasts, and (3) weakly migratory metastatic cancer cells and their MVs are enriched in Tg2. To begin to address these questions, human hepG2 hepatocellular carcinoma cells should be sorted based on migratory ability using a Transwell assay. As collagen I is abundant is the liver476, the collagen I coated Transwell described in Chapters 3 and 4 is likely sufficient. After phenotypic sorting, metastatic potential of highly and weakly migratory cancer cells can be investigated using an orthotopic model for hepatocellular carcinoma metastasis. Next, MVs should be isolated from the highly and weakly migratory subpopulations. Transformation of fibroblasts after MV treatment can be quantified with αSMA expression, proliferation, and contractility. While in Chapter 4, 20 kPa gels were used for all experiments, different stiffness gels will likely be required to mimic liver stiffness, as described above. Lastly, RNAseq, proteomics, and western blots can be used to quantify Tg2 expression as it relates to migratory and metastatic potential. These experiments should also be repeated in a mouse cell line and an immunocompetent mouse model to assess the effects of MVs on immune cells and the ramifications of these interactions on metastasis. Importantly, a syngeneic orthotopic hepatocellular carcinoma model has recently been established477 and can be utilized for these studies. 
In Chapter 4, we show that phenotypically sorted MDA-MB-231 and SUM159 triple negative breast cancer cells similarly vary in migratory, metabolic, and EMT phenotype. These findings should similarly be expanded to other cell types to determine the how glucose metabolism fuels migration in other cancer types. We hypothesize that while glycolysis fuels single cell MDA-MB-231 migration in in vitro confinement, different metabolic pathways may fuel migration of different cancer cell types. Using a similar Transwell-based invasion assay, highly invasive human cervix squamous cell carcinoma cells actually displayed increased mitochondrial activity compared to their parental cell lines253. This suggests that OxPhos may contribute to cervix squamous cell carcinoma migration and invasion. 
[bookmark: _Toc98254567]Assessing MV uptake by fibroblasts
In Chapter 2, our findings reveal that matrix stiffness enhances MV-induced fibroblast activation. However, it remains unclear whether matrix stiffness enhances MV uptake by fibroblasts. As matrix stiffness increases fibroblast contractility17, and MV uptake is dependent upon actin polymerization and cell contractility3, we hypothesize that fibroblasts on stiffer substrates may uptake higher amount of MVs and this may enhance MV-induced fibroblast activation.
While our studies focused on fibroblast functional changes induced by breast cancer MVs, the dynamics of MV uptake by fibroblasts remains unclear. The current standard for fluorescently labeling MVs is fluorescent dyes, such as DiD or PKH478,479. However, repeated washing and filtration steps resulted in significant loss of sample (data not shown). Additionally, excess dye in suspension can be non-specifically taken up by recipient cells and dyes can trigger an enlargement of EVs due to membrane fusion478. Other groups have reported that luciferase expressing cells release EVs that can be imaged with BLI480; however, the MVs isolated in our system were not detected using BLI (data not shown). We propose labeling the MVs via palmGFP which fluorescently encodes the plasma membrane481. This will permit quantification of recipient cell uptake via fluorescence using confocal microscopy or flow cytometry. 
Our studies would also be enhanced by determining if MV uptake is required for MV-induced signaling. In Chapter 3, we show that MVs released by highly and weakly migratory breast cancer cells differentially regulate fibroblast activation. While equal numbers of MVs were applied to fibroblasts during these studies, it is possible that differences in MV surface proteins may result in differences in fibroblast signaling independent of MV uptake. We show that pre-treatment of MVs with a cell impermeable Tg2 inhibitor reduced MV activation of fibroblasts, suggesting that Tg2 is located on the surface of the MVs, consistent with previous findings15. This suggests that external MV cargo, such as Tg2, can signal to integrins or other receptors on recipient cells to induce functional changes. 
To further determine if MV-Tg2 can signal to recipient cells without cellular uptake of MVs, we propose fluorescently tagging Tg2 in cells before isolation of MVs. Isolated MVs can be imaged to verify that Tg2 is located on the surface of the MV and fibroblasts can subsequently be cultured with Tg2-labelled MVs. Fibroblast transformation and fluorescent changes can be assessed to determine if MV uptake is required for Tg2-mediated signaling.
It is also possible that MVs may rupture in the extracellular space and release their contents. It has been shown in vitro that when force is applied, the lipid membrane of EVs can rupture482. Thus, we hypothesize that MVs may signal to recipient cells through a combination of uptake, cell surface signaling, and cargo released upon rupture. To assess MV rupture, an external force can be applied to rupture MVs, such as AFM as previously described482. Fibroblasts can be cultured with ruptured MVs and the transfer of Tg2 fluorescence and functional changes can be assessed. As Tg2 is known to crosslink fibronectin to activate integrins on recipient cells15, FAK and ERK activation, which are downstream of integrin activation in fibroblasts, could be assessed to determine if ruptured MVs can successfully activate fibroblast integrins.  
[bookmark: _Toc98254568]Therapeutically targeting matrix stiffness and MV signaling
Our work in Chapter 2 identifies matrix stiffness as a potential therapeutic target to reduce MV-signaling, fibroblast activation, and ultimately cancer cell metastatic potential. A variety of therapies targeting matrix stiffening are currently being investigated, including fresolimumab targeting TGFβ, marimastat to activate MMPs, and vitaxin and volociximab targeting integrins αvβ3 and α5β1, respectively483. Increased matrix stiffness and matrix density in tumors may also serve as a barrier to effective drug delivery. For example, while CAR-T cell therapy has proven successful in blood-based cancers, it has largely been unsuccessful in solid tumors due poor trafficking and infiltration into tumor tissue484. Softening of tumor tissue may reduce MV signaling, fibroblast activation, and may permit other therapies such as CAR-T cell therapy to better penetrate solid tumors. However, concerns exist regarding matrix-targeting cancer therapies as matrix degradation may facilitate tumor cell invasion and may release growth factors and cytokines which could initiate inflammatory signals483. 
Chapters 2 and 3 identify cancer-derived MVs as therapeutic targets for breast cancer metastasis. Targeting MV release serves to reduce cancer cell-induced fibroblast activation in the tumor microenvironment. A variety of compounds have been reported to reduce MV release in vitro, including calpeptin targeting calpains, Y27632 targeting ROCK, D-Pantethine targeting cholesterol synthesis, and imipramine targeting aSMase485. Reducing MV signaling may also promote immune activation as EV signaling can be immunosuppressive486,487. However, the efficacy and side effects of these treatments in vivo are largely unknown.
The mechanical memory of fibroblasts should also be considered when designing cancer therapies that target matrix stiffness and MV signaling. As the median time to treatment initiation was 29 days in 2013488, prior to treatment, fibroblasts will have been exposed to increased matrix stiffness which may affect their future behavior. Fibroblasts exhibit memory of their past mechanical microenvironment, and can exhibit sustained activation for up to two weeks after returning to soft cultures after priming on stiff matrices489. This finding emphasizes the importance of early cancer detection and designing therapeutics that may target both matrix stiffness and activated fibroblasts.  
[bookmark: _Toc98254569]Cell phenotype and MV cargo
In Chapter 3, our findings indicate that Tg2 is not uniformly packaged into all breast cancer-derived MVs but rather depends upon the migratory phenotype of the MDA-MB-231 subpopulation. While others have shown that highly migratory cancer cells transfer migration-promoting cargo to weakly migratory cancer cells using EVs419, our results reveal heterogeneity in MV cargo based on migratory phenotype within a single cell line, furthering highlighting a novel aspect of heterogeneity in cancer. In Chapter 5, we show preliminary findings that Tg2 splice variants are enriched in weakly migratory MVs compared to weakly migratory cells. This suggests that MV cargo may not be a direct reflection of the composition of the MV releasing cell, but rather cargo is differentially packaged into MVs by intracellular mechanisms. This is consistent with other studies suggesting that MVs are not a sampling of cellular components, but rather that certain proteins are selectively packaged into MVs490. Future work should investigate the relationship between cell phenotype and MV cargo, including phenotypes other than migratory ability, and should investigate the mechanisms of MV cargo trafficking. These findings will identify which cell phenotypes release MVs that contribute to specific pro-cancer phenotypes and provide insight into engineering MVs with specific cargo for regenerative medicine applications. 
[bookmark: _Toc98254570]Tg2 and cell migration
Our findings in Chapter 4 implicate MV-Tg2 in weakly migratory cancer cell metastasis. Tg2 expression is generally positively correlated with cancer cell invasion and migration58,59. In MDA-MB-231 cells, Tg2-high subclones exhibit increased Transwell invasion compared to Tg2-low subclones420. While our finding that enhanced Tg2 expression correlates with metastatic capability is consistent with previous work15,413,418,491,492, high Tg2 expression in the weakly migratory subpopulation raises questions on the role of Tg2 in mediating migration. Our results suggest that high Tg2 expression alone is not sufficient to induce migration. Unexpectedly, our weakly migratory subpopulation was enriched for both Tg2 and E-cadherin377. As it has previously been shown that Tg2 and E-cadherin expression are anticorrelated493,494, it remains unclear how the phenotypic Transwell-based sorting produced a weakly migratory population enriched for both Tg2 and E-cadherin. 
Tg2 was recently identified as a marker of epithelial-mesenchymal plasticity and was found to be upregulated in cancer cells undergoing EMT only after a reversion to a secondary epithelial state413. This finding is consistent with our results that a weakly migratory subpopulation of the highly mesenchymal MDA-MB-231 cell line is enriched for both Tg2 and E-cadherin. Taken together, these results suggest that our highly migratory population of MDA-MB-231 has undergone EMT while the weakly migratory population has undergone EMT and a subsequent reversion back to an epithelial phenotype. Together, these findings reveal that Tg2 is expressed by a population of cells that exhibit a partial-EMT phenotype and it is this population of cancer cells that is capable of robust metastasis via MV-fibroblast signaling. 
Throughout the 20 rounds of Transwell phenotypic sorting, the highly migratory cells repeatedly migrate through 3D collagen and then grow in complete media on tissue culture plastic under the Transwell. The weakly migratory cells are continuously cultured on a 3D collagen gel on top of the Transwell in serum-starved conditions. We propose future studies tracking EMT status throughout the 20 rounds of phenotypic sorting, such as E-cadherin, Tg2, and vimentin staining. 
It is additionally important to determine if we can induce Tg2 expression in the highly migratory subpopulation by inducing MET, potentially by mimicking the culture conditions experienced by the weakly migratory cells during sorting. To additionally determine whether the differences in Tg2 in the highly and weakly migratory cells are solely due to differences in cell migration or whether different culture conditions during sorting, we can utilize a secondary method to isolate highly and weakly migratory cancer cells, such as photoactivation, or sorting cells based on migration machinery and assess Tg2 expression. 
[bookmark: _Toc98254571]MV signaling to pre-metastatic niche
In Chapter 3, we identify a novel mechanism by which weakly migratory cancer cells can escape the primary tumor through MV-Tg2-mediated fibroblast activation. As cancer derived EVs have been identified in the bloodstream and can travel to distant regions in the body495, MVs released by the primary tumor likely reach secondary sites where they can transform resident cells. In colorectal cancer (CRC), exosomes released by CRC cells promote vascular permeability and angiogenesis to enhance CRC metastasis422. CRC EVs have been found to enter the circulation and activate lung fibroblasts to induce premetastatic niche formation496. Additionally, hepatocellular cancer EV-mediated CAF signaling promoted liver to lung metastasis213. While exosomes have clear roles in angiogenesis and pre-metastatic niche formation, the role of MVs in these processes are largely unknown. MVs and exosomes have been found to contain many of the same cancer-promoting signaling proteins, such as VEGF and TGFβ344,423,424. Thus, we hypothesize that primary tumor-derived MVs travel to the lungs and liver where they activate local fibroblasts to induce matrix remodeling of the pre-metastatic niche to prime the secondary site for metastasis. 
In the context of intratumor heterogeneity, certain cells within the primary tumor may release MVs that are more equipped to enter the blood stream and reach secondary sites to signal to recipient cells. While our study suggests that the more metastatic cancer cells release MVs that are more potent activators of fibroblasts, it remains possible that other cells within the primary tumor release MVs better equipped to transform recipient cells. For example, MVs released from primary tumor CAFs may also travel to secondary sites and induce functional changes. A better understanding of MV heterogeneity within a primary tumor and how this heterogeneity relates to cell signaling and cancer metastasis, including premetastatic niche formation, is essential to understand the mechanisms of cancer metastasis. 
[bookmark: _Toc98254572]Limitations to MV in vivo studies	
In Chapters 2 and 3, our findings reveal that cancer derived MVs induce functional changes in fibroblasts. The majority of these studies were completed in vitro due to limitations in MV labeling. In vivo labeling mechanisms that selectively label and track MVs in mice will be essential to investigate the interplay between MV signaling and metastasis in vivo. 
To address these concerns, we propose utilizing a membrane-bound luciferase probe which can be used to track MV signaling in vitro and in vivo497. Luciferase-labelled MVs that can be tracked using IVIS imaging could be used to quantify MV distribution in mice after injection, such as which tissues MVs localize to, as well as degradation times, will be crucial to investigate MV dynamics in vivo. Additionally, cells labeled with membrane-bound luciferase release EVs in vivo which can then be isolated and characterized497. This may allow purification for only luciferase-expressing EVs rather than a mixture of cancer, stromal, and other resident cell EVs to be isolated from mouse tissues. Additionally, developments to MV uptake studies, as outlined above, may permit in vivo studies of MV uptake by recipient cells. If luciferase-labeled MVs transfer their luciferase back to recipient cells, such as immune cells or fibroblasts, it may be possible to track from primary tumor to secondary site in vivo. 
[bookmark: _Toc98254573]Mitochondrial dysfunction and EMT
In Chapter 4, our findings suggest that inhibition of OxPhos in breast cancer cells induces changes to EMT status while inhibition of glycolysis does not affect EMT. This indicates that EMT phenotype is more dependent on mitochondrial function rather than glucose metabolism utilization as a whole. Similar to our studies, MCF10A breast epithelial cells with mitochondrial stress adopted a fibroblast-like mesenchymal morphology and were highly motile498. Additionally, preliminary results reveal that OxPhos inhibition of the weakly migratory cancer cells decreases overall ATP and does not increase glucose uptake (data not shown), suggesting that it is not an increase in glycolysis that is enhancing migration and inducing EMT. The mechanisms by which mitochondrial dysfunction induces a mesenchymal and migratory phenotype is still unclear. 
A Seahorse Mito Stress test could be used on the highly and weakly migratory cancer cells, as well as cells transformed to be more epithelial or more mesenchymal, to further characterize mitochondrial function as it relates to EMT. The effect of additional OxPhos inhibitors that target different enzymes, such as oligomycin, which inhibits ATP synthase, AG-881, which targets IDH, or rotenone, which inhibits complex I of the electron transport chain, on EMT status should be determined to evaluate whether the EMT shift observed is due to mitochondrial dysfunction as a whole or is the result of inhibition of certain steps in OxPhos. 
[bookmark: _Toc98254574]Role of glutamine metabolism in cell migration
In Chapter 4, we focus on the role of glucose metabolism in cell migration. However, cancer metabolism encompasses a wide range of pathways and intermediates that contribute to cellular energetics. Recently glutamine metabolism has gained increasing attention as one of the main sources for cancer cell energy219,499–501. As glutamine metabolism feeds into the TCA cycle219, it may fuel similar cell behaviors to OxPhos. Certain studies report that glutamine fuels proliferation but not migration in endothelial cells501, while others report that a metabolic shift towards glutamine regulates growth and invasion in ovarian cancer500. Studies suggesting differing roles of glutamine in cancer migration may be due to different in vitro models as chemical and mechanical signals likely alter glutamine metabolism. 
We propose future studies that investigate the role of glutamine metabolism in single cell migration and EMT. A Seahorse Mito Fuel Flex Test can be used to determined differences in glutamine metabolism between highly and weakly migratory cells. Cell migration can be analyzed after inhibition of glutamine signaling via L-γ-glutamyl-p-nitroanilide, to inhibit glutamine uptake, or 968 and BPTES to disrupt glutamine catabolism502. We hypothesize that inhibition of glutamine metabolism in weakly migratory cancer cells may also induce EMT through metabolic dysregulation. However, in hepatocellular carcinoma, inhibition of glutaminase, the enzyme that converts glutamine into glutamate, was found to inhibit migration and invasion through Snail inhibition503, suggesting that inhibition of glutamine may induce a more epithelial phenotype. 
[bookmark: _Toc98254575]Oxidative phosphorylation, metastasis, and metabolic plasticity
In Chapters 3 and 4, our findings reveal that weakly migratory, OxPhos MDA-MB-231 are more metastatic than highly migratory, glycolytic MDA-MB-231. This observation is consistent with other studies that OxPhos is upregulated at metastatic sites289. While our work in Chapter 4 shows that glycolysis fuels the migration of the highly migratory cells, we do not explore how OxPhos contributes to weakly migratory cancer cell metastasis. 
To determine if OxPhos is required for weakly migratory cancer cell metastasis, cells can be pre-treated in vitro with oligomycin, a selective inhibitor of OxPhos, before injection into mice. It has previously been shown that pre-treatment of MDA-MB-231 with oligomycin resulted in decreased lung metastasis289. As such, we anticipate that OxPhos inhibition will decrease weakly migratory cancer cell metastasis. To determine whether OxPhos is important in the early or later stages of the metastatic cascade, progression through the metastatic cascade could be monitored in vitro and in vivo. In vitro assays, including proliferation assays, intravasation assays, viscometers to mimic fluid shear experienced in circulation, and colonization of ex vivo tissues can be used to investigate weakly migratory cancer cells behavior with and without OxPhos inhibition. Additionally, mice injected with control and oligomycin pre-treated cells can be monitored for progression through the metastatic cascade with experiments including en bloc primary tumor sections to monitor cancer cell dissemination and CTC isolation to quantify survival in circulation. 
It is important to note that cancer cell glucose metabolism is highly plastic and changes throughout metastatic cascade progression. While the highly and weakly migratory MDA-MB-231 subpopulations exhibit different metabolic phenotypes in vitro, these phenotypes may be plastic and change throughout metastasis. Characterizing and tracking cancer cell glucose metabolism in vivo throughout the metastatic cascade will provide insight on the most relevant metabolic pathways to therapeutically target in metastasis. In addition to the in vitro and in vivo experiments outlined above, cancer cell metabolism should be monitored during these various stages to determine how environmental cues shift metabolism during metastasis. 
[bookmark: _Toc98254576]MVs and metabolic signaling
In Chapter 5, we show preliminary data that MVs contain a wide array of metabolic cargo and that MVs can induce metabolic programming in fibroblasts. Our proteomics data identifies proteins and enzymes involved in glycolysis and OxPhos in MVs, indicating that MVs may be capable of generating ATP. Future work can be completed to determine whether MVs can generate ATP, whether the ATP is utilized or degraded via ATPases, and the potential ramifications of these metabolic enzymes in MV signaling. 
In Chapter 5, we show that MVs can metabolically reprogram fibroblasts to be more glycolytic; however, the changes in fibroblast metabolism do not appear to correlate with the metabolic cargo in the MVs. The MVs with more OxPhos-related proteins induced a larger switch towards glycolysis in fibroblasts than the more glycolytic-rich MVs. This suggests that MVs reprogram fibroblast metabolism independently of metabolic cargo. Future work can determine the role of Tg2 in MV-mediated fibroblast metabolic reprogramming. As Tg2 activates HIF-1α504, we hypothesize that breast cancer MV-induced fibroblast glycolysis may be through Tg2-HIF-1α signaling.


[bookmark: _Toc98254577]APPENDIX A: MICROVESICLE ISOLATION

Microvesicle Extraction from MDAs
Seed 3 million MDA-MB-231 cells in a T150 flask
Grow cells for 2 days
After 2 days, serum starve in 14 mL serum-free DMEM for 18 hours (O/N)
Remove media from flask and place in 15 mL conical tube
Centrifuge @ 400 rpm for 5 minutes. Place supernatant in new tube, leaving pellet and ~250 uL of media at the bottom of the old tube
Repeat
Filter solution with steriflip tubes using a weak vacuum (~1 drip/second)
When almost filtered, use 1000 uL pipet to pipet solution surrounding “wagon wheel” back into filter
Wash with 10 mL serum-free DMEM. Allow to filter. When almost finished, pipet solution off “wagon wheel” rim again
Turn off vacuum. Remove filter
Re-suspend microvesicles on top of filter in 1 mL serum-free media. To do so, wash filter repeatedly in a circular formation. 
Place in cryo tube and store in -80C freezer
Tip: Make sure vacuum is OFF before attaching it to steriflip tube. 

Other cell lines:
Seed 3 million cells into T150 flask. Grow cells for 2 days. Serum-starve in respective serum-free media (MCF10A = DMEM/F12 + P/S). Collect MVs as described. Re-suspend in 1 mL respective serum-free media. Count MVs with ZetaView to determine volume of MVs to apply to cells. 

To collect MV lysate:
Seed 3 million MDA-MB-231 cells per T150 flask. Use 3 T150 flasks to get concentrated lysate. 
Grow cells for 2 days
After 2 days, serum starve each flask in 14 mL serum-free DMEM for 12-18 hours (O/N)
Remove media from flasks and place in 50 mL conical tube. You’ll have just under 45 mL. 
Centrifuge @ 400 rpm for 5 minutes. Place supernatant in new tube, leaving pellet and ~1 mL of media at the bottom of the old tube
Repeat
Filter solution with steriflip tubes using a weak vacuum (~1 drip/second)
When almost filtered, use 1000 uL pipet to pipet solution surrounding “wagon wheel” back into filter
Wash with 10 mL PBS. Allow to filter. When almost finished, pipet solution off “wagon wheel” rim again
Turn off vacuum. Remove filter
Lyse MVs in 200 uL 4x SDS (preheated to 95C on heating block). To do so, wash filter repeatedly in a circular formation. 
Place in 1.7 mL Eppendorf tube and store in -80C freezer
I normally have to load ~10 uL to get a good band on a western


[bookmark: _Toc98254578]APPENDIX B: AFM OF PRIMARY TUMORS

Materials:
MFP3D-BIO inverted optical AFM (Asylum Research, USA) 
IGOR PRO Software (Asylum Research, USA)
Silicon nitride cantilever (diameter = 5 um, spherical borosilicate glass tip, 0.06 N/m) (Novascan Tech, USA)
Length of cantilever determines compliance
Use spherical tip for tissue
1-1 rule: want similar cantilever/material compliance
Hoechst Nuclei Stain (Thermofisher, H3570)
ImmEdge Hydrophobic Barrier Pen (Vector, H4000)
24 x 30 mm Thermoplastic coverslips (ThermoFisher, 150067)
Halt Protease Inhibitor Cocktail, EDTA-free (100X) (Thermofisher, 78439)
Frozen, mounted, tumors embedded in OCT, 20 um thick
Biopsy punch (2-6 mm)
Super glue
1X PBS

Procedure:
AFM set up
Turn on AFM microscope (under AFM)
Turn on light source (BF lamp, on switch is to right of computer)
Turn on laser (key switch turn)
Image  Integral gain (feedback loop between deflection and set up)  set = 1 (slower than 10)
Force  fix velocity (2 um/s for glass), fix force distance (10 um for glass)
Press “video”  want svideo input
Find cantilever and bring into focus with brass knob
Find laser with LDX and LDY knobs
Zero deflection with PD knob
Calibrate cantilever on infinitely hard surface
Sensitivity calibration
Click engage (engages z feedback loop)
Lower head until cantilever is close to glass surface. Lower until ding. Click withdraw.
Single force  cantilever will touch until set point (Ex: 1 Volt)
Red line = approach, blue line = retraction
CTRL + I  drag A to bottom of red line and B to top (of linear overlap)
Right click  update inVOLS (inverse optical lever sensitivity  X volts = 1 nm deflection)
Force calibration subtab  print screen, paste into paint, record cantilever number in file
Thermal calibration
Move holder up ~10 knob turns, zero deflection with PDX
Close doors
Thermal  capture thermal data. Wait until curve stops moving.
Draw fit  click top of curve  fit thermal data
Force calibration subtab  see spring constant  print screen, paste into paint, save
Prepare sample for AFM
Remove frozen, sectioned tumor slide from freezer
Wait ~20-30 seconds for sample to thaw. Remove excess OCT with kimwipe.
Wash thermoplastic coverslip with DI water. Use air duster to remove excess water. 
Using biopsy punch of desired size, punch hole in center of coverslip. 
Add superglue ring around tumor section. Carefully place coverslip down and lightly press to glue down.
Using hydrophobic pen, draw a circle around the hole in the coverslip. Circle should have a diameter of about 1.5 cm.
Add ~200 uL of PBS+ 1:200 Halt protease inhibitor cocktail for 2 min. Discard.
Add ~200 uL of solution from step G + 1:500 hoeschst for 5 min. Discard.
2 x 3 min wash with PBS+PIC. 
Ready to AFM.
Calibrate cantilever in liquid (do this in the liquid your sample will be in!)
Place your sample on AFM stage. Apply PBS + PIC to sample inside hydrophobic ring. 
Ensure front leg of AFM head is at its maximum length
Place AFM head onto of sample. Slowly enter cantilever into liquid bubble.
Sensitivity calibration
Once cantilever is in liquid, readjust laser so that laser is focused on cantilever tip
Thermal tab  lock spring constant
Capture thermal data, fit to curve, examine new sensitivity calculation.
Virtual Deflection calibration
Change trigger channel to “none”
Zero deflection
Force  setup  show virtual deflection 2nd term
Change force distance to max, drag red bar to top
Single force  CTRL + I  Place A and B  calculate virtual deflection poly
Poking your sample
Set trigger point = 1 nN
Using objective, find sample of tumor you want to poke (change video to composite mode)
Engage  lower until beep  withdraw
Single force (re-lower force distance after virtual deflection calibration)
Review  graph  last curve  elastic
Tip = sphere
Radius = 2.5 um
Poisson (of sample) = 0.5
When you find an area that is giving you good pokes, do a force map
Fmap tab
Change force points and force lines (# of x/y squares on grid)
Change cyan square to change scanning area
“Do Fmap”


[bookmark: _Toc98254579]APPENDIX C: NIR-AZA LABELING OF MVs

NIR-AZA Fluorophore
Received from Donal O’Shea at Royal College of Surgeons in Ireland
Info:
BF2-azadipyrromethene (NIR-AZA) are NIR-fluorophores
NIR-AZA 1 is amphiphilic, has good chemical and photo-stability, and is internalized by cells

Preparation:
Take Eppendorf from freezer and warm up to RT for 20 min on benchtop
Add 1 mL sterile PBS into Eppendorf (prepares a stock solution of 200 uM)
Keep stock solution in 4C refrigerator, use within 1 week

Absorbance = 692 nm
Fluorescence = 720 nm

Collection of MVs from NIR-AZA labelled cells:
Grow cancer cells in complete media until 70-80% confluent
Wash 3X with PBS
Incubate for 2 hours with 10 mL medium with 5 uM NIR-AZA
Wash 3X with PBS
Add 14 mL SF media O/N
Collect MVs

Validation:
Compare MV release #’s to ensure MVs are still being released and collected
Image tube of labelled MVs

IVIS presets
Excitation = 680, 700 nm
Emission = 710, 790 nm



[bookmark: _Toc98254580]APPENDIX D: LYSIS OF MVS FOR PROTEOMICS

Buffer components:
150 mM NaCl
2% NP-40
0.5% sodium deoxycholate
50 mM Tris, pH 8

Lysing MVs:
Collect MVs on 0.2um filter, wash with cold PBS
Remove filter top and place on ice
Add lysis buffer for 5 minutes, swirling occasionally
Pipet up lysis buffer and transfer to a 1.7 mL Eppendorf tube
Incubate lysate in 4C for 30 minutes
Can sonicate before centrifugation if very viscous
Micro-centrifuge at 14,000g for 5-15 minutes at 4C (time and speed may change depending on cell type)
Collect supernatant (avoid pellet) and put into fresh Eppendorf tube
Store in -80C and avoid multiple freeze/thaw cycles


[bookmark: _Toc98254581]APPENDIX E: LACTATE ASSAY
 
Purpose: To determine the concentration of lactate in cells or in conditioned media. This assay can also be used for mouse tissues. Refer to the online protocols for the kit for this use. 

Materials:
Clear 96-well plate
Eppendorf tubes
	Item
	Tube Label
	Amount
	Preparation when received
	Aliquot Size
	Storage

	Lactate Assay Buffer
	B
	25 mL
	Ready to use
	1 mL
	-20C

	Lactate Enzyme Mix
	E
	1 vial
	Reconstitute with 220 uL of lactate assay buffer. Keep on ice.
	15 uL
	-20C

	Lactate Substrate Mix
	S
	1 vial
	Reconstitute with 220 uL lactate assay buffer. Keep on ice.
	15 uL
	4C

	100 mM L(+)-Lactate Standard
	1 mM
	100 uL
	Dilute to 1 mM by adding 10 uL standard to 990 uL of lactate assay buffer.
	35 uL
	-20C



Protocol:
Standard Preparation:
Prepare fresh standards for every use
Carry out each dilution twice to run standard in duplicate
	Standard #
	1 mM Std Vol (uL)
	Buffer (uL)
	Final volume in well (uL)
	End lactate concentration (nmol/well)

	1
	0
	25
	25
	0

	2
	1
	24
	25
	1

	3
	2
	23
	25
	2

	4
	3
	22
	25
	3

	5
	4
	21
	25
	4

	6
	5
	20
	25
	5



Sample Preparation:
Cell Samples (adherent or suspension)
Harvest cells for each assay (1-2 million recommended)
Wash cells with cold PBS
Resuspend pellet in 4X volumes of buffer (~200 uL)
Centrifuge 2-5 min @ 4C, top speed
Collect supernatant. Transfer to clean tube. Keep on ice.
Deproteinize (either use a deproteinization kit or follow instructions bellow)
Requires:
Perchloric acid (PCA) 4M, ice cold
Potassium hydroxide (KOH) 2M, ice cold
Add ice cold PCA 4 M to a final concentration of 1 M in the homogenate solution and vortex. (high protein samples might need more PCA)
Incubate on ice for 5 min
Centrifuge samples at 13,000g for 2 min at 4C. Transfer supernatant to fresh tube. Measure volume of supernatant.
Precipitate excess PCA by adding ice-cold 2 M KOH that equals 34% of the supernatant to your sample (ex: 34 uL of 2 M KOH to 100 uL sample). Vortex. This will neutralize and precipitate excess PCA.
Use pH paper to ensure that pH is between 6.5-8. If necessary adjust with 0.1 M KOH or PCA.
Note: the deproteinization will dilute your samples. To calculate the dilution factor, apply the following formula: % original concentration = 100* (initial sample volume/ (initial sample volume + Vol PCA + Vol KOH))
Serum Samples
Can be tested directly. Do not require additional preparation. 
Deproteinization is recommended but not required. 
Example:
Culture 100,000 MDA-MB-231 in 500 uL 231 CM in 24 well plate for 24 hours.
Collect 500 uL conditioned media in 15 mL tube.
Dilute with 500 uL 231 CM. (1:2 dilution)
Assay Procedure:
Tips:
Equilibrate all materials and reagents to RT
Work all standards and samples in duplicate
To save supplies, run all samples at once so you only waste materials on one set of standards. 
Prepare samples and standards as previously described. Keep on ice.
Set up reaction wells in 96 well plate (clear plate)
Standard wells: add 25 uL of standards. Run in duplicate. 
Sample wells: Add 2-25 uL of sample. Adjust to 25 uL with buffer. Run in duplicate. 
2 uL of your 1:2 dilution of conditioned media should give you numbers in a good range. 
Sample background controls: Add 2-25 uL sample of one sample. Adjust to 25 uL with buffer. (These numbers of usually very stable. It’s just how much the media color impacts the reading. To save reagents, I would consider running with just 1 sample). 
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Prepare reaction mix
Prepare 50 uL of reaction mix for each reaction. Mix enough reagents for the number of assays. Prepare a master mix to ensure consistency. 
x uL * number of assays + 1 
	Components
	Reaction Mix (uL)
	Background Reaction Mix (uL)

	Lactate Assay Buffer
	23
	24

	Lactate Substrate Mix
	1
	1

	Lactate Enzyme Mix
	1
	0


Example calculations: 
NOTE: Reaction Mix calculations include running the standards in either single or duplicate as well. All calculations have a buffer of reagents for 1 extra reaction to account for pipet error. 
	
	Reaction Mix
	Background Reaction Mix (just run 1x to save reagents)

	
	Buffer (uL)
	Substrate (uL)
	Enzyme (uL)
	Buffer (uL)
	Substrate (uL)

	2 samples (singles) (x9)
	207
	9
	9
	24
	1

	2 samples (duplicates) (x17)
	391
	17
	17
	24
	1

	3 samples (singles) (x10)
	230
	10
	10
	24
	1

	3 samples (duplicate) (x19)
	437
	19
	19
	24
	1

	6 samples (singles) (x13)
	299
	13
	13
	24
	1

	6 samples (duplicates) (x25)
	575
	25
	25
	24
	1

	9 samples (singles) (x16)
	368
	16
	16
	24
	1

	9 samples (duplicates) (x31)
	713
	31
	31
	24
	1


Add 25 uL of reaction mix and 25 uL of background reaction mix to appropriate wells. 
Incubate 30 minutes at room temperature. 
Measure OD 450 nm. Stable for 4 hours. 

Data Analysis:
Transfer data to excel
Average all duplicate reading
Subtract absorbance from standard 1 from all other standards
Plot standard absorbance readings against lactate concentration. Linear fit.
Substrate background sample absorbance readings from sample readings. 
Using linear fit equation, calculate the amount of lactate in each well.
Calculate the lactate concentration in your sample based on dilutions. 
1:2 dilution
2 uL in 23 uL (1:12.5 dilution)


[bookmark: _Toc98254582]APPENDIX F: GIBSON ASSEMBLY TO GENERATE FUW-TG2 PLASMID

Plasmids
pHis-Tg2: https://www.addgene.org/100719/
FUW backbone: https://www.addgene.org/14882/ 

Designing Gibson PCR Primers
Used SnapGene on AFM computer
Modeled linearizing FUW backbone with XbaI and BamH1
Designed Gibson primers that overlap with both Tg2 fragment and FUW backbone
Forward: ggctgcaggtcgactatatggccgaggagctgg    
Reverse: ccctcgaggttaactgatcaattagtggtggtggtggtg
Used NEB calculator to calculate annealing temperature: http://tmcalculator.neb.com/#!/main 
ONLY input parts that bind to your desired fragment – NOT the backbone
Calculated annealing temperature = 64C

Gibson PCR
Dilute template DNA to10 ng/uL
Turn on T100 Thermal Cycler and start Phusion program. Once started, click ‘pause’. This allows the hid to pre-heat.
	Step
	Temp
	Time (s)
	Cycles

	Initial Denaturization
	98
	60
	1

	Denaturization
	98
	10
	30

	Annealing
	64
	30 
	30

	Extension
	72
	30
	30

	Final Extension
	72
	600
	1

	Hold
	4
	Forever
	











Mix PCR reaction tubes. 
**keep Phusion polymerase on yellow cold block and do not add to tubes until thermal cycler is heated up**
	1
	Nuclease-free Water
	32.5 uL

	2
	Template DNA 
(10 ng/uL)
	1 uL

	3
	Fprimer 10 uM
	2.5 uL

	4
	Rprimer 10 uM
	2.5 uL

	5
	dNTPs
	1 uL

	6
	Phusion 5X buffer
	10 uL

	7
	Phusion polymerase
	0.5 uL













Place tubes on Thermal Cycler  Start  run will take about 1 hr 10 min. 
Running a Gel:
While waiting for PCR to run, cast gel.
1.8 agarose + 60 mL TAE buffer.
Add 3 uL of 1 Kbp plus ladder to well 1
Add PCR product 5uL + 1 uL of loading dye to well 2
Add cut FUW vector 3 uL + 1 uL of loading dye to well 3
Run at 100 V for ~30 min

Gel Extraction:
If band is messy, you will need to do gel extraction
Rerun gel. Fuse together 5 lanes with tape so you get 1 large band.
Fill well with a lot of PCR product.
Run at 100 V until well separately.
Using UV block and face shield, cut out desired band using sharp razor. Place in pre-weighed 1.7 mL centrifuge tube. 
Ideally don’t want more than ~350 mg of gel per tube.
Follow wizard gel clean-up kit directions.

PCR Cleanup:
If bands on gel look good, use Wizard PCR/Gel Clean-Up Kit to clean-up the PCR product. 
Follow manufacturer directions. 
Takes ~20 minutes.
Measure concentration on nanodrop. 
Freeze at -20.

Gibson Assembly Calculations:
Tg2 Fragment: 115.56 ng/uL, 2132 bp
50 ng = 0.43 uL = ____ pmol DNA
pmol = (50 ng x 1000) / (2132 x 650 Da) = 50,000/127,920 = 0.39 pmol
100 ng = 0.865 uL = _____ pmol DNA
Pmol = (100 ng x 1000) / (2312 x 650 Da) = 100,000/127,920 = .781 pmol
FUW backbone: 135.645 ng/uL
50 ng = 0.369 uL
100 ng = 0.737 uL
Diluting FUW to 50 ng/uL  11.05 uL FUW + 18.95 uL water
50 ng = 1 uL = 0.083 pmol DNA
100 ng = 2 uL = 0.0171 pmol DNA
For the reaction: Need 100 ng template (FUW) and 5x that of insert. 
100 ng of FUW is 0.0171 pmol, so I need 0.85 pmol of Tg2 = 0.94 uL

Gibson Assembly:
Diluted cut FUW (135.645 ng/ul) to 50ng/uL (11.05uL of FUW to 28.95 uL of water)
Added 5.02 uL of water, 0.94 uL of Tg2 fragment (115.56 ng/uL), and 2 uL of FUW to a PCR tube.
	Ingredient
	100 ng template

	Water
	7.06 uL

	Tg2
	0.94 uL

	FUW
	2 uL

	Master Mix
	10 uL

	Total
	20 uL










Take MasterMix out of freezer, place on cold block.
Add 10uL MasterMix to tube.
Place on PCR machine incubating at 50 degrees for four hours.

Transformation:
Acquire 5 LB+Amp plates
Dilute FUW (1000ng/uL) uncut and FUW cut (50 ng/uL) both to 1 ng/uL.
Label 4 tubes: Tg2-FUW Gibson Assembly, Pos Ctrl, Neg Ctrl, Produc
Label a tube for Tg2-FUW Gibson product, filled with 15 uL water.
Remove Gibson product from PCR machine and added 5 uL to tube
Put 2 uL of uncut FUW into a tube labelled positive control
Put 2 uL of cut FUW into a tube labelled negative control
Put 2 uL of diluted Gibson product into a labelled tube
Thaw COMPETENT DH5alpha on ice immediately
Thaw SOC media on benchtop
Add 50 uL of bacteria to each of the three tubes, tap three times, and immediately put on ice.
Incubate 30 min on ice. MAKE SURE WATER BATH IS AT 42 DEGREES
At 30 min, heat shock at 42 degrees for exactly 45 seconds in special water bath. NO LONGER
Shove on ice for 2 min.
At 2 min, add 250 uL of SOC media.
Place on bacterial shaker for 1hr.
Warm three labelled plates in bacteria incubator.
At 1 hr, pipette mixture on to respective plate, let air dry, then place upside down in incubator (no shaker).
Check in 16 hr and remove plates from incubator

Colony PCR – grow up colonies with PCR and run on gel to see which ones are the correct length
Remove plate from bacterial incubator at 
Label 10 medium bacteria tubes and 10 PCR tubes
Aliquot 50 mL LB + 50 uL ampicillin (stored in -20C). Cover in foil.
Add 2 mL LB+amp to each bacterial tube. 
Prepare and aliquot mastermix into PCR tubes ON ICE
	
	1 reaction (20 uL each)
	12 reactions

	Nuclease Free Water
	8 uL
	96 uL

	10 uM Forward Primer (UbC)
	1 uL
	12 uL

	10 uM Rev Primer (WRE)
	1 uL
	12 uL

	DreamTaq or GoTaq Pol
	10 uL
	120 uL



Inoculate each PCR tube with a single colony each
Touch a pipette tip to a colony, dip it in the PCR tubes, eject it into a 17x100 mm culture tube filled with 2 mL LB+amp 
Run on thermocycler (WANT A HOT START)
	Step
	# cycles
	Time
	Temperature

	Initial denaturation
	1
	60s
	95C

	Denature
	25
	10s
	95C

	Anneal
	25
	30s
	Variable

	Extension
	25
	30s
	72C

	Final Extension
	1
	10 min
	72C

	Hold
	infinity
	infinity
	4C


Annealing temp = 5C below Gibson PCR (64-5 = 59)
Ran on gel with 1 kb plus ladder
3 uL ladder
5 uL PCR product
120V for 30 min
Add extra broth to best bands

Miniprep of Colonies
Remove bacterial tubes from incubator
Create bacterial stock from 500 uL bacteria and 500 uL 50% glycerol/DI water. Place in -80C
Spin down bacteria in 1.7 mL tube (1.4 mL at a time)
Reserve 100-300 uL for inoculation
Discard supernatant after spinning down
Add 250 uL resuspension buffer and break up pellet
Add 250 uL cell lysis buffer, invert 6-8 times, let sit until clear or 5 min (NO LONGER)
Add 10 uL of alkaline phosphatase, invert 10 times
Let set for 5 min at RT
Add 350 uL neutralization buffer. Spin max speed 5 min
Label final elution tube + columns
Place supernatant on column. Let sit 1 min, then spin max speed 30s. 
Discard flow through. Add 750 uL wash buffer. 30s spin.
Discard flow through. Add 250 uL wash buffer. 30s spin.
1 final empty spin. Diacard bottom and place column on new tube.
Warm elution water in microwave.
Add 50 uL water to column over new tube. Spin 1 min.
Add 30 uL water to column. Spin 2 min.
Nanodrop

Restriction Digest
Need 1 ug of DNA – calculate this based on nanodrop.
Follow restriction digest protocol.
Restriction digest of colonies 
Used ECoRI, XbaI, and KpnI
Inoculated large culture O/N (100 mL LB + 100 uL AMP + 100 uL #2 culture)
Midiprep 
Nanodrop
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